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1          INTRODUCTION 

 

Mitochondria are essential organelles for eukaryotic aerobic metabolism, involving 

respiratory chain, citric acid cycle and β-oxidation pathways. The principal function of 

mitochondria is to generate energy by coupling respiration to the synthesis of ATP during 

a process called oxidative phosphorylation (average daily turnover of ATP in human body 

exceeds 50 kg), but they are also involved in apoptosis, thermogenesis, homeostasis of 

reactive oxygen species and calcium. Mitochondria participate in information signaling, 

aging, regulation of body weight, glucose sensing by pancreatic beta cells and oxygen 

sensing (nearly in all cells via hypoxia-inducible factor activated through prolyl 

hydroxylase inhibition by mitochondrial H2O2). No doubt mitochondria play a central role 

in molecular physiology of the cell and their dysfunction is implicated in numerous 

pathophysiological states: atherosclerosis, hypertension, ischemia-reperfusion injury, 

inflammation, cystic fibrosis, cancer, diabetes mellitus II, Parkinson’s disease, 

Alzheimer’s disease, and other neurodegenerative diseases. 

 

Reactive oxygen species evolve as a by-product of oxidative metabolism, and 

mitochondria represent the major source of reactive oxygen species for the cell. Oxidative 

stress arises from surplus production of reactive oxygen species above the levels which are 

required for normal ROS homeostasis and signaling. As their name implies, reactive 

oxygen species readily attack ambient biomolecules including DNA, proteins, and lipids. 

In healthy cells, excessive harmful ROS are decomposed by protective antioxidant 

systems. Nevertheless, oxidative damage slowly but steadily accumulates over the years in 

a process known as aging, eventually resulting in a pathological condition. 

 

The significance of mitochondrial uncoupling proteins (UCPs) lies in their ability to 

affect energetic status of mitochondria and as was shown in our laboratory, to attenuate 

mitochondrial production of reactive oxygen species even those generated by Complex I. 

Fatty acid hydroperoxides may be the key elements of ROS-sensing signal pathways, 

acting as cycling substrates of uncoupling proteins during the feedback inhibition of 

lipoperoxidation.  
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The purpose of this work was to study the relationship between the mechanisms of 

reactive oxygen species homeostasis and uncoupling in the context of mitochondrially 

related physiology and pathology. 

 

The thesis encompasses four different selected aims in order to elucidate: 

 

  The Inhibition of Mitochondrial Complex I Proton Pumping 

 

 The Mechanism of Action of Mitochondrial Matrix-targeted Ubiquinone 

 MitoQ10 

 

 Mitochondrial Phospholipase iPLA2-Dependent Regulation of Uncoupling 

 Protein UCP2 

 

  The Elevation of State 4 Respiration upon Adaptation to Physiological Normoxia 

  

 

 

The above color coding will be used throughout the text for better orientation. 
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2          BACKGROUND 

 

2.1          Mitochondria and Reactive Oxygen 

Species 
 

Reactive oxygen species (ROS) are an inevitable by-product of aerobic metabolism 

in living organisms. The major source of ROS in cells are ultimately mitochondria [4]. 

Complex I and Complex III of the mitochondrial respiratory chain (Fig. 1, page 7,       

Table 1) are considered by some authors to be the main sources of superoxide (O2
●-) and 

other downstream ROS in most cells [5–7]. In vitro assays have determined that up to 2%         

(it could be less in vivo) of oxygen consumed by the mitochondrial respiratory chain 

undergoes successive monoelectronic reduction by the quinonoid or flavonoid electron 

carriers leading to constitutive production of reactive intermediates with odd electrons, 

such as superoxide anion radicals O2
●- (Eq. 1) [4, 8–9].  

  

O2 + Q●-  �  O2
●- + Q                           (Eq. 1) 

 

TABLE 1 Main sources of mitochondrially-located superoxide production.a 

Enzyme location orientation 

Complex I inner membrane matrix 

Complex II inner membrane matrix 

Complex III inner membrane matrix and IMS 

Dihidroorotate dehydrogenase matrix matrix 

Electron-transfer flavoprotein matrix matrix 

ETF:ubiquinone oxidoreductase matrix matrix 

Glycerol-3-phosphate dehydrogenase inner membrane intermembrane space 

α-Ketoglutarate dehydrogenase matrix matrix 

Monoamine oxidase outer membrane intermembrane space 

aCompiled from [4, 10]. 
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Superoxide is not reactive per se, but its conjugated acid, arising in ~ 1% from O2
●-, 

the hydroperoxyl radical (HO2
●) causes mitochondrial DNA mutations, protein damage, 

and initiates lipid peroxidation [4, 12], see Fig. 2 (page 9). Oxidative damage can be 

prevented by the protective action of various enzymatic antioxidant mechanisms. 

Superoxide dismutase (MnSOD in the matrix, CuZnSOD in the cytosol and the 

mitochondrial intramembrane space) converts superoxide into hydrogen peroxide (H2O2), 

see Eq. 2. 

 

2O2
●- + 2H+  

�  H2O2
 + O2                          (Eq. 2) 

 

Superoxide dismutation product, H2O2 can be decomposed to H2O in a reaction that 

converts reduced glutathione (GSH) to oxidized glutathione (GSSG), catalyzed by 

glutathione peroxidase (GPX) in the mitochondrial matrix (Fig. 2, page 9) as well as in the 

cytosol [5, 13–14], see Eq. 3. 

 

H2O2 + 2 GSH  
�  2 H2O

 + GSSG                         (Eq. 3) 

 

Alternatively, H2O2 can be disproportionated to H2O by the action of catalase in 

peroxisomes or in heart mitochondria [5]. By means of these detoxifying systems, ROS are 

maintained at optimum physiological levels, but also elevated in pulses, to fulfil specific 

signaling roles [15–16]. An important example of signaling involving ROS is apoptosis 

[17]. Another example is HIF1α stabilization via H2O2-mediated inhibition of prolyl 

hydroxylases (converting their cofactor Fe2+ to Fe3+) when oxygen sensing proceeds 

within the electron transport on the respiratory chain Complex III and burst of superoxide 

is released at Qo site of Complex III [18]. However, under severe oxidative or xenobiotic 

stress, certain fraction of H2O2 escapes the above-mentioned guarding mechanisms, by 

undergoing Fenton reaction with free Fe2+ (or other transient metals), and forms the most 

reactive species, the hydroxyl radical (●OH) [19], see Eq. 4. 

 

Fe2+ + H2O2  �  Fe3+ + ●OH + OH-
                         (Eq. 4) 

 

Hydroxyl radical evokes additional mtDNA damage, protein modifications and lipid 

peroxidation in the very proximal sites (Fig. 2, page 9). 
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FIGURE 2  Proposed sources of superoxide and its immediate distribution in 

downstream reactions of mitochondria and respiratory chain. Adopted from [4]. 

 

Oxidative stress is a consequence of dysbalance of ROS homeostasis given either by 

their overproduction or by dysfunction of detoxifying antioxidant defense mechanims, or 

by both. Oxidative damage may be caused to electron transfer components, or their 

encoding mtDNA segments, resulting in higher O2
●- leak. In this way, oxidative stress is 

propagated in new rounds of vicious cycle [4, 20–22]. Perpetual accumulation of cellular 

oxidative damage is linked with aging [23–25] and oxidative stress-related diseases such 

as atherosclerosis [26], hypertension, inflammation, cystic fibrosis, cancer, diabetes 

mellitus II [27], cardiovascular [28] and liver [29] diseases, or Parkinson's and Alzheimer's 

neurodegenerative diseases, etc. [30–34].  

 

Oxidized mtDNA bases, such as 8-oxoguanine and FapyG (the two most frequent 

ones), are formed with the frequency of 100 – 500 per day and in spite of the mtDNA 

repair mechanisms, a pool ends up as mtDNA mutations [35]. This is due to the poor 

intermembrane 
space 

matrix 

cytosol 
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proof-reading activity of mitochondrial DNA polymerase γ which inserts adenine instead 

of guanine with the frequency of 27%. Accumulation of either inherited mutations (carried 

over through the purifying bottleneck effect during the maturation of mother's egg cells) or 

those superimposed due to the mtDNA oxidative modifications over a certain threshold is 

indeed lethal, as proven by numerous mitopathies [36–37]. Mutations in the tRNA and 

rRNA mitochondrial genes cause the overall impairment of mtDNA expression, while 

mutations in the mitochondria-coded protein subunits are even more deleterious, leading to 

diseases and cell death [36], see Fig. 3. 

 

 
 

FIGURE 3  The human mitochondrial genome. Mitochondrial genome consists of 

numerous copies of small circular DNA molecules, each encoding 13 proteins of 

respiratory chain and oxidative phosphorylation complexes, blue: 7 subunits (ND1–6, 

ND4L) of Complex I; green: cytochrome b (cyt b) subunit of Complex III; yellow:      

3 subunits (CO1–3) of Complex IV (cytochrome c oxidase); red: 2 subunits (A6 and 

A8) of Complex V (ATP-synthase). In addition, mtDNA contains genes for 22 tRNAs 

(indicated by letter symbols) and orange: 2 rRNAs (12S, 16S), gray: non-coding region 

(NCR). Adopted from [38]. 
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It is generally accepted that slow electron transport leads to prolonged half-life of 

ubisemiquinone species which are in turn more prone to donate electron to O2 in the 

reaction of O2
●− formation [4, 39–42], see Eq. 1 (page 6). The rate of electron transport 

through the respiratory chain is influenced by the proton motive force ∆p (electrochemical 

membrane proton gradient expressed in mV), which is postulated in general bioenergetics 

as the sum of electrical potential difference ∆Ψm (membrane potential) and chemical 

concentration difference ∆pH (pH gradient) connected with the spatial distribution of 

protons (H+) across the inner mitochondrial membrane, see Eq. 5. 

 

 ∆p = ∆Ψm - 60∆pH at 30 oC (in mV)                           (Eq. 5) 

 

Therefore, superoxide production can be limited by attenuating the magnitude of the 

membrane potential (∆Ψm) so that the accelerated electron flow does not allow superoxide 

to be generated [43]. Uncoupling, defined as the dissipation of ∆p, can be achieved by the 

action of uncoupling protein or ATP synthase (Complex V) [4]. However, in coupled 

mitochondria, the rate of ATP synthase activity is subject to feedback inhibition exerted by 

the ATP produced, slowing down electron flow within the mitochondrial respiratory chain 

in a process called respiratory control [50–51]. In this view, uncoupling virtually 

represents a shortcircuit in the respiratory control [4, 52]. A mild uncoupling of oxidative 

phosphorylation, during which ATP synthesis is largely unaffected, may be accomplished 

by the action of UCP2 which reportedly plays a role in the suppression of ROS production 

[43–49]. On the contrary, high number of non-phosphorylating and coupled mitochondria 

means increased generation of O2
●- for the cell [4]. Other sources report attenuation of 

Complex I-derived O2
●− production with the decreasing ∆pH component of the proton 

motive force in skeletal muscle mitochondria [40, 53]. 

 

Complex III (ubiquinol:cytochrome c oxidoreductase, also termed cytochrome bc1 

complex) is an efficient producer of O2
●− as well. In contrast to Complex I, which delivers 

its entire O2
●− production into the matrix side of the inner mitochondrial membrane        

[43, 54], Complex III-mediated O2
●− production arising from so-called Qi site and Qo site 

is targeted to both matrix and cytosolic sides, respectively [55]. ROS coming from 

Complex III are subject to modulation by membrane potential as well, as can be 
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documented by a 55% H2O2 production decrease upon a 10% ∆Ψm drop in rat heart 

mitochondria [56–57]. 

 

It has been reported that significant fraction of  O2
●- produced by Complex I may 

originate from Complex II-linked substrates (in the absence of rotenone) through the 

increased intensity of reverse electron transport (RET) slowing down the net electron flux 

within the respiratory chain [4, 49, 58–59], especially under conditions when oxygen       

O2 levels become low [60]. It has been shown that involvement of RET in generation of     

O2
●− by Complex I is amenable to down-regulation by uncoupling or ATP synthase as in 

the case of forward electron transport [4, 43]. Nevertheless, the existence of RET in vivo is 

a matter of ongoing scientific debate [4]. 

 

Despite the fact that oxidative stress of mitochondrial origin, e.g. elevated 

mitochondrial superoxide (O2
●-) production, exceeds other ROS sources, such as     

NADPH oxidase, xanthine oxidase, lipoxygenase, cyclooxygenase, or cytochrome P450 

enzymes [4], one must not forget about reactive nitrogen species (RNS) and nitrosative 

stress. The major sources of RNS are three types of NO synthases (neuronal, inducible, 

and endothelial) giving rise to nitric oxide (●NO) [61]. The most invasive types of ROS 

and RNS are membrane permeable, particularly H2O2, nitric oxide (●NO), hydroperoxyl 

radical (HO2
●), and hydroxyl radical (●OH) [62]. The latter two and peroxynitrite   

(ONOO-) are able to initiate lipoperoxidation, see below [45]. Peroxynitrite is formed from 

nitric oxide in reaction with O2
●- and has been implicated in various signaling pathways 

and related diseases, prominently of cardiovascular origin [63]. Nitric oxide inhibits 

mitochondrial cytochrome c oxidase (Complex IV) in an oxygen-dependent manner     

[64–65]. This can lead to increased O2
●- production because of the obstructed electron 

transport in the respiratory chain [4]. Inhibition of mitochondrial respiration by nitric 

oxide was also accounted to have preventing effects in stabilization of hypoxia-inducible 

transcription factor at low concentrations of O2 [66]. Recently, a cardinal role of 

mitochondrial nitric oxide synthase (NOS) initiated by insulin signaling has been ascribed 

[67], predicting an instant transient respiration inhibition by ●NO upon insulin stimulation 

in skeletal muscle. Dysfunction of such a signaling, leading to progressive oxidative and 

nitrosative stress, could lead to type-2 diabetes. 
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Enzymatic lipoperoxidation involves cyclooxygenases and lipoxygenases,            

i.e. dioxygenases specific for unsaturated fatty acids, which were reportedly implicated in 

the regulation of many physiological processes including inflammation [68] and apoptosis, 

respectively [69–70]. Non-enzymatic radical-dependent lipoperoxidation occurs within 

both, the inner and outer mitochondrial membranes [71–72], preferentially affecting 

polyunsaturated acids (PUFAs), and proceeding through carbon-centered radical  

intermediates (RC●R) [73], see Fig. 4.  Oxidation by O2 yields reactive peroxyl radicals 

(ROO●) which propagate peroxidation by reacting with nearby fatty acids (FAs) and 

phospholipid fatty acyl side chains, producing polyunsaturated fatty acid hydroperoxides 

(PUFAOOH) and phospholipid hydroperoxides (PLOOH), respectively [74]. Furthermore, 

in anology to hydroxyl radicals (●OH), see Eq. 4 (page 8), alkoxyradicals (RO●) might 

arise via Fe2+-dependent Fenton chemistry [73]. Mitochondrial phospholipase A2 

(mtPLA2) cleaves fatty acids or fatty acid hydroperoxides (FAOOH) from the 

corresponding lipid derivatives at any stage of the lipid peroxidation mechanism, thus 

initiating the signaling function of these bioactive lipid second messengers [75], see 

chapter 2.4 (page 21).  

 

FIGURE 4  Reaction scheme for non-enzymatic lipoperoxidation of linoleic acid. 

Adopted from [71]. 
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2.2          NADH:ubiquinone Oxidoreductase 

 

Proton pumping NADH:ubiquinone oxidoreductase, also termed Complex I or 

NADH dehydrogenase, is the largest enzyme complex of the mitochondrial respiratory 

chain [76–79]. It belongs to the largest membrane-bound multiprotein assemblies [80]. 

The principal function of Complex I is to mediate electron transfer from NADH-linked 

substrates to ubiquinone (oxidized form of coenzyme Q) together with the concomitant 

vectorial proton transport across the inner mitochondrial membrane from the matrix side 

into the intermembrane space, see Eq. 6. 

 

NADH + Q + H+ + n H+
in  �  NAD+ + QH2 + n H+

out              n = 4                (Eq. 6) 

 

Complex I is a massive L-shaped machinery of 46 subunits embedded in the inner 

mitochondrial membrane, of which 7 most hydrophobic subunits are encoded by the 

mitochondrial genome (ND1–6, ND4L) [80]. It consists of a matrix-exposed hydrophilic 

peripheral arm harboring an array of redox active prosthetic groups to promote electron 

transfer and a hydrophobic membrane arm with a number of sites acting as proton pumps. 

Electrons transferred during the dehydrogenase reaction between NADH at the distal end 

of the peripheral domain and ubiquinone in the groove of the connecting region between 

both the domains provide energy to propel proton translocation with a 4H+/2e
- 

stoichiometry [76, 81]. A whole repertoire of Complex I-specific inhibiors have been 

discovered up to now [82–87]. Byproduct formation of superoxide anion radicals O2
●- is 

an inevitable process during the Complex I-dependent oxidative metabolism. Furthermore, 

retarded electron transport, e.g. by means of Complex I inhibitors [40], leads to higher 

intensity of O2
●− production [4]. However, the consensus view predicts that in all cases 

Complex I-derived O2
●− is exclusively released into the mitochondrial matrix [43, 54]. 

 

Electron transfer pathway of the peripheral arm incorporates the NADH+-binding 

site (flavin binding site), noncovalently bound flavin mononucleotide (FMN), eight or nine 

iron-sulfur clusters (denoted N1a–c, N2–5, N6a–b), and the quinone-binding site (Q-site) 

[88]. Seven of the Fe-S clusters are predicted to be linearly arranged to constitute an 

electron transfer chain between NADH and ubiquinone [80], see Fig. 5 (page 15). 
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FIGURE 5  The model of Complex I in E. coli. The arrangement of iron-sulfur 

clusters is based on X-ray crystal structure of T. thermophilus Complex I peripheral 

arm. Adopted from [89]. 

 

According the nomenclature for human Complex I the seven peripheral arm central 

subunits are formed by NDUFS1 (housing N4, N5, N1b, and N1c Fe-S clusters), 

NDUFS2–3, NDUFV1 (N3 Fe-S cluster and FMN), NDUFV2 (N1a) and NDUFS8/TYKY 

(N6a and N6b), and NDUFS7/PSST (N2) plus eight accessory subunits [80], see Table 2 

(page 16). According to Hirst et al.,  certain ambiguity exists in assignment of the N4 and 

N5 Fe-S cluster locations to characteristic signals in EPR spectra analysis [90]. The 

membrane arm consists of the central subunits ND1 to ND6, and ND4L (mtDNA-coded) 

and up to 24 accessory subunits. Subunits ND2, ND4, and ND5 are predicted to mediate 

H+-pumping [91], see Table 2 (page 16). Unlike for bacterial NADH:ubiquinone 

periplasm

cytoplasm 
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oxidoreductase peripheral domain [92–94] and membrane domain [95], a high-resolution 

X-ray crystal structure has not been resolved yet for the mammalian Complex I. 

 

TABLE 2 Nomenclature of selected subunits for mitochondrial and bacterial 

Complex I. a 

Mitochondria 

Escherichia coli and 

Rhodobacter 

capsulatus 

Paracoccus 

denitrificans and 

Thermus 

thermophilus 

Cofactors and/or 

proposed functions 

Peripheral domain

 
   

NDUFS1 NuoG Nqo3 N1b, N1c, N4, N5 

NDUFV1 NuoF Nqo1 NADH, FMN, N3 

NDUFV2 NuoE Nqo2 N1a 

Connecting region

 
   

NDUFS7/PSST NuoB Nqo6 N2, Q-site 

NDUFS8/TYKY NuoI Nqo9 N6a, N6b 

NDUFS3 NuoC Nqo5 – 

NDUFS2 NuoD Nqo4 Q-site 

Membrane domain

 
   

ND1 NuoH Nqo8 – 

ND2 NuoN Nqo14 H+-pumping 

ND3 NuoA Nqo7 – 

ND4 NuoM Nqo13 H+-pumping 

ND4L NuoK Nqo11 – 

ND5 NuoL Nqo12 H+-pumping 

ND6 NuoJ Nqo10 – 

aCompiled from [96–97]. 
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A conclusive mechanism for O2
●− generation by Complex I is still missing. The 

following locations were suggested as the potential sources of O2
●− origin: iron-sulfur 

clusters N1a [98] and N2 [99], the flavin molecule FMN [59, 100–101], and most 

importanly a semiquinone radical [40, 102–104]. The latter is likely to represent a       

CoQ-binding site in the immediate vicinity of rotenone-binding site of the peripheral 

Complex I domain [79–80, 105–106]. 

 

Phylogenetic analysis provided a considerable aid in the assignment of H+-pumping 

activity to respective subunits of Complex I. Central subunits ND2, ND4, and ND5 of the 

membrane arm have probably evolved from subunits of bacterial Na+/H+ antiporters      

[80, 91]. Close sequence identity was shown between the mammalian ND5 subunit of the 

membrane domain and the MnhA subunit of bacterial Na+/H+ antiporters [107–108]. 

Furthermore, functional Na+-pumping activity was linked with the NuoL subunit of 

Escherichia coli NADH dehydrogenase, again pointing to close relationship with the 

mammalian ND5 subunit (Table 2, page 16) [109]. NuoL-mediated Na+-pumping was 

inhibitable by 5-(N-ethyl-N-isopropyl)amiloride (EIPA) [109], see Fig 6, which is a 

hydrophobic compound known as a specific inhibitor of Na+/H+ exchangers [108]. The 

same group has also shown non-competitive inhibition of NADH-quinone reductase 

activity by EIPA [108] and the prevention of ND5 photoaffinity labeling by fenpyroximate 

in the presence of EIPA [110]. No direct confirmation for EIPA affecting mammalian 

Complex I H+-pumping has been presented till date. 

 

 

 

FIGURE 6  Chemical structure of 5-(N-ethyl-N-isopropyl)amiloride (EIPA). 
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The mechanism by which electron transfer is coupled to the accompanying          

H+-pumping activity is supposed to utilize long-range redox energy-linked conformational 

changes  [80, 94, 105] arising in the vicinity of NDUFS7/PSST subunit of the connecting 

region (Table 2, page 16). The NDUFS7/PSST subunit shelters redox center N2, which is 

the terminal Fe-S cluster of the electron transfer sequence (Fig. 5, page 15) [80, 106]. 

Redox energy transfer within the peripheral arm is the driving force for proton pumps at 

the distal part of the membrane domain, i.e. purported H+-translocating activity of  

subunits ND2, ND4, and/or ND5 [80, 94, 105]. In addition to Complex I, H+-pumping 

sites are localized on Complex III and Complex IV of the respiratory chain [111]. 

 

Pathophysiology associated with oxidative damage to the ND5 Complex I 

mitochondrial gene of the presumed H+-pumping subunit, can be illustrated on the 

following examples: Leber’s hereditary optic neuropathy, Leigh syndrome, mitochondrial 

encephalopathy lactic acidosis stroke-like episodes (MELAS) [112–113], and Parkinson’s 

disease [37]. These mitopathies may be lethal, under conditions of severe and/or chronic 

oxidative stress, which is accumulated over time in a vicious cycle [37, 112–116]. 

 

2.3    Mitochondrial Matrix-targeted Ubiquinone 

MitoQ10 

 

Oxidative stress can be counteracted by a variety of antioxidants. The best results in 

preventing or curing pathological states are achieved when there is a means of transporting 

and/or targeting bioactive compounds to the center of the progressing disease. Due to their 

directed accumulation, mitochondria-targeted antioxidants derived from MitoQ10 seem to 

be promising tools in treating oxidative stress and the related pathology of the cell. 

MitoQ10 resembles coenzyme Q but is conjugated via a hydrocarbon chain to a 

triphenylphosphonium moiety. The lipophilic cation forms an anchor which causes 

MitoQ10 molecules to gather inside the matrix side of the inner mitochondrial membrane in 

actively respiring mitochondria when the proton motive force ∆p is high [117–122], see 

Fig. 7 (page 19). Oral administration of MitoQ10 is under investigation in connection with 

hepatitis C virus infection [122]. 
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FIGURE 7  Chemical structures of MitoQ10 and coenzyme Q10. 

 

Despite the confirmation of antioxidant MitoQ10 effects in vivo, several groups have 

reported significant pro-oxidant properties of MitoQ10 [118–126]. MitoQ10 was shown to 

increase H2O2 production in mitochondria isolated from endothelial cells [123, 125]. In 

contrast to coenzyme Q10, MitoQ10 stimulated increase in ROS production by Complex I 

in isolated mitochondria [123]. The mechanism of pro-oxidant action of MitoQ10 could be 

explained on the basis of its potential redox cycling effect giving rise to high levels of  

O2
●-, as was shown in vitro experiments with flavin-containing cytochrome P450 reductase 

[123]. According to the literature, MitoQ10 has a high affinity for binding to       

ubiquinone-binding site on Complex II [127], whereas binding sites of Complex I and 

Complex III are not accessible for MitoQ10 [127–131]. The precise mechanism of MitoQ10 

action and the conditions for its pro-oxidant and anti-oxidant effects remain to be 

elucidated. Plecitá-Hlavatá et al. have shown that MitoQ10 attenuates rotenone-induced 

matrix-released surplus O2
●- production of HepG2 cells (means O2

●- production 

unconsumed by MnSOD) [2]. This attenuation was observed even when H+-pumping had 

been inhibited by EIPA, see Fig. 8 (page 20). 
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FIGURE 8 Superoxide release to the mitochondrial matrix of GLC25 and 

OXPHOS HepG2 cells. Superoxide release to mitochondrial matrix, representing the 

fraction not neutralized by MnSOD, was calculated from MitoSOX Red fluorescence 

acquired by confocal microscopy for        black bars: GLC25 cells, relying mostly on 

glycolysis;      hatched bars: OXPHOS cells, forced to oxidative phosphorylation. 

Rates are normalized to rotenone (taken as 100%). Adopted from [2]. 
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2.4    Mitochondrial Phospholipase A2 

 

Mitochondial phospholipases (mtPLAs) are low-molecular weight enzymes 

catalyzing the hydrolysis of membrane-anchored glycerophospholipids with specificity 

similar to their cytosolic counterparts: cleavage of acyl ester bonds between the resulting 

fatty acyl sn-1 (phospholipase A1) and/or sn-2 (phospholipase A2) side chains and the 

resulting lysophospholipid moiety, and phosphodiester bonds between diacylglycerol and 

phosphate-containing alcohol (phospholipase C) or between phosphatidic acid and the 

resulting alcohol (phospholipase D), see Fig. 9. Unlike the classic pancreatic 

phospholipase A2 (PLA2) [132], which plays a metabolic role in the digestion of dietary 

lipids, mitochondrial phospholipases act at the beginning of physiologicaly-relevant 

signaling pathways releasing lipids as secondary messengers to initiating diverse 

downstream responses [71–75]. 

 

 

 

FIGURE 9  Substrate specificity of phospholipase A2. 

 

In relation to safeguarding mechanisms against oxidative stress, the focus has been 

drawn to phospholipase A2 (PLA2) which preferentially cleaves FAOOH from 

phospholipid hydroperoxides (PLOOHs) [133]. The significance of protective action of 

PLA2 against oxidative damage to mitochondrial membrane lipids is highly recognized 

since the sn-2 position of glycerophospholipids is mainly occupied by unsaturated fatty 

acids, such as arachidonic or oleic acid, which are more prone to lipid peroxidation 

initiated namely by hydroperoxyl radical (HO2
●), hydroxyl radical (●OH), nitric oxide 

(●NO), and peroxynitrite (ONOO-) than saturated fatty acids [134].  
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Phospholipases are supposed to be implicated in lipoperoxidation associated with 

signaling [45]. Any minute production of the most reactive ROS such as hydroperoxyl 

radical (HO2
●), hydroxyl radical (●OH), or peroxynitrite (ONOO-) ultimately leads to 

lipoperoxidation [62]. Since lipid peroxidation is a chain reaction reaching at least up to         

~ 15 turns, a single ROS species is propagated into a high number of FAOOH molecules 

and other lipoperoxidation species [71]. Products of lipid peroxidation, such as 

phospholipid hydroperoxides (PLOOH), are substrates for phospholipases yielding free 

fatty acid hydroperoxides (FAOOH). All PLA2 isoforms have the ability to cleave fatty 

acid hydroperoxide moieties from the phospholipid backbone. It has been shown in our 

laboratory that polyunsaturated fatty acids (PUFAs) are potent cycling substrates for UCP2 

reconstituted into liposomes [135] or into bilayer lipid membranes (BLMs) [136]. 

Analogously, fatty acid hydroperoxides (FAOOH) were shown to induce protonophoric 

UCP2-dependent activity [45]. The appreciation that uncoupling protein may attenuate 

ROS production completes the mosaic suggesting a potential feedback regulatory loop. 

Hence, feedback down-regulation circuit to attenuate reactive oxygen species of 

mitochondrial origin could involve UCP2-mediated uncoupling with FAOOHs acting as 

the cycling substrates [45, 137–138]. 

 

Parallel to their recognized phospholipid membrane repair function,   

phospholipases A2 were proposed to participate in lipid homeostasis, signal transduction, 

[139] and inflammatory response. The latter is mediated by PLA2 after the cleavage of 

arachidonic acid which is then available for the synthesis of eicosanoids and            

platelet-activating factors [140–143]. Examples of clinical manifestations associated with 

eicosanoid metabolism include inflammation, cancer, allergy, asthma, thrombosis,                    

ischemia-reperfusion, rheumatoid arthritis and autoimmune disorders. [144–145]. 

 

The PLA2 superfamily consist of 15 separate groups [146]. The most general 

classification used takes into account localization and the requirement for calcium [147]. 

Secretory phospholipases A2 (sPLA2) require millimolar levels of Ca2+ for their function, 

have a low molecular weight (12 – 18 kDa), and are released from cells where they 

regulate inflammation and other immune responses [148]. Secretory phospholipases A2 are 

characterized by the lack of specificity for arachidonic acid-containing phospholipids at 

the sn-2 position. Increased sPLA2 levels have been correlated with high risk of 
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cardiovascular diseases. Therefore, secretory phospholipases are being investigated as 

potential therapeutic targets [149–151]. As a secretory phospholipase A2 (sPLA2) has been 

ascribed the phospholipase A2 described by Broekemeier et al. using immunoblots with 

anti-iPLA2 antibodies [75]. As its name implies, this isoform is Ca2+-independent. 

 

Cytosolic phospholipases A2 have a higher molecular weight (39 – 110 kDa), and 

share an increased specificity for arachidonic acid at the sn-2 position of the phospholipid 

backbone allowing for the synthesis of eicosanoids. Generally, these can be divided into 

two groups, the Ca2
+-dependent (cPLA2), and calcium-independent phospholipases 

(iPLA2) [152]. In addition, different subgroups are defined within each group, depending 

on respective inhibitor sensitivity profiles, denoted by Greek alphabet symbols [147].  

 

Regardless of the fact that subgroup classification does not refine isoforms 

originating from different organelles (i.e. mitochondria, endoplasmic reticulum, and Gogli 

apparatus), members of the cPLA2γ, iPLA2β, iPLA2γ subgroups were localized to 

mitochondria in a variety of tissues [152]. Despite being classified as the cytosolic      

Ca2+-dependent cPLA phospholipase, cPLA2γ, is rather thought to be functioning 

independently of calcium. This isoform is anchored to membranes of various organelles 

including mitochondria [153], perhaps through farnesylation or palmitoylation [154].       

A calcium-independent splice variant of iPLA2β has been identified to associate with 

membranes as well [155]. More importantly, the iPLA2γ subgroup appears to be 

exclusively membrane bound with one of the isoforms localized to rat heart mitochondria 

[139]. In heart, the function of iPLA2 was shown to be involved in preserving membrane 

function and dynamic integrity, bioenergetic status of the cell, and signaling [156–157]. 

Functional iPLA2γ knock-out mice showed reduced growth rate, stamina, intolerance to 

cold, increased sensitivity to cardiac stress and the loss of myocardial cardiolipin content 

[158]. A membrane-repair role was ascribed to mitochondrial iPLA2 also in kidney cells 

[152]. 

 

In experiments, bromoenol lactone (BEL), arachidonyltrifluoromethyl ketone 

(AACOCF3), methyl arachidonyl fluorophosphonate (MAFP), mepacrine, dithiothreitol, 

just to note a few, were commonly used as inhibitors specific in particular for 

phospholipase A2 activity [75]. Tert-butyl hydroperoxide (TBHP) was employed as the 
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stimulant of arachidonic acid release from membrane phospholipids in a PLA2-dependent 

manner [159]. A specific inhibitor for phospholipase βiPLA2 and γiPLA2-dependent 

activity is considered to be bromoenol lactone [143]. 

 

In summary, mitochondria have been reportedly shown to contain both,             

Ca2+-insensitive isoform of PLA2 [74–75] and Ca2+-dependent PLA2 isoform [160]. 

Mitochondrial phospholipases were reportedly described to be activated by superoxide or 

downstream ROS [161–162]. The first discovered Ca2+-dependent mtPLA2 is insensitive 

to arachidonyltrifluoromethyl ketone (AACOCF3), inhibitor specific for cPLA2 [163], and 

was reported to be activated by O2
●− with more pronounced effect upon peroxynitrite 

(ONOO-) inhibition of Complex III [160].  

 

The presence of iPLA2 phospholipase in rat lung mitochondria was shown in our 

laboratory on Western blots after the purification of the mitochondrial fraction by Percoll 

density gradient [164], see Fig. 10 (page 25). 
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FIGURE 10  The presence of iPLA2 in rat lung mitochondria, as demonstrated by 

immunoblot analysis. Lanes are shown for the following conditions from left to right: 

rainbow standards (STD), mitochondrial fraction (mito), mitochondria purified by 

Percoll density gradient (Percol), cytosolic fraction (cytosol), and recombinant 14 kDa 

PLA2 protein (Sigma). The effectiveness of the purification step by Percoll density 

gradient is substantiated by green arrow: the presence of mitochondrial iPLA2; and   

red arrow: the absence of cytosolic iPLA2. Equal amounts of mitochondrial and 

cytosolic proteins (25 µg) were separated by SDS-PAGE and transferred to PVDF 

membranes. Membranes were incubated with anti-iPLA2 antibodies (Abcam) at a 

dilution 1 to 500. Bound antibodies were visualized by alkaline phosphatase-

conjugated antiIgG antibodies and BCIP/NBT. Adopted from unpublished results of 

Mgr. Michal Růžička, Ph.D. 
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2.5    Mitochondrial Uncoupling Protein 2 
 

The ubiquitous mitochondrial uncoupling protein 2 is a homologue of the 

thermogenic, brown adipose tissue-specific uncoupling protein 1 (UCP1) [165]. Together 

with skeletal muscle-specific UCP3 [166] and brain-specific UCP4 and UCP5 [167–168] 

they form a distinct subfamily within the gene family of anion carriers [3]. Moreover, the 

plant uncoupling protein (PUMP) has been found in a variety of species [169–170]. All 

mitochondrial uncoupling proteins are transmembrane proteins of the inner mitochondrial 

membrane and catalyze fatty acid-dependent backflux of H+ into the matrix, thus 

dissipating the proton motive force of the proton gradient accross the membrane         

[171–172]. It has been predicted that even a slight increase in the H+ backflux into the 

mitochondrial matrix might lead to significant suppression of ROS formation [173]. 

 

UCP2 mRNA has been ubiquitously found in all mammalian tissues including 

skeletal muscle, heart, lung, kidney, liver, brown and white adipose tissue, spleen, thymus, 

placenta, and in the cells of immune system – lymphocytes, monocytes and macrophages 

[174–176]. Nevertheless, UCP2 is present at one or two order of magnitude lower 

abundance than UCP1 [135, 177], suggesting that UCP2-mediated uncoupling is not 

significantly thermogenic.  

 

The physiological role of UCP2 is not definitely understood. UCP2 might 

participate in body weight and energy balance regulation due to a weak uncoupling 

accumulated over time, in apoptosis initiation [178–179] and the involved signal 

transduction pathways, in regulation of glucose-stimulated insulin secretion (GSIS) [180] 

and Ca2+ homeostasis [181], or most significantly, in attenuation of mitochondrial 

production of reactive oxygen species [47, 182–185], see Fig. 11 (page 27).  
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FIGURE 11  Feedback down-regulation of superoxide by uncoupling proteins. 

Adopted from [165]. 

 

Mice lacking ucp2 gene are not obese and have a normal response to cold exposure 

or high-fat diet [44]. However, the details of their phenotype are significantly different 

with the regard to ROS production [44] and beta cell insulin secretion [186–187], 

confirming the implication of UCP2 in ROS-related pathologies and diabetes mellitus II, 

respectively. The role of UCP2 in preventing oxidative stress can be also deduced from its 

increased expression in response to elevated mitochondrial oxidative damage [188]. 

Decrease in ROS or lipoperoxidation not only in mitochondria, but within the cell cytosol 

or even in the extracellular space may result also from a mild uncoupling [189–191]. For 

example, UCP2-mediated uncoupling in endothelial cells was able to attenuate 

extracellular ROS in coincubated low-density lipoproteins [189]. Moreover, UCP2 has 

also been implicated in preventing oxidative damage after experimental stroke and 

neurodegeneration [189] or having an antioxidant role in the liver [46, 48].  

 

Not much information is available on molecular properties of UCP2 itself. It is 

usually assumed that UCP2 has identical properties to UCP1. Reconstitution studies have 
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shown some similarities, such as the essential requirement for fatty acids (FAs) to provide 

uncoupling [192], fatty acid cycling mechanism plausible for all UCPs, and inhibition by 

ATP, GDP and other purine nucleotides [45, 172, 182, 193]. Nevertheless, more aspects of 

UCP2 molecular phenotype has to be resolved yet. In the fatty acid cycling model, UCP2 

is regarded as the transporter for FA anion substrates [135]. It has been shown in our 

laboratory, that such mechanism could hold true even with polyunsaturated fatty acids 

[134, 136] and fatty acid hydroperoxides [45].  

 

One of the crucial unanswered question is, how the UCP2-mediated suppression of 

mitochondrial ROS production is regulated? A hypothetical scenario assumes that 

oxidative stress lies at the beginning of a feedback regulatory circuit encompassing lipid 

peroxidation and uncoupling protein activation which counteracts ROS production.    

Brand et al. suggested a direct activation of UCP2 by 4-hydroxynonenal (HNE), a reactive 

lipoperoxidation end-product, as a part of fast-response compensating mechanism to 

oxidative stress  [133, 137, 194]. On the other hand, identical role could be ascribed to 

other products of lipid peroxidation, such as free polyunsaturated fatty acid 

hydroperoxides (PUFAOOH) cleaved by PLA2 phospholipases [137–138]. These lipid 

peroxidation products have been implicated in functional stimulation of UCP2-dependent 

protonophoric activity [45], confirming the role of UCP2 in feedback down-regulation of 

mitochondrial ROS production [4, 45]. 

 

2.6    Physiological Hypoxia 

 

The term “hypoxia” is not uniformly used, even if it stands for the same meaning, 

i.e. low oxygen. Biomedical investigations including studies of cultured cells are usually 

performed at the air atmosphere containing 20.9% oxygen, sometimes incorrectly called 

“normoxic”. However, the physiological oxygen pressure (pO2) in organs and tissues is 

known to be lower than in the air environment, and corresponds to physiological normoxia 

[195]. Conversely, under some pathological conditions (ischemic disorders, diabetes, 

atherosclerosis, etc.) pO2 is much lower than during physiological normoxia and 

consequently is defined as hypoxia. “Physiological hypoxia” refers to a condition of low 

but tolerable pO2, during which cells are kept in a non-lethal state until pO2 restores back 
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to normoxic conditions. It occurs for example during early development and pursues 

mainly a regulatory/signaling function. The pO2 gradient starts with the first progressive 

drop in the lung (104 mm Hg in alveolar capillaries), followed by the second drop in the 

blood. The pO2 of a given tissue/cell depends on the type of organ, its metabolic activity or 

demand, and the distance from the closest O2-supplying blood vessel, since the diffusion 

distance of O2 is 100 – 200 µm [196]. For most tissues pO2 values range from                    

4 to 40 mm Hg [195]. For instance, human or pig liver pO2 correspond to                         

35 and 80 mm Hg for the perivenous and periportal zones, respectively [197].  

 

The exposure of cells to low O2 in the range of physiological hypoxia involves 

numerous instant metabolic and long-term transcriptional expression regulations. The 

main cellular pathways dealing with a hypoxic stress include the AMP-activated protein 

kinase (AMPK) pathway [198] and the hypoxia-inducible factor (HIF) pathway [199]. 

AMPK acts as a cellular energy sensor, since its activity increases with the increasing 

AMP:ATP ratio, and promotes catabolic processes such as glycolysis while inhibiting 

anabolic metabolism. Similarly, the HIF pathway responds to low O2 by adjusting energy 

metabolism besides its impact on erythropoiesis, cell survival, apoptosis, cell adhesion, 

motility, and vascularization [199]. The critical step involves the stabilization and 

activation of HIF1α, a master transcriptional regulator of hypoxia-dependent gene 

expression, counting over 70 genes. HIF1α is activated at O2 levels below 5% (40 mm Hg) 

with maximal activation near 0.5% (4 mm Hg) [200]. The transcriptional activity of HIF1α 

is also potentiated by AMPK under hypoxic conditions in various cancer cells [201]. The 

crucial stabilization mechanism of HIF1α protein is still a matter of scientifc debate, since 

not only low O2 levels activate HIF1α but also growth factors, cytokines, and various 

mitochondrial activities can trigger HIF1α induction [202]. Also pyruvate, lactate, 

succinate, and other intermediates of the Krebs cycle have been described to promote the 

stabilizing effect of HIF1α, see below. 

 

Hypoxia-inducible factor (HIF) is the main transcriptional factor of the O2 sensing 

signal transduction pathway of higher eukaryotes, allowing cells to adapt and survive 

anoxia. HIF is involved in induction of genes involved in enhancing expression of glucose 

transporters and almost all glycolytic genes. In this way, cellular metabolism may be 

reprogrammed from oxidative phosphorylation to glycolysis [18, 199, 203–205]. The three 
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recognized classes of isoforms HIF1, HIF2, and HIF3 are distributed in almost every tissue 

of the body [206–209]. Two isoforms of the first class, HIF1α and HIF1β, are ubiquitously 

expressed in tissues [210–212].  

 

The O2-dependent degradation domain (ODDD) of the α subunit is the key 

regulatory element stabilizing HIF1α when pO2 level is dropped down to ~ 5% or lower 

[18], see Fig. 12. The most important O2 sensors are dioxygenases that utilize oxygen to 

hydroxylate the ODDD regulatory domain. Hypoxia-induced stabilization of the HIF1α 

subunit is followed by its migration to the nucleus and dimerization with HIF1β         

[213–215]. HIFnα-HIF1β (where n is 1,2 or 3) heterodimer binds to specific promoters  of 

numerous downstream genes together with p300 and CREB coactivators [204, 216–218].  

 

 

 

FIGURE 12  The mechanism of action of hypoxia-inducible factor.  

[Adopted from [219]. 

 

Besides acting as a metabolic switch from aerobic respiration to the glycolytic mode 

of action, HIF also increases tissue oxygenation by stimulating angiogenesis and 

vasodilatation through up-regulation of vascular endothelial growth factor (VEGF), 

inducible NO synthase (iNOS) and erythropoietin. HIF upregulates insulin-like growth 

factor (IGF) during tumorigenesis, promotes proliferation, [220] and extracellular matrix 

metalloproteinase 2, thus stimulating tumor invasion [221]. 



32 
 

Under normoxic conditions, HIF1α is constantly degraded through                

oxygen-dependent hydroxylation of the O2-dependent degradation domain (ODDD) 

conserved residues Pro 402 and Pro 564 in human HIF1α. Hydroxylated HIF1α subunits 

are degraded in a proteasome-dependent manner after selective polyubiquitination and 

sequesterization by E3 ubiquitin ligase complex, see Fig. 12 (page 30). The complex is 

composed of von Hippel-Landau tumor-suppressor protein (VHL) [222–224], and 

elongins B and C. Hydroxylation of the ODDD is catalyzed by the prolyl hydroxylase 

domain (PHD) enzymes (isoforms 1 – 3). The reaction involves oxygen and                     

α-ketoglutarate as substrates, Fe2+ and ascorbate as cofactors [225–228]. Inherited VHL 

deficiency causes carcinoma of the kidney by permanent activation of HIF1α [229–230].  

 

At anoxic conditions (1 – 5% O2), PHD enzymes are deactivated because of their 

low affinity for O2. Chandel et al. suggested and provided key evidence in series of elegant 

experiments of the last decade that the mechanism of deactivation can be attributed to the 

inreased rate of mitochondrial O2
●- production at the outward Qo site of Complex III when 

oxygen level is low [18, 231–232]. Concomitant elevation of cytosolic O2
●- and H2O2 (due 

to the action of CuZnSOD) levels result in enhanced oxidation of Fe2+, thus limiting its 

availability as a cofactor for PHD enzymes. The reduced activity of PHD enzymes leads to 

the stabilization of HIF1α and the activation of HIF pathway [233]. 

 

Although hypoxic deactivation of PHD oxygenases is the pivotal regulatory 

mechanism of the HIF pathway, similar regulatory mechanism exists for asparaginyl 

hydroxylase enzyme. A factor inhibiting HIF (FIH) inactivates human HIF1α by 

hydroxylating Asp 803 [234–237], thus sterically preventing its interaction with p300 and 

CREB-binding protein coactivators [217–218]. The HIF pathway is activated when the 

inhibition by FIH is relieved during hypoxia. 

  

Krebs cycle intermediates (succinate, fumarate, and oxalacetate) and pyruvate are 

competitive inhibitors of PHD enzymes because of their structural resemblance to            

α-ketoglutarate. This is the reason why these metabolites also participate in HIF1α 

stabilization [238–239]. Accumulation of intracellular fumarate and succinate predisposes 

renal cells to cancer with concomitant up-regulation of the HIF pathway [240–241]. 
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HIFα-mediated transcription activation of downstream genes was reported to be 

stimulated also by SUMOylation [242], oncogenic activation via Ras/Raf/MAPK, 

phosphoinositide 3-kinase (PI3K), PTEN, or Akt pathways [243], insulin, and different 

growth factors and cytokines, e.g. insulin-like growth factor (IGF) and platelet-derived 

growth factor (PDGF) [220, 244–245], and last but not least, nitric oxide (●NO) which 

inhibits PHD enzymes due to its analogy to molecular oxygen [246]. 

 

The function of HIF as an energetic switch between glycolytic and oxidative 

metabolism can be best documented on the following example. The funneling of pyruvate 

into the Krebs cycle and consequent utilization by oxidative phosphorylation is 

discontinued by HIF-activated lactate dehydrogenase A (LDHA). The resulting lactate is 

extruded from the cell by the plasma membrane monocarboxylate transporter 4 (MCT4) 

[253]. In this way, excessive pyruvate is removed and NAD+ regenerated for 

glyceraldehyde-3-phosphate dehydrogenase (GAPDH) to drive additional cycles of 

glycolysis stimulated by HIF. 

 

To summarize, HIF1 upregulates proteins in pursuit to restore physiological 

normoxic cell homeostasis [204, 247–248]. In the nucleus, HIFnα-HIF1β heterodimer 

induces expression of proteins only after the recognition of hypoxia-responsive elements 

(HREs) in corresponding promoters of the target genes. Different subsets of genes are 

triggered by respective patterns of α and β subunit composition [207]. The main purpose is 

to stimulate glucose entry (by expression of GLUT1 and GLUT3 transporters), glycolysis 

(by up-regulating all glycolytic enzymes), and oxygen uptake (by supporting blood 

circulation, erythropoiesis, and angiogenesis) in order to reintroduce physiological levels 

of O2 [249–251]. HIF-activated expression products are also implied in regulation of pH, 

apoptosis, cell-division cycle, DNA repair mechanisms, cell adhesion and motility [252]. 
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3          MATERIALS AND METHODS 

 

3.1      Isolation of Intact Mitochondria by 

Differential Centrifugation 

 

3.1.1      Isolation of Rat Liver Mitochondria 

 

Intact rat liver mitochondria (RLM) were isolated by differential centrifugation as 

previously described [1, 254]. Adult male Wistar rats were kept, handled and sacrificed in 

agreement with the regulations of  the Institute of Physiology licensing committee and 

regulations of the European Union. All steps were carried out at ~ 4 oC. Liver was excised 

and cut into pieces in ice-cold sucrose isolation medium (250 mM sucrose, 10 mM MOPS, 

1 mM EDTA, pH 7.2 adjusted at 25 oC with Tris) and homogenized by hand in a glass 

Potter-Elvehjem homogenizer with a Teflon pestle (5 strokes). The homogenate was 

poured through a cheesecloth, brought to volume of ~ 150 ml with the sucrose isolation 

medium and centrifuged at 700 × g for 10 min to remove cell debris. The resulting 

supernatant was centrifuged at 8,500 × g for 10 min. The following step was repeated 

twice: pellets were resuspended into ~ 75 ml of sucrose isolation medium supplemented 

with 5 mg/ml fatty acid-free BSA and centrifuged at 8,500 × g for 10 min. The pellets 

were resuspended into ~ 75 ml of the sucrose isolation medium without BSA and 

centrifuged at 8,500 × g for 10 min. The pellets were resuspended into ~ 40 ml of the 

sucrose isolation medium without BSA and centrifuged at 8,500 × g for 10 min. The 

pellets were resuspended in ~ 2 ml of the sucrose isolation medium without BSA. 

Mitochondrial protein content was estimated following the BCA method with BSA as a 

standard [255]. Mitochondrial stock suspension was kept on ice in an open test tube 

throughout the whole experiment. 
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3.1.2    Isolation of Mitochondria from Hepatocellular 

Carcinoma Cells 

 

Functional mitochondria were isolated from HepG2 cells following the protocol of 

Bogenhagen and Clayton [256]. All steps were carried out at ~ 4 oC. The cells were 

trypsinized and counted. Cell suspension (~ 10 million cells) was washed with ice-cold 

PBS (15 ml) by centrifugation at 1000 × g for 5 min. The pellet was resuspended in 2 ml 

of isolation buffer (210 mM mannitol, 70 mM sucrose, 20 mM HEPES, 1 mM EGTA,    

pH 7.2 adjusted at 25 oC with KOH, moreover 1 mM PMSF and 0.1% FA-free BSA were 

included prior to use) and homogenized with 15 strokes in a Teflon-glass homogenizer    

(2 ml). Homogenate was transferred into a microcentrifuge tube and spinned-down at   

1000 × g for 10 min. The resulting supernatant was centrifuged at 14,000 × g for 15 min. 

The pellet was washed twice by centrifugation at 14,000 × g for 10 min. The pellet was 

resuspended into isolation buffer without BSA and centrifuged at 14,000 × g for 10 min. 

The final pellet, containing mitochondrial fraction, was resuspended into the 

corresponding assay medium (0.5 ml) defined in chapter 3.2 (page 35), see Table 3     

(page 36). Mitochondrial protein content was estimated following the BCA method with 

BSA as a standard [255]. Mitochondrial stock suspension was kept on ice in an open test 

tube throughout the whole experiment. 

 

3.1.3    Isolation of Rat Lung Mitochondria 

 

Rat lung mitochondria (RLuM) were isolated by differential centrifugation in 

accordance with the original procedure [257]. Adult male Wistar rats were sacrificed and 

lungs excised. All further steps were carried out at ~ 4 oC. The tissue was briefly washed 

in 0.9% NaCl solution and cut into small pieces in ice-cold sucrose isolation medium with 

BSA (250 mM sucrose, 5 mM HEPES, 5 mM EGTA, pH 7.2 adjusted at 25 oC with Tris, 

supplemented with 5 mg/ml fatty acid-free BSA just prior to use) and homogenized by 

hand in a glass Potter-Elvehjem homogenizer with a Teflon pestle. The homogenate was 

centrifuged at 700 × g for 10 min to remove cell debris. Supernatant was poured through a 

cheesecloth and centrifuged at 10,000 × g for 10 min. The resulting pellets were 
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resuspended into ~ 75 ml of sucrose isolation medium with BSA and centrifuged at       

700 × g for 10 min. Supernatant was centrifuged at 10,000 × g for 10 min. The pellets 

were resuspended into ~ 40 ml of the sucrose isolation medium without BSA and 

centrifuged at 10,000 × g for 10 min. The final pellet was resuspended in ~ 1 ml of the 

sucrose isolation medium without BSA. Mitochondrial protein content was estimated 

following the BCA method with BSA as a standard [255]. Mitochondrial stock suspension 

was kept on ice in an open test tube throughout the whole experiment. 

 

3.1.4    Isolation of Mouse Lung Mitochondria 

   

UCP2-WT (strain C57BL/6J) and UCP2-KO (strain B6.129S4-Ucp2
tm1Lowl/J)      

JAX GEMM Strain mice were purchased from the Jackson Laboratory (Bar Harbor, ME, 

U.S.A.) and bred in the animal house of the Institute of Physiology. Mice, either        

UCP2-WT or UCP2-KO at a time, were sacrificed, lungs excised and washed in ice-cold 

0.9% NaCl solution. Mouse lung mitochondria (MLuM) were isolated by differential 

centrifugation, concisely following the protocol described in chapter 3.1.3 (page 34). 

 

3.2          Assay Media and Chemicals 

 

Throughout all the experiments, combination of 5 mM glutamate plus 1 mM malate, 

or 5 mM glutamate plus 1 mM malate and 5 mM succinate was typically used as substrates 

for respiration. State 4 (non-phosphorylating) and state 3 (phosphorylating) respiration was 

routinely distinguished by the addition of 0.5 mM ADP, 0.5 mM potassium phosphate 

(KPi), and 100 µM MgCl2 to induce state 3 respiration, which lasted for at least 10 minutes 

as verified by an Oxygraph, see chapter 3.4.1 (page 38). All aqueous solutions which were 

to be added into the assay media (Table 3, page 36) had a pH of 7.2, carefully adjusted at 

25 oC. Water-insoluble compounds were dissolved in ethanol for UV spectroscopy or, 

alternatively, in DMSO. Any solvent influence on respiration or fluorescence signal was 

ruled out by verifying the effects of pure solvent. Fatty acid-free BSA was used 

exclusively throughout all experiments. 
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TABLE 3 Assay media composition. All media had pH 7.2 adjusted at 25 oC. 

Experiment color code: 

Substance 

 

purpose 

             a      

(mM) 

        b 

(mM) 

sucrose osmolyte   125 – 

KCl retention of K+, osmolyte 65 110 

HEPES buffer 10 5 

MgCl2 induction of state 3 0.1 0.5 

KPi induction of state 3 0.5 0.5 

ADP induction of state 3 0.5 – 

EGTA chelation of Ca2+ 1 0.5 

glutamate substrate of Complex I 5 – 

malate substrate of Complex I 1 – 

succinate substrate of Complex II 5 10 

apH adjusted with Tris. 
bpH adjusted with KOH. 

 

MitoQ10 and decyltriphenylphosphonium bromide were obtained under a license 

agreement from Antipodean Pharmaceuticals Inc. (Menlo Park, CA, U.S.A.). Fluorescent 

probes, Amplex Red and BCECF, AM were obtained from Invitrogen (Carlsbad, CA, 

U.S.A). Rotenone, 5-(N-ethyl-N-isopropyl)amiloride (EIPA), 2-thenoyltrifluoroacetone 

(TTFA), antimycin A, myxothiazol, stigmatellin, oligomycin, potassium cyanide, carbonyl 

cyanide 4-(trifluoromethoxy)phenylhydrazone, tert-butyl hydroperoxide, magnesium 

chloride, ADP (Na+ salt), GDP (Tris salt), GTP (Tris salt), lactate, succinate, glutamate, 

malate and horseradish peroxidase were all purchased from Sigma. Bromoenol lactone 

(racemic mixture) was purchased from Calbiochem. Hydrogenpotassium phosphate was 

obtained from Penta (Prague, Czech Republic). Ethanol for UV spectroscopy, hydrogen 

peroxide, and sodium hydroxide were from Lach - Ner (Neratovice, Czech Republic). Cell 

culture media and chemicals were supplied from the Institute of Molecular Genetics 

(Prague, Czech Republic). 
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3.3      Assay for Mitochondrial H2O2 Generation In 

Vitro 

 

Mitochondrial hydrogen peroxide (H2O2) production was monitored in vitro at 30 oC 

as the increase of fluorescence by Amplex Red (N-acetyl-3,7-dihydroxyphenoxazine) 

oxidation product, resorufin. In this enzymatic determination Amplex Red is used as a 

substrate for horseradish peroxidase (HRP). The amount of H2O2 consumed by HRP for 

Amplex Red oxidation is directly proportional to the flourescence signal of accumulated 

resorufin [1, 258–259]. Therefore, 5 µM Amplex Red and 0.5 µM HRP was added into the 

assay medium (2 ml, Table 3, page 36) prior to the addition of mitochondria (0.1 mg/ml), 

see chapter 3.2 (page 35). 

 

Amplex Red fluorescence was followed for at least 20 minutes by the use of 

Fluorolog-3 (model 322) fluorometer (SPEX, Horiba Jobin Yvon, Longjumeau, France) 

with excitation wavelength fixed at 570 nm (slit width 8 nm) and emission at 585 nm (slit 

width 1.45 nm). Assay medium (2 ml) was constantly stirred inside the thermostated 

cuvette. Fluorescence signal was calibrated by successive additions of 125 nM H2O2 at the 

end of each run. Rates were calculated by least squares linear regression. In order to 

exclude the possibility that mitochondria had used up all the substrate, parallel detection of 

O2 consumption rate has been performed at least once for each set of experimental 

conditions applied, see chapter 3.4.1 (page 38). 

 

Note that the Amplex Red assay detects overall mitochondrial O2
●- production,      

i.e. superoxide released into the mitochondrial matrix (by Complex I and III) and directly 

into the surrounding assay medium (by Complex III). This stems from the fact that matrix 

and intermembrane space O2
●- is readily dismuted to H2O2 by MnSOD and CuZnSOD 

mitochondrial enzymes, respectively (Eq. 2, page 8). The intrinsic property of H2O2 to 

diffuse through membranes facilitates its sensitive detection. 
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3.4          Assay for Polarographic Detection of 

Oxygen Consumption 

 

3.4.1      High-Resolution Respiration Measurements 

  

Respiration was measured as oxygen consumption by cells (1 million cells/ml) or 

isolated mitochondria (0.1 mg/ml unless indicated otherwise), which was monitored by 

Oxygraph-2k high-resolution respirometer (Oroboros, Innsbruck, Austria), with constant 

stirring at 37 oC or 30 oC, respectively. The assay medium (2 ml) for cells was their 

cultivation medium. Assay media used for measurements with isolated mitochondria are 

recapitulated in chapter 3.2 (page 35), see Table 3 (page 36). Respiratory rates were 

obtained as first order time derivatives of the air calibrated and background corrected 

oxygen signal [260]. During the run after each addition of agent, certain time is needed for 

the signal to reequilibrate because of the minuscule amount of oxygen dissolved in the 

injected aliquot. Apparent half-maximum activation constants AC50’s for reagents have 

been calculated from corresponding Hill plots.  

 

3.4.2      Respiration Measurements of Cells at Physiological 

Oxygen Levels 

  

Continuous cellular oxygen consumption was detected by Oxygraph-2k 

respirometer (Oroboros, Innsbruck, Austria) in the same fashion as described in        

chapter 3.4.1 (page 38). But for determining O2 consumption under physiological 

normoxic conditions several precautions had been made. The assay medium                   

(cell cultivation medium) was left to preequilibrate in the atmosphere of 5% O2 well ahead 

of the measurement. Special emphasis was put on the background correction with 

sufficient times repeated nitrogen addition to correct for the signal at the lowest O2 levels. 

Before each run oxygen in the respirometer chamber was expelled by N2 to attain the level 

of 5% O2. Instant transfer of cells, that had been cultivated at 5% O2, into the respirometer 
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chamber was necessary to avoid their risk of being exposed to the air atmosphere. 

Endogenous respiration was followed routinely by subsequent additions of oligomycin, 

FCCP, rotenone, and stigmatellin. Whenever it happened that O2 had been completely 

depleted, the air-tight chamber stoppers were briefly opened to restore the 5% O2 level. 

 

3.5          Assay for Complex I Proton Pumping 

 

Proton pumping was monitored at 30 oC as matrix alkalinization indicated by 

BCECF, AM probe in preloaded rat liver mitochondria after its conversion to fluorescent 

BCECF product via the action of mitochondrial esterases [261]. The increase of BCECF 

fluorescence corresponded to greater mitochondrial matrix alkalinization after the  

addition of respiratory substrates (5 mM glutamate plus 1 mM malate). Freshly isolated rat 

liver mitochondria (1 mg/ml) were incubated with 1 µM BCECF, AM optimally for        

20 minutes at room temperature with constant stirring, washed twice by spinning down the 

mitochondrial pellet at 8,500 × g for 5 min at 4 oC, and resuspended into assay medium 

specified in chapter 3.2 (page 35), see Table 3 (page 36), while reaching final 

mitochondrial protein concentration of 1 mg/ml. Aliquots of 1 mM lactic acid (Lac) were 

added at the end of each run for calibration (as illustrated in Fig. 15, page 45). A special 

care was taken to adjust pH 7.2 of all aqueous solutions (with the exception of lactate) 

added during the experiments. 

 

BCECF fluorescence was measured with emission set at 530 nm (slit width 20 nm) 

and excitation at 500 nm (slit width 3 nm) on a RF5301 PC fluorometer (Shimadzu, 

Kyoto, Japan) equipped with Polaroid polarizers at cross-orientation, eliminating light 

scattering, and in-built stirrer. Alternatively, Fluorolog 322 fluorometer (SPEX, Horiba 

Jobin Yvon, Longjumeau, France) was used instead operating with the same settings. 

 

3.6      Cell Cultures 

 

Human hepatoblastoma HepG2 cells (cell line ECACC 85011430) were cultivated 

at 37 °C in humidified air with 5% CO2 under sterile conditions in DMEM medium 
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(Invitrogen, Carlsbad, CA, U.S.A., contains no glucose) containing 3 mM glutamine,      

5% (v/v) fetal calf serum (Biochrome, Berlin, Germany), 1 mM sodium pyruvate,            

45 mM NaHCO3, 10 mM HEPES, 100 IU/ml penicillin, and 100 µg/ml streptomycin, 

according to standard procedures [262] assisted by the use of laminar flow cabinet 

HERAsafe KS 12 (Heraeus, Langenselbold, Germany). Either 25 mM glucose        

(GLC25 cells), 5 mM glucose (GLC5 cells), or 10 mM galactose plus 2 mM glutamine 

(OXPHOS cells) was used as the carbon source, with dialyzed glucose-free fetal calf 

serum (PAA Laboratories, Pasching, Austria). Prior to the respiration and mitochondrial 

H2O2 generation assays, HepG2 cells were detached by incubation with 0.25% trypsin for          

~ 5 min at 37 oC and counted under a microscope. 

 

For mimicking physiological normoxic conditions, nitrogen was pumped into the 

thermostat equipped with oxygen electrode (Jouan IG750, Saint-Herblain, France) in order 

to reach 5% O2 (corresponding to 40 mm Hg) besides the 5% CO2 level.  

 

3.7          Statistical Analysis 

 

Individual means were compared using Student's t-test with P ≤ 0.05 considered to 

represent significantly different values from the control. These are designated in deviation 

bar graphs by asterisks right above the error bar of the the corresponding columns. 
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4          RESULTS 

 

4.1  The Inhibition of Mitochondrial Complex I 

Proton Pumping 

 

4.1.1   EIPA Inhibits Complex I Proton Pumping in Isolated 

Rat Liver Mitochondria Respiring in Sate 4 

 

My colleagues have shown that chemical uncoupler attenuates O2
●− formation 

within Complex I [1], i.e. ~ 30% reduction of rotenone-induced H2O2 production by FCCP 

detected by Amplex Red in experiments with isolated rat liver mitochondria respiring in 

state 4 on glutamate and malate. I have contributed to this work by identifying the 

properties of EIPA regarding its inhibition of Complex I-mediated H+-pumping in the 

mitochondrial model. Proton pumping has been evaluated in BCECF, AM-loaded isolated 

rat liver mitochondria as a pH-sensitive fluorescence of BCECF. Hence, mitochondrial 

matrix alkalinization reflects the increase in H+-pumping activity. 

 

Matrix alkalinization was apparent after the addition of Complex I respiratory 

substrates, 5 mM glutamate and  1 mM malate (Fig. 13, page 43). A pronounced matrix 

acidification was observed after the addition of Complex III inhibitor, stigmatellin        

(Fig. 13, page 43), which restored pH to even lower values than the initial level. As 

expected, similar acidification was also obtained after the addition of Complex I inhibitor, 

rotenone (Fig. 17, page 47), or FCCP (Fig. 14, page 44).  

 

My colleagues had also shown that attenuation of rotenone-induced O2
●− production 

by uncoupling could be prevented by EIPA [1]. It stems from the observed fact that EIPA 

is a real inhibitor of H+-pumping. Here, matrix alkalinization, reflecting the increase in   

H+-pumping, was prevented by EIPA added before glutamate and malate (Fig. 15,        

page 45), but not before glutamate, malate plus succinate (not shown). The half-maximum 
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effect for EIPA inhibition before the addition of glutamate and malate occurred at            

27 µM EIPA (Fig. 20, page 51). When put together, these results indicate the existence of 

a feedback pressure exerted by the proton motive force (or ∆Ψm) as a necessary 

prerequisite for O2
●− production within Complex I, given by the observed fact that        

O2
●− production is diminished by the presence of an uncoupler eliminating ∆p [1].  

 

In order to show the specificity of EIPA inhibition for Complex I  H+-pumping, 

Complex I-supported electron flow was bypassed by the addition of rotenone and 

succinate (Fig. 15, page 45), allowing Complex III and Complex IV-mediated                

H+-pumping to take place. A strong matrix alkalinization was reintroduced by the addition 

of succinate (Fig. 15, page 45). Addition of FCCP resulted in a pronounced acidification 

drop, restoring the original level of fluorescence intensity (Fig. 15, page 45). 

 

Glutamate and malate-driven matrix alkalinization could be interrupted by 

saturating concentrations of EIPA (Fig. 16, page 46) with the rough estimate of IC50 to be               

∼ 140 µM EIPA. Again, succinate added after rotenone caused FCCP-inhibitable matrix 

alkalinization (Fig. 16, page 46). Even EIPA added after rotenone was able to stimulate 

matrix acidification, reflecting a potential residuum of  H+-pumping activity (Fig. 17,    

page 47). No acidification occurred in the absence of succinate upon the adddition of 

stigmatellin or FCCP (Fig. 17, page 47), since electron traffic through the respiratory 

chain was blocked by rotenone, effectively preventing H+-pumping by Complex III and IV 

to take place. 

 

Amiloride derivatives are well established inhibitors of Na+/H+ antiporters [108]. In 

order to exclude the possibility that EIPA affects mitochondrial Na+/H+ antiporter instead 

of Complex I, monensin was tested in the presence and absence of Na+ ions. Monensin 

acts as a monovalent ionophore simulating Na+/H+ antiporter activity. Nonetheless, 

acidification brought on by EIPA is retained when 1 µM monensin is applied, in the 

presence (Fig. 18a, page 48) or absence of Na+ ions (Fig. 18b, page 48). This 
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demonstrates that the reason standing behind the observed EIPA-mediated acidification 

excludes the involvement of mitochondrial Na+/H+ antiporter. 

 

 

 

 

 

 

 

 

FIGURE 13  Glutamate and malate-driven H+-pumping is blocked by stigmatellin 

in isolated rat liver mitochondria respiring in state 4. Matrix alkalinization is shown 

for the following additions: 5 mM glutamate plus 1 mM malate (GM, pH 7.2 adjusted 

with Tris), and 0.5 µM stigmatellin. 
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FIGURE 14  Glutamate and malate-driven H+-pumping is blocked by FCCP in 

isolated rat liver mitochondria respiring in state 4. Matrix alkalinization is shown 

for the following additions: 5 mM glutamate plus 1 mM malate (GM, pH 7.2 adjusted 

with Tris), and 0.5 µM stigmatellin. 
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FIGURE 15  Glutamate and malate-driven H+-pumping is prevented by EIPA 

added before the substrates in isolated rat liver mitochondria respiring in state 4. 

Matrix alkalinization is shown for the following additions: 100 µM EIPA,                     

5 mM glutamate plus 1 mM malate (GM, pH 7.2 adjusted with Tris), 10 µM rotenone 

(Rot), 5 mM succinate (Succ, pH 7.2 adjusted with Tris), 1 µM FCCP, and                   

1 mM lactate (Lac). 
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FIGURE 16  Glutamate and malate-driven H+-pumping is abolished by EIPA 

added after the substrates in isolated rat liver mitochondria respiring in state 4. 

Matrix alkalinization is shown for the following additions: 5 mM glutamate plus 1 mM 

malate (GM, pH 7.2 adjusted with Tris), 250 µM EIPA, 10 µM rotenone (Rot),             

5 mM succinate (Succ, pH 7.2 adjusted with Tris), and 1 µM FCCP. 
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FIGURE 17  Inhibition of glutamate and malate-driven H+-pumping by rotenone 

is further suppressed by EIPA in isolated rat liver mitochondria respiring in  

state 4. Matrix alkalinization is shown for the following additions: 5 mM glutamate 

plus 1 mM malate (GM, pH 7.2 adjusted with Tris), 10 µM rotenone (Rot),                

100 µM EIPA,  0.5 µM stigmatellin, and 1 µM FCCP. 
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FIGURE 18  EIPA causes matrix acidification in the presence of glutamate, 

malate, and monensin in isolated rat liver mitochondria respiring in state 4. 

Matrix acidification is shown for 500 µM EIPA. Assay medium was supplemented 

(prior to EIPA) with 1 µM monensin in both traces and (a) 1 mM NaOH;                   

(b) no further supplementation. 

(a) 

(b) 
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4.1.2   EIPA Inhibits Complex I Proton Pumping in Isolated 

Rat Liver Mitochondria Respiring in Sate 3 

 

It has been shown by Dlasková et al. that FCCP was able to decrease rotenone-

induced H2O2 production by ~ 30% in isolated rat liver mitochondria respiring in state 3 

on glutamate and malate [1]. Hence, analogical conditions were used in the H+-pumping 

assay. State 3 was induced by 0.5 mM ADP, 0.5 mM potassium phosphate, and              

100 µM MgCl2 added after glutamate and malate (Fig. 19). This led to further matrix 

alkalinization reflecting faster H+-pumping in phosphorylating mitochondria with released 

respiratory control. Predictably, phosphorylation-linked H+-pumping was subject to 

inhibition by oligomycin (Fig. 19). Addition of EIPA again stimulated matrix acidification 

accompanying the inhibition of H+-pumping (Fig. 19) with half-maximum inhibitory 

concentration of 50 µM EIPA (Fig. 20, page 51). 

 

 

FIGURE 19  Glutamate and malate-driven H+-pumping is abolished by EIPA in 

isolated rat liver mitochondria respiring in state 3. Matrix alkalinization is shown 

for two traces, distinguished by the presence of oligomycin, with the following 

additions: 5 mM glutamate plus 1 mM malate (GM, pH 7.2 adjusted with Tris),        

100 µM EIPA, and 0.5 mM ADP which was added simultaneously with                      

0.5 mM KPi, 100 µM MgCl2 plus or minus 2 µg/ml oligomycin (oligo). 
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4.1.3   EIPA Exerts No Significant Effects on Respiration of 

Isolated Rat Liver Mitochondria 

 

EIPA failed to inhibit mitochondrial state 4 respiration on glutamate and malate 

until EIPA levels went as high as 250 – 500 µM (Fig. 20, page 51). Within this 

concentration range, H+-pumping by Complex I was completely inhibited                       

(Fig. 20, page 51). To conclude, experiments with EIPA indicate that electron flow is still 

conducted by the respiratory chain despite the inhibition of Complex I H+-pumping 

brought on by EIPA. 
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FIGURE 20  EIPA Dose-response curves for respiratory and H+-pumping 

inhibition of isolated rat liver mitochondria. Inhibitory action of EIPA was 

quantified for       closed circles: H+-pumping in state 4 as the decrease in matrix 

akalinization stimulated by glutamate and malate after the addition of EIPA,            

IC50 = 27 µM;         open squares: H+-pumping in state 3 as the acidification induced by 

EIPA after the addition of glutamate and malate, IC50 = 50 µM;        closed triangles: 

respiratory rate in state 4. Data were fit using a Hill equation. 
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4.2     The Mechanism of Action of Mitochondrial 

Matrix-targeted Ubiquinone MitoQ10 

 

4.2.1   MitoQ10 Accelerates Respiration of HepG2 Cells 

 

The influences of MitoQ10 on respiration of HepG2 cells were investigated by using 

high-resolution respirometry under two different cellular metabolic conditions (Table 4, 

pages 53–54). When cultivated in high glucose (25 mM), cells (GLC25) are forced to use 

glycolysis as the main metabolic pathway for energy production. At saturating 

concentration added to GLC25 cells, MitoQ10 sequentially increased state 3 respiration 

(Fig. 21, page 55, Table 4, pages 53–54), i.e. basal respiration before the addition of 

oligomycin, on average up to 1.5-fold over the basal value. The accelerated level 

corresponds to ~ 60% of uncoupled respiration, i.e. maximum sustainable             

rotenone-sensitive respiration stimulated by uncoupler (FCCP) added after oligomycin 

(Fig. 22, page 56, Table 4, pages 53–54). The half-maximum activation took place on 

average at 0.8 nM MitoQ10 (Fig. 25, page 59, Table 4, pages 53–54). Analogous 

acceleration with comparable AC50 was obtained for HepG2 cells grown in medium 

containing galactose and glutamine (Fig. 26, page 60, Table 4, pages 53–54). These cells 

rely predominantly on oxidative phosphorylation (OXPHOS cells) as the primary energy 

source. To compare the MitoQ10 effect with a relevant negative control, DecylTPP, which 

lacks the ubiquinone moiety, was employed. It came as no surprise that almost no 

activation took place when DecylTPP was tested in GLC25 or OXPHOS cells (Fig. 25, 

page 59, Table 4, pages 53–54). According to Dlasková et al., rotenone stimulates        

O2
●− production by inhibiting Complex I electron transport [1, 114]. At saturating doses of 

rotenone (20 µM), respiration of GLC25 and OXPHOS cells was suppressed down to 

residual 15% and 11%, respectively (Fig. 23, page 57, Table 4, pages 53–54). Consequent 

pulses of MitoQ10 reestablished 67% and 45% levels of state 3 respiration in GLC25 and 

OXPHOS cells, respectively (Fig. 23, page 57, Table 4, pages 53–54). The half-maximum 

effect took place at similar concentrations when no rotenone was present for both GLC25 

(Fig. 25, page 59) and OXPHOS (Fig. 26, page 60) cells, see also Table 4 (pages 53–54). 
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DecylTPP elicited an insignificant effect (Fig. 24, page 58, Table 4, pages 53–54). 

TABLE 4 Effects of MitoQ10 in GLC25 and OXPHOS HepG2 cellsa. 

 
HepG2 cells cultivated  

in 25 mM glucose 

HepG2 cells cultivated in 

galactose and glutamine 

Parameter GLC25 cells OXPHOS cells 

MitoQ10  activation of cell respiration 

 State 3 activation by 
      MitoQ10 (% of state 3) 

146 ± 15% n = 7 150 ± 40% n = 9 

 Activation by MitoQ10 after 
      rotenone (% of state 3) 

67 ± 30% n = 7 45 ± 21% n = 3 

 MitoQ10 activation after 
      rotenone (% of rotenone- 
      treated cells) 

450 ± 250% n = 5 550 ± 100% n = 3 

 MitoQ10 activation after 
      rotenone and TTFA 
      (% of state 3) 
 

51 ± 27% n = 3 28 ± 11% n = 3 

Dose-response AC50 values for activation of cell respiration

 

 State 3 activation by 
  MitoQ10 

0.8 ± 0.3 nM n = 5 0.9 ± 0.3 nM n = 9 

 Activation by MitoQ10 after 
  rotenone 

1.0 ± 0.5 nM n = 3 1.3 ± 0.4 nM n = 3 

 Activation by MitoQ10 after 
  rotenone and TTFA 
 

2.0 ± 0.5 nM n = 3 3.5 ± 2.0 nM n = 3 

Lack of respiratory activation by DecylTPP

 

 State-3 activation by  
  DecylTPP (% of state 3) 

105 ± 10% n = 7 110 ± 8% n = 5 

 Activation by DecylTPP 
  after rotenone  
  (% of state 3) 

19 ± 2% n = 5 17 ± 5% n = 5 

 Activation by DecylTPP 
  after rotenone (% of 
  rotenone-treated cells) 

104 ± 20% n = 5 109 ± 8% n = 5 

 Activation by DecylTPP 
  after rotenone and   
  TTFA (% of state 3) 

30 ± 8% n = 3 10 ± 7% n = 3 
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Main respiratory parameters

 

 State 3 respiration per 106 
  cells (pmol.O2.s

–1) 
51 ± 17 n = 50 97 ± 24 n = 40 

 State 3/state 4 respiration 4 ± 0.5 n = 8 5.1 ± 1.6 n = 8 

 Uncoupled state/state 3 1.7 ± 0.2 n = 8 1.8 ± 0.2 n = 5 

 Remaining respiration at 
  20 µM rotenone    
  (% of state 3) 

15 ± 5% n = 6 11 ± 1% n = 5 

 State 3/state 4 respiration 
  after a 24-h incubation  
  with MitoQ10 

3.2 ± 0.3 n = 4 4 ± 0.1 n = 2 

 State 3/state 4 respiration 
  after a 24-h incubation 
  with DecylTPP 

1.9 ± 0.1 n = 2 2.05 ± 0.1 n = 2 

     

aState 4 respiration was established by 1 µg.ml–1 oligomycin. 
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FIGURE 21  MitoQ10 stimulates state 3 respiration of GLC25 HepG2 cells.  

Cells were treated, as indicated at each arrow, with 0.2 nM MitoQ10. 
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FIGURE 22  Increased state 4 respiration of GLC25 HepG2 cells. After the 

addition of 0.1 µg/ml oligomycin to establish state 4, the respiration was uncoupled by 

4 µM FCCP with maximum respiraton achieved by the titration with 1 µM FCCP 

aliquots (added three times), followed by three subsequent additions of 100 nM Rot 

and fully inhibited by 1 µM stigmatellin. 
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FIGURE 23  MitoQ10 activation of state 3 respiration in the presence of rotenone. 

GLC25 cells were treated, as indicated at each arrow, with 1 µM rotenone plus           

0.2 nM MitoQ10 and 1 mM KCN. 
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FIGURE 24  DecylTPP fails to stimulate state 3 respiration of GLC25 HepG2 

cells. Cells were treated, as indicated at each arrow, with 1 µM rotenone plus              

0.2 nM DecylTPP and 1 mM KCN. 
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FIGURE 25  MitoQ10 dose responses for respiratory acceleration in GLC25 

HepG2 cells. Cells were treated with MitoQ10 in the       closed circles: absence of 

rotenone, AC50 = 0.6 nM;    open circles: presence of 1 µM rotenone,                         

AC50 = 0.6 nM; or     closed triangles: with DecylTPP alone. Titration data, 

exemplified in Figs. 21, 23–24 (pages 55, 57–58), were fit using a Hill equation. 
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FIGURE 26  MitoQ10 dose responses for respiratory acceleration in OXPHOS 

HepG2 cells. Cells were treated with MitoQ10 in the       closed squares: absence of 

rotenone, AC50 = 1.1 nM;   open squares: presence of 1 µM rotenone,                     

AC50 = 0.9 nM. Titration data were fit using a Hill equation. 

 



62 
 

 
4.2.2  Respiration Increase Induced by MitoQ10 Requires 

Complexes II and III 

 

MitoQ10-induced HepG2 cell respiration increase was abolished by Complex III 

inhibitors antimycin A (Fig. 27, page 62), myxothiazol, and stigmatellin (not shown) 

independently of rotenone, thus localizing the MitoQ10 effect upstream of Complex III. 

Similarly, 2-thenoyltrifluoroacetone (TTFA), a Complex II inhibitor [263], in conjunction 

with rotenone entirely prevented substrate funneling into the electron transport of HepG2 

GLC25 and OXPHOS cells, virtually slowing down their respiration to zero. Surprisingly, 

MitoQ10 slightly restored the rotenone and TTFA-inhibited respiration (Fig. 28, page 63, 

Table 4, pages 53–54). This could be prevented by antimycin A, myxothiazol, or 

stigmatellin (not shown), suggesting the possibility that MitoQ10 mimicks the role of 

substrate for either of, Complex III or Complex IV (cytochrome c oxidase). Another 

explanation would involve direct competition between MitoQ10 and TTFA on Complex II, 

allowing respiration to become slightly reaccelerated. 
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FIGURE 27  MitoQ10 fails to restore rotenone-inhibited respiration in the 

presence of antimycin A in OXPHOS HepG2 cells. Respiration rates are shown for 

the following additions: 10 µM rotenone, 1.25 µM antimycin A, 1 nM MitoQ10 (added 

twice), and 1 mM KCN. 
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FIGURE 28  MitoQ10 restores completely inhibited respiration in the presence of 

rotenone and TTFA in OXPHOS HepG2 cells. Respiration rates are shown for the 

following additions: 10 µM rotenone, 40 µM TTFA, 1 nM MitoQ10 (added twice), and 

1 mM KCN. 
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4.2.3  MitoQ10 Effects on Total H2O2 Formation in Isolated 

Rat Liver Mitochondria 

 

Plecitá-Hlavatá et al. claim that MitoQ10 exerts its pro-oxidant action in intact cells, 

but by contrast it serves as an antioxidant due to excess superoxide generation by   

Complex I when electron flow is inhibited, e.g. by rotenone [2]. To compare these results, 

which were obtained by using MitoSOX Red fluorescence confocal microscopy             

O2
●- monitoring, with the behavior of isolated mitochondria, Amplex Red H2O2 detection 

assay was used on mitochondria supplemented with a mix of respiratory substrates. The 

combination of both, Complex I-linked substrates (glutamate plus malate) and           

Complex II-linked substrates (succinate) applied to rat liver mitochondria, contributes to a 

better approximation of in vivo conditions. Mitochondria were allowed to undergo either 

state 4 respiration or state 3 respiration, the latter was induced by 0.5 mM ADP,                          

0.5 mM potassium phosphate together with 100 µM MgCl2, and lasted more than             

10 minuntes (this was verified by an Oxygraph).  

 

H2O2 production was slightly elevated by rotenone in state 3 of mitochondrial 

respiration (Fig. 29, page 65), which is the only observation in accordance with the results 

of Plecitá  et al. reported for cells [2]. In contrast, H2O2 production was slightly reduced by 

rotenone in state 4 respiration (Fig. 29, page 65), indicating an inhibitory effect of 

rotenone on the reverse electron transport. Moreover, MitoQ10 showed only a slight       

pro-oxidant effect in state 4 respiration whereas doubled H2O2 production in state 3 as 

compared to the controls (Fig. 29, page 65). In the presence of rotenone, MitoQ10 raised 

state 4 and state 3 H2O2 formation 1.75-fold and 2.5-fold, respectively (Fig. 29, page 65). 

A significant MitoQ10 pro-oxidant effect was observed also with rotenone, EIPA, and 

FCCP (Fig. 29, page 65). The modest increase of H2O2 production brought on by MitoQ10 

in state 4 respiration with TTFA, in either presence or absence of rotenone, was exceeded 

in state 3 (Fig. 30, page 66). DecylTPP took no effect (Figs. 29–30, pages 65–66), while 

TTFA diminished the basal level of H2O2 formation stipulated by rotenone. High levels of 

H2O2 formation (≥ 250% of the level established by rotenone) occurred upon the 

application of antimycin A, stigmatellin, and myxothialzol, Complex III inhibitors, in 
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combination with rotenone and MitoQ10, plus or minus TTFA (Fig. 31, page 67). 

 

FIGURE 29  MitoQ10-induced generation of H2O2 by isolated rat liver 

mitochondria. Mitochondria were allowed to respire on 5 mM glutamate, 1 mM 

malate, and 5 mM succinate.        hatched bars: H2O2 production at state 3 respiration 

set by 0.5 mM ADP, 0.5 mM KPi, and 100 µM MgCl2 (n = 3);       horizontally-crossed 

bars: H2O2 production at state 4 respiration. Reagent concentrations were:                    

1 nM MitoQ10, 1 nM DecylTPP, 1 µM EIPA, 1 µM FCCP. Rates were normalized to 

20 µM rotenone (taken as 100%). 

* 

* 

* 

* 

* 

* 

* 

* 
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FIGURE 30  MitoQ10-induced generation of H2O2 by isolated rat liver 

mitochondria in the presence of TTFA. Isolated mitochondria were allowed to 

respire on 5 mM glutamate, 1 mM malate, and 5 mM succinate.         hatched bars: 

H2O2 production at state 3 respiration set by 0.5 mM ADP, 0.5 mM KPi, and              

100 µM MgCl2 (n = 3);        horizontally crossed bars: H2O2 production at state 4. 

Reagent doses were: 1 nM MitoQ10, 1 nM DecylTPP, 1 µM EIPA, 1 µM FCCP, and   

10 µM TTFA. Rates were normalized to 20 µM rotenone (taken as 100%). 

* 

* 

* 

* 

* 

* 
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FIGURE 31  MitoQ10-induced generation of H2O2 by isolated rat liver 

mitochondria in the presence of Complex III inhibitors. Isolated mitochondria were 

allowed to respire on 5 mM glutamate, 1 mM malate, and 5 mM succinate.        hatched 

bars: H2O2 production at state 3 respiration set by 0.5 mM ADP, 0.5 mM KPi, and     

100 µM MgCl2 (n = 3);       horizontally crossed bars: H2O2 production at state 4 

respiration. Reagent concentrations were: 1 nM MitoQ10, 10 µM TTFA,                     

2.5 µM antimycin A, 0.5 µM stigmatellin, and 1 µM myxothiazol. Rates were 

normalized to 20 µM rotenone (taken as 100%). 
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4.2.4   MitoQ10 Effects on Respiration of Mitochondria Isolated 

from HepG2 Cells 

 

Respiration experiments with isolated rat liver mitochondria had shown respiratory 

accelertion stimulated not only by MitoQ10 but also by DecylTPP. This finding evoke the 

need of conducting further experiments with mitochondria isolated from HepG2 GLC25 

cells. State 3 respiration driven by 5 mM glutamate, 1 mM malate and 5 mM succinate 

was induced, as previously, by the addition of 0.5 mM ADP, 0.5 mM potassium 

phosphate, and 100 µM MgCl2. The outcome (Fig. 32, page 69) was again a                  

1.37-fold (± 0.05, n = 3) increase in MitoQ10-induced state 3 respiration with                

half-maximum effect occurring at 1 nM MitoQ10, and a 1.4-fold (± 0.10) increase in 

rotenone-inhibited    MitoQ10-induced state 3 respiration acceleration with an AC50 of 0.7 

nM. High numbers were again obtained with DecylTPP, 1.36-fold (± 0.1) and 1.5-fold 

respiratory activation in the absence and presence of rotenone, respectively (state 3, 

glutamate, malate plus succinate substrate conditions, not shown). Different behavior of 

DecylTPP from the observed in experiments with cells in situ can be best explained by 

more pronounced partitioning of DecylTPP into the membranes of isolated mitochondria 

[264]. 
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FIGURE 32  MitoQ10 stimulates state 3 respiration of mitochondria isolated from 

GLC25 HepG2 cells in the presence of rotenone. Mitochondria (0.75 mg/ml) were 

treated with 5 mM glutamate plus 1 mM malate (GM), 0.5 µM rotenone (Rot) added 

twice, 5 mM succinate (S), 0.5 mM ADP added together with 0.5 mM potassium 

phosphate plus 100 µM MgCl2, and 0.2 nM MitoQ10 as indicated at each arrow. 
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4.3         Mitochondrial Phospholipase iPLA2-Dependent 

Regulation of Uncoupling Protein 2 

 

4.3.1   TBHP Induces Increase in Respiration of Isolated Rat 

Lung Mitochondria 

 

Alán et al. determined the highest content of mouse UCP2 mRNA levels in lung 

among all other tissues analyzed by real-time RT-PCR [174], justifying lung as an eligible 

choice of tissue used in this project with the prospect of engaging UCP2-deficient mice in 

experiments described in chapter 4.3.3 (page 77). Abundant levels of UCP2 mRNA 

transcripts were found in rat lung as well, although surpassed by the content of UCP2 

mRNA in spleen and heart tissues [174]. Hence, high-resolution respirometry was used to 

monitor respiration of isolated rat lung mitochondria respiring in state 4 with succinate as 

a substrate. Rotenone and oligomycin were included in the assay medium to ensure that 

respiration relies solely on forward electron transport originating from Complex II-linked 

substrates and no phosphorylation by Complex V was in effect, respectively. 

 

Pro-oxidant tert-butyl hydroperoxide (TBHP) treatment was used to simulate lipid 

peroxidation. Possibly, traces of free Fe2+ and other transient metals in isolated 

mitochondria lead to a Fenton reaction under which species' ability to initiate lipid 

peroxidation arises. The resulting lipoperoxidized mitochondria would serve as the model 

for fatty acid release from membrane phospholipids. It was shown before that 

phospholipases A2 are activated upon TBHP treatment [159]. Here, tert-butyl 

hydroperoxide (5 µM) stimulated basal respiration of rat lung mitochondria at saturating 

doses, see Fig. 33 (page 71). The observed respiratory acceleration might be explained on 

the basis of more pronounced uncoupling. Hence, FCCP (5 nM), a chemical uncoupler, 

was added to assess a partially uncoupled state of respiration (Fig. 33, page 71). Both, 

stimulated and the control trace leveled off at an equal rate of uncoupled respiration, but 

the former had been already elevated by TBHP. 
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FIGURE 33  tert-Butyl hydroperoxide induces increase in respiration of isolated 

rat lung mitochondria. Mitochondria (0.2 mg/ml) were allowed to respire in the assay 

medium containing 10 mM succinate, 1 µM rotenone, and 1 µg/ml oligomycin. Rates 

are shown for the following additions: 5 nM FCCP to both traces, and                      

black trace: no further additions; blue trace: 5 µM TBHP (added twice). 
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4.3.2  Mitochondrial iPLA2 Promotes UCP2-dependent 

Uncoupling 

 

The respiration increase induced by TBHP was was fully inhibited by BSA (Fig. 34, 

page 73), added before TBHP, indicating the participation of free fatty acids in the 

observed uncoupling. Note that free acids are required as substrates for UCP-dependent 

uncoupling. Furthermore, the TBHP-induced respiration increase was blocked by 

bromoenol lactone (BEL), see Figs. 35–36 (pages 74–75), a specific inhibitor of 

phospholipase iPLA2 isoforms β and γ [143]. This is in line with the theoretical 

presumption that indeed free PUFAs and/or PUFAOOH were cleaved off the peroxidized 

phospholipids, thus supporting activation of mitochondrial iPLA2 along with the proposed 

uncoupling activity (Fig. 33, page 71). This result could not have been reproduced by 

neither methyl arachidonyl fluorophosphonate (MAFP), nor arachidonyltrifluoromethyl 

ketone (AACOCF3), specific inhibitors of α and β isoforms of mitochondrial iPLA2       

(not shown), pointing to the involvement of iPLA2γ isoform. The respiration increase 

brought on by TBHP was further amenable to partial inhibition by GTP (Fig. 37, page 76), 

an inhibitor of UCP2 [265]. 
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FIGURE 34  The TBHP-dependent increase in respiration of isolated rat lung 

mitochondria is inhibited by BSA. Mitochondria (0.2 mg/ml) were allowed to respire 

in the assay medium containing 10 mM succinate, 1 µM rotenone, and                          

1 µg/ml oligomycin. Rates are shown for the following additions: 5 µM TBHP (added 

twice) and 5 nM FCCP to both traces. The assay medium was further supplemented 

(prior to TBHP) with black trace: 0.2 mg/ml BSA; blue trace: no further 

supplementation. 
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FIGURE 35  The TBHP-dependent increase in respiration of isolated rat lung 

mitochondria is inhibited by bromoenol lactone. Mitochondria (0.2 mg/ml) were 

allowed to respire in the assay medium containing 10 mM succinate, 1 µM rotenone, 

and 1 µg/ml oligomycin. Rates are shown for the following additions: 5 µM TBHP 

(added twice) and 5 nM FCCP to both traces. The assay medium was further 

supplemented (prior to TBHP) with black trace: 10 µM BEL; blue trace: no further 

supplementation. 
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FIGURE 36  TBHP dose response for increase in respiration of isolated rat lung 

mitochondria with and without BEL. Mitochondria (0.2 mg/ml) were allowed to 

respire in the assay medium containing 10 mM succinate, 1 µM rotenone, and              

1 µg/ml oligomycin. Rates are shown for varying amounts of added TBHP, as 

exemplified in Fig. 35 (page 74). The assay medium was further supplemented (prior 

to TBHP) with black trace:  10 µM BEL; blue trace: no further supplementation. 
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FIGURE 37  The TBHP-dependent increase in respiration of isolated rat lung 

mitochondria is inhibited by GTP. Mitochondria (0.2 mg/ml) were allowed to respire 

in the assay medium containing 10 mM succinate, 1 µM rotenone, and                          

1 µg/ml oligomycin. Rates are shown for the following additions: 10 µM TBHP (added 

twice), 0.5 mM GTP, and 5 nM FCCP to both traces. The assay medium was further 

supplemented (prior to TBHP) with black trace: 10 µM BEL; blue trace: no further 

supplementation. 
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4.3.3  The Effect of TBHP and GDP on Lung Mitochondria 

Isolated from UCP2-WT and UCP2-KO Mice – the Effect is 

Absent in KO 

 

The most important support for the UCP2-dependent increase in respiration evoked 

by TBHP comes from the experiments with UCP2 knock-out mice. When compared to 

mitochondria isolated from the wild-type mice, much lower TBHP effect and no effect of 

GDP is gained with mitochondria isolated from UCP2-KO mice (Fig. 38). 

 

 

 

FIGURE 38  The effect of TBHP and GDP on lung mitochondria isolated from 

UCP2-WT and UCP2-KO mice. Mitochondria (0.1 mg/ml) were allowed to respire in 

the assay medium containing 10 mM succinate, 1 µM rotenone, and                              

1 µg/ml oligomycin. Rates are shown for the following additions: 25 µM TBHP,        

0.5 mM GDP (added twice), and 20 nM FCCP to both traces. Mitochondria were 
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isolated from black trace: UCP2-KO mice; blue trace: UCP2-WT mice. Y-axis was 

manipulated to include the off-scale part of both traces. 

4.3.4   H2O2 Production Monitored with Amplex Red during 

TBHP-induced Oxidative Stress and its Acceleration by BEL 

 

   Parallel detection of H2O2 and possibly of other ROS by Amplex Red revealed that 

BSA and BEL accelerated ROS production upon TBHP treatment in mitochondria isolated 

from rat lung tissue under the given experimental conditions (Fig. 39, page 79). It reflects 

the fact that at sole TBHP treatment, the UCP2-mediated uncoupling initiated by free 

FAOOHs (its cycling substrates) partially suppresses the mitochondrial superoxide 

production which is reflected by our assay as H2O2 formation. With the removal of these 

free FAOOHs by BSA or with blockage of their cleavage off the phospholipids by BEL 

the attenuation of the H2O2 formation is not observed. 
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FIGURE 39  TBHP-induced generation of H2O2 and appearance of ROS by 

isolated rat lung mitochondria is accelerated by BSA and bromoenol lactone. 

Mitochondria (0.2 mg/ml) were allowed to respire in the assay medium containing            

10 mM succinate, 1 µM rotenone, and 1 µg/ml oligomycin. Rates are shown for the 

following additions: 10 µM TBHP, 50 nM FCCP, and 0.1 µM H2O2 to all traces, and 

red trace: no additions (Ctrl); blue trace: 0.2 mg/ml BSA; green trace: 10 µM BEL. 

 

 



81 
 

 
4.4   The Elevation of State 4 Respiration upon 

Adaptation to Physiological  Normoxia 

 

4.4.1   Glycolytic Cells Reduce Respiration at 5% Oxygen in 

Parallel with Eliciting Less Efficient Oxidative Phosphorylation 

than OXPHOS Cells 

 

Hepatocellular Carcinoma Cells (HepG2) were incubated at 5% O2 for three days 

under three different metabolic states. Control cells were incubated at atmospheric O2  in 

parallel for the same period of time under the same conditions. Metabolic status of the cell 

was modulated by varying cell culture medium components with OXPHOS cells 

(cultivated in galactose plus glutamine) utilizing mainly oxidative phosphorylation, and 

GLC5 or GLC25 cells (cultivated in 5 mM or 25 mM glucose, respectively) relying 

predominantly on anaerobic pathways of energy production, as previously established     

[1, 114]. After three days, respiratory properties of cells incubated either at atmospheric 

(21%) oxygen or at 5% O2 were assessed either at atmospheric or 5% O2 levels. These 

conditions, tagged as normal, adapted, instant adapted, and recovered cells, are 

summarized in Table 5 (page 81). Normal condition refers to the atmospheric cultivation 

of cells and respiration measurement initiated at atmospheric O2. Adapted condition refers 

to a three-day cultivation of cells at 5% O2 and respiration measurement initiated at        

5% O2. Instant adapted condition means atmospheric cultivation and the cells measured at 

initial 5% O2. Recovered condition means three-day cultivation at 5% O2 and the cells 

measured at initial atmospheric O2. Endogenous respiration of glucose-cultivated cells, 

GLC5 and GLC25, dropped by 55% and 61%, respectively, after a 3-day adaptation to   

5% O2 (Figs. 40–41, pages 82–83). In contrast, OXPHOS cells elicited only 16% decline 

in endogenous respiration (Figs. 40–41, pages 82–83). Therefore, cells with lower 

oxidative phosphorylation content are more prone to decline of respiration. No statistically 

significant differences in the respiratory rates were observed upon instant adaptation 

independently of the cell metabolic type (Figs. 40–41, pages 82–83). Furthermore, 

elevated state 3/state 4 respiratory control ratio (i.e. the ratio of respiratory rates before and 
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after the addition of 0.1 µg/ml oligomycin) calculated for OXPHOS cells indicates that 

these cells contain higher proportion of phosphorylating mitochondria than glycolytic cells 

(Fig. 42, page 84). This is in agreement with the presumption that OXPHOS cells utilize 

efficient oxidative phosphorylation tightly coupled to mitochondrial respiration. On the 

other hand, uncoupled state/state 4 respiratory control ratio (i.e. the ratio of respiratory 

rates after and before the titration of FCCP to saturation, occurring between 2 and 6 µM) 

takes into account maximally obtainable respiration of fully uncoupled state imposed by 

saturating amounts of FCCP. High-amplitudes of uncoupled state were observed for all 

metabolic conditions independently of the O2 level during adaptation, with the exception 

of GLC5 cells adapted to 5% O2 (Fig. 43, page 85). 

 

TABLE 5 Oxygen conditions during HepG2 cell cultivation and the following 

respiration measurement. 

Condition of the cells 

O2 level during a 

3-day cultivation 

O2 level during 

respiration measurementa 

normal atmospheric atmospheric 

adapted 5% 5% 

instant adapted atmospheric 5% 

recovered 5% atmospheric 

aValue at which the respiration was initiated. 
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FIGURE 40  Respiratory rates of HepG2 cells in atmospheric and 5% oxygen. 

Cellular respiration rates, i.e. without any agents added, are shown for the following 

conditions (defined in Table 5, page 81):        black bars: normal;       dashed light grey 

bars: adapted;      dashed dark grey bars: instant adapted; and       white bars: 

recovered. Data are compiled from 7 different experimental cultivations for each 

condition with n ranging between 1 and 7 for each cultivation. 

 

* 
* * 
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FIGURE 41  Extent of adaptation of HepG2 cells to 5% oxygen. Respiration rates 

from Fig. 40 (page 82) were normalized to the rate for the condition, in which cells 

were not subjected to low O2 atmosphere (taken as 100%), for the following conditions 

(defined in Table 5, page 81):       black bars: adapted;       dashed light grey bars: 

instant adapted;      dashed dark grey bars: recovered. Data are compiled from               

7 different experimental cultivations for each condition with n ranging between             

1 and 7 for each cultivation. 

 

* 
* 

* 
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FIGURE 42  State 3/state 4 respiratory control ratios of HepG2 cells in 

atmospheric and 5% oxygen. State 3/state 4 respiratory control ratios are shown for 

the following conditions (defined in Table 5, page 81):         black bars: normal;  

       dashed light grey bars: adapted;         dashed dark grey bars: instant adapted; and 

       white bars: recovered. State 3 represents endogenous respiration and state 4 was 

established by the addition of 0.1 µg/ml oligomycin. Data are compiled from                 

7 different experimental cultivations for each condition with n ranging between             

1 and 7 for each cultivation. 

 

* 

* 

* 
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 FIGURE 43  Uncoupled respiration/state 4 respiratory control ratios of HepG2 

cells in atmospheric and 5% oxygen. Uncoupled respiration/state 4 control ratios are 

shown for the following conditions (defined in Table 5, page 81):         black bars: 

normal;       dashed light grey bars: adapted;       dashed dark grey bars: instant 

adapted; and       white bars: recovered. Uncoupling was induced by saturating amounts 

of FCCP (between 2 and 6 µM) and state 4 was established by the addition of            

0.1 µg/ml oligomycin. Data are compiled from 7 different experimental cultivations for 

each condition with n ranging between 1 and 7 for each cultivation. 

 

 

 

 

* 
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4.4.2   Glycolytic Normoglycemic Cells Adapt to 5% Oxygen by 

Elevated State 4 Respiration 

 

On average, a 37%, 14%, and 15% decrease of state 3/state 4 respiratory control 

ratio was observed for GLC5, GLC25, and OXPHOS cells after a 3-day adaptation to     

5% O2, respectively (Fig. 42, page 84). Likewise, a 37% decrease (on average) of 

uncoupled  state/state 4 respiratory control ratio was observed for GLC5 cells after a         

3 day-adaptation to 5% O2 (Fig. 43, page 85). The cause behind these phenomena was a 

relatively increased state 4 respiration of cells adapted to 5% O2. This observation can be 

derived from Figs. 42–43 (pages 84–85).  

 

However, no statistically significant decrease of respiratory control ratios occurred 

neither after the recovery of GLC5 cells from a 3-day incubation at 5% O2, either after 

instant transfer of GLC5 cells to 5% O2 during the actual respiration measurement      

(Figs. 42–43, pages 84–85). 

  

4.4.3   Dependence of Cellular Respiraton Rate on Oxygen 

Concentration 

 

Instant adaptation (for definition see Table 5, page 81) of HepG2 cells cultivated for 

3 days at atmospheric O2 was also stimulated by their continuous oxygen depletion inside 

the respirometer chamber, as exemplified for OXPHOS cells in Fig. 44 (page 87).           

No significant difference in the rate of respiration was observed within the plateau reached 

after the initial addition of cells. Constant rate of O2 consumption sustained until              

O2 concentration reached 2%, followed by a rapid drop to zero. This result well coincides 

with measurements of cells instant-adapted by their direct transfer to 5% O2, as no 

statistically significant difference in respiratory rates occurred there as well when 

compared to the control (Fig. 40, page 82). Similar dependence was gained for glycolytic 

GLC5 and GLC25 cells (not shown). 
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FIGURE 44  Rate of Respiraton monitored during oxygen depletion by normoxic 

OXPHOS HepG2 cells. Traces are shown for OXPHOS cells (cultivated at 

atmospheric O2) undergoing endogenous respiration without any agents added until 

depleting all the oxygen, blue: O2 concentration (left axis); red: respiratory rate (right 

axis). Note that 5% O2 corresponds to ~ 45 nmol/ml (45 µM) oxygen. 
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5          DISCUSSION 

 

5.1     Mechanism of Attenuation of Mitochondrial 

Complex I Superoxide Production by Uncoupling 

 

It was established in our group that superoxide production within mitochondrial 

Complex I could be regulated by feedback pressure of the proton motive force (∆p) or its 

membrane potential part (∆Ψm) [1, 114]. In order to support this working hypothesis and to 

study the relationship between Complex I-derived O2
●− production and ∆p, one can either 

take advantage of chemical uncouplers (such as FCCP), which dissipate overall ∆p, or 

more direct strategy would be to prevent its build-up. This can be elegantly achieved by 

inhibiting proton pumping mediated by Complex I, allowing the interrelationships among 

respiration (i.e. rate of electron flow), O2
●− production, and H+-pumping to be scrutinized 

in more detail. I have revealed for the first time that 5-(N-ethyl-N-isopropyl)amiloride 

(EIPA) is a true inhibitor of H+-pumping specific for mitochondrial Complex I            

(Figs. 13–19, pages 43–49). 

 

Employing EIPA as Complex I H+-pumping inhibitor has important consequences 

on ascribing the role of conformational changes transducing redox energy of the electron 

transport to H+-pumping. Based on the resolved crystal structure of Complex I membrane 

domain, Baranova et al. predicts that these loose conformational changes are acting over a 

long-range distance [94]. Na+/H+ antiporter-like subunits NuoL, NuoM, and NuoN, or 

their human ND5, ND4, and ND2 homologues, lie at the distal end of the membrane 

domain. At the other side, the origin of conformational changes lies within the peripheral 

domain of Complex I and it has been predicted to involve semiquinone intermediates [80]. 

 

Our hypothetical model (Fig. 45, pages 89–90) brings into scope the attributes 

associated with Complex I, i.e. rate of superoxide O2
●− production, electron transport,      

H+-pumping, and the intensity of conformational changes coupling these events, NADH 
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pressure from the electron entrance side, and proton motive force backpressure (∆p).  
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FIGURE 45  Hypothetical interrelationship among the rates of electron flow,     

H+-pumping, and intensities of the associated conformational changes within 

Complex I. Predicted mode of Complex I action is shown for the following states:  (a) 

rotenone block; (b) rotenone plus FCCP; (c) rotenone plus EIPA; and (d) no additions. 

Accumulation of NADH (NADH), faster electron transport (e-), higher rate of 

superoxide production (O2
●-), and faster H+-pumping (H+), are indicated by larger font 

size of the symbols in parentheses, and vice versa. Larger arrow and arrow line 

thickness corresponds to black arrows: faster rates of redox reactions or H+-pumping; 

gray arrows: higher intensity of conformational changes acting between the peripheral 

and membrane arm of Complex I; and vice versa. Dotted arrow lines represent very 

low or negligible fluxes. Note that the Complex I diagrams are oriented with the 

matrix-exposed peripheral arm facing down. 
 

In intact Complex I (Fig. 45d, pages 89–90), NADH pressure is very low because of 

unobstructed electron flow which is thus very fast. Unimpeded electron flow is the cause 

also for low probability of electron diversion to oxygen, hence diminishing                    

O2
●− production, but also for very high intensity of conformational changes causing fast 

H+-pumping. From the other side of the membrane high ∆p exerts feedback inhibition 

pressure directed against the excessive H+-pumping.  Based on the hypothetical 

localization of O2
●− formation to FMN [59, 100–101] and/or to either of the three 

predicted semiquinone radicals [40, 102], we may predict that conformational changes 

develop somewhere on the way between these sites and the N2 subunit of Complex I 

[267]. 

 

When Complex I inhibitor is present, such as rotenone, the situation becomes more 

complex due to the stimulated blockade of electron flow within the peripheral arm of 

Complex I (Fig. 45a, pages 89–90). Accumulation of electrons leads to a high               

O2
●− generation imposed by bifurcation of the electron flow to molecular oxygen induced 

by rotenone and high NADH pressure. But high O2
●− formation is favored also because of 

another, more indirect reason, taking into account conformational changes. Again, high    

∆p backpressure reduces the intensity of H+-pumping and the concomitant conformational 

changes, hence contributing to the hindered electron throughput within Complex I. 
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High ∆p can be dissipated by the addition of FCCP (to rotenone-inhibited 

mitochondria, Fig. 45b, pages 89–90), which shortcircuits H+-pumping. Uncoupler 

essentialy reduces   ∆p to zero, relieving the regulatory block of very fast H+-pumping and 

the accompanying   high-intensity conformational changes. The re-established fast electron 

flow not only drives conformational changes but also reduces O2
●− production to low 

levels, so that the diversion of electron flow to O2 is no more preferred, even if electron 

flow retardation by rotenone prevails. In turn, NADH-associated pressure is relieved with 

the reaccelerated electron/proton traffic as well. It has been found by Dlasková et al. that 

EIPA prevents FCCP-mediated attenuation of rotenone-induced O2
●− production [1], 

confirming that the FCCP-induced release of pressure exerted by proton motive force 

slows down O2
●− formation through rapid reacceleration of H+-pumping.  

 

Circumstances are reversed again when rotenone and EIPA are used in combination, 

as depicted in Fig. 45c (pages 89–90). Assuming that EIPA blocks Comlex I H+-pumping 

independently of ∆p, the intensity of conformational changes would be lowered by the 

block instigated by EIPA. Consequently, slow electron flux would lead to increase in the 

rate of O2
●− generation by Complex I and the pressure coming from NADH. This is a 

parallel situation to the one described in Fig. 45a (pages 89–90) for sole rotenone. Taken 

together, EIPA substitutes for the block imposed by the proton motive force if no 

uncoupler is present. However, the loose character of conformational changes would still 

allow some residual electron transfer throughout the peripheral arm of Complex I to occur 

despite the inhibition of H+-pumps by EIPA. 

 

Our hypothesis stating that high-intesity conformational changes would enable 

increased redox energy transmission to H+-pumping, thus relieving “electron congestion” 

at superoxide-evolving sites (Fig. 45b, pages 89–90), is fully in agreement with Peter 

Mitchell's chemiosmotic theory [266] which postulates respiratory control on the proton 

pumps of the respiratory chain by the backpressure of proton motive force. H+-pumping 

rate increases with ∆p pressure release during uncoupling or Complex V-mediated 

phosphorylation. One may speculate that the ∆p feedback pressure is en essential 

prerequisite for O2
●− generation by Complex I due to the low intensity of conformational 

changes (Fig. 45a, pages 89–90). 
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By providing EIPA as a reliable H+-inhibitor, I have extended the work of Dlasková 

et al. [114] to demonstrate that in addition to the electron flow retardation induced by 

rotenone, O2
●− production takes place, also when H+-pumping is limited by the presence of 

high ∆p (or high ∆Ψm). We may also hypothesize that similar feedback mechanism exists 

for the H+-pumping pathway in the retrospective of generally accepted theory of 

respiratory control [4, 50–52]. In this view, feedback pressure by ∆p (or ∆Ψm) would limit               

H+-pumping toghether with the accompanying conformational changes, which would 

retard the redox traffic at the peripheral arm of Complex I leading to prolonged half-lifes 

of ubisemiquinone species, hence giving rise to elevated O2
●− production. These effects 

would be more pronounced in state 4 respiration due to higher ∆p backpressure, explaining 

the low but constant rate of ROS production in the presence of respiratory control exerted 

via H+-pumping [4, 23, 80].  

 

Our interpretation could be disputed by the fact that the mitochondrial Na+/H+ 

antiporter but not Complex I is inhibited by EIPA [268]. In this case one would expect 

much higher mitochondrial matrix alkalinization to occur but this was not observed even 

in media containing Na+ (Fig. 18, page 48). Further support for our hypothesis comes from 

the experiment in which Na+/H+ antiport was mimicked by the addition of monensin 

showing that this perturbation does not influence the acidification induced by EIPA      

(Fig. 18, page 48). The observation that EIPA-stimulated Complex I inhibition takes place 

also in the presence of the simulated Na+/H+ antiport excludes the possibility that EIPA 

would inhibit mitochondrial Na+/H+ antiporter. Hence we can reason out that the Na+/H+ 

antiport activity is negligible when compared to proton pumping and conclude that the 

Na+/H+ carrier does not interfere with our results neither with their interpretation. If this 

was not true, the inhibition of mitochondrial Na+/H+ antiporter by EIPA would also lead to 

a slight increase of proton motive force ∆p, by the amount which is consumed to drive the 

Na+/H+ antiport when no EIPA is present. Even a slight ∆p increase would raise            

O2
●− production. This fact would contradindicate the benefical use of hydrophobic 

amiloride drugs that are administered to prevent ischemic injury [269]. 

 

The attenuation of Complex I-derived O2
●− production by uncoupling is important 

with respect to hazards that oxidative stress could pose on ambient cellular components. 

Assuming that the entire O2
●− production is released by Complex I to mitochondrial matrix 



95 
 

[43, 54], the mechanism described by us (Fig. 45, pages 89–90) can be considered 

plausible in context with the self-potentiating vicious cycle model [4, 20–22]. Among all 

the matrix constituents, mitochondrial DNA (mtDNA) is the most susceptible element to 

oxidative stress [112–113, 269–270]. When mtDNA mutations happen to occur in the 

coding regions of Complex I H+-pumping subunits (e.g. ND5, ND2, or ND4), the 

consequent retardation of H+-pumping would presumably cause increased O2
●− production 

by Complex I and more pronounced oxidative stress [1, 114]. Elevated oxidative stress 

would represent higher risk to inflict further oxidative damage to mtDNA, but also to 

lipids, and proteins. By this mechanism the continuous self-accelerating vicious cycle 

augments  oxidative damage until an ultimate threshold for apoptosis and/or pathological 

condition is met [4, 17]. 

 

To summarize, the contribution of Complex I-mediated O2
●− production to oxidative 

stress as well as the capability to regulate oxidative stress by uncoupling is a vital attribute 

of mitochondria as a DNA-containing organelle. We may speculate whether uncoupling 

proteins play the major part in down-regulating reactive oxygen species in vivo                

[4, 43, 165, 271]. However, we show for the first time that uncoupling is not efficient 

enough to attenuate Complex I-derived O2
●− production under circumstances when         

H+-pumping is disabled, i.e. by EIPA in the experimental set-up or by mutated ND2, ND4, 

or ND5 Complex I subunits in diseases. Our work clearly shows that strategies counting 

solely on uncoupling cannot be exercised to counteract maladies associated with defective 

mitochondrial genome-encoded H+-pumping subunit. 

 

5.2  Targeting of MitoQ10-related Therapeutics to 

Oxidative Stress 

 

Results of my colleagues have evidenced antioxidant action of MitoQ10 in HepG2 

cells when oxidative stress was simulated by inhibition of Complex I with rotenone, as 

well as the characteristic of MitoQ10 to interact with ubiquinone binding sites of Complex 

I and Complex II [2]. I have contributed to unraveling the mechanism of MitoQ10            

pro-oxidant and anti-oxidant effects by observing respiratory acceleration either in the 
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absence of rotenone (pro-oxidant effect) or in its presence (an antioxidant effect). 

 

Excessive production of Complex I-generated O2
●- can be alleviated by mild 

uncoupling, achieved either by artificial uncoupler or through the action of uncoupling 

proteins [272]. The main advantage of MitoQ10 over uncoupler-based antioxidants is that it 

remains effective even when H+-pumping by Complex I is hindered, as is the case of aging 

and diseases arising from accumulation of oxidative damage to segments of mtDNA 

encoding Complex I H+-pumping subunits ND2, ND4, and ND5 [1, 114]. This fact makes 

mitochondria-targeted antioxidants, such as MitoQ10 or SkQ1 [273], worthy candidades 

when considering effective therapeutic intervention. 

 

In my results, I have systematically elucidated the mechanism of antioxidant action 

of MitoQ10, i.e. when  the electron flow is blocked within Complex I (by rotenone). 

MitoQ10 causes an overall bypass of the electron blockade since the rotenone-retarded 

respiration was reaccelerated by nanomolar concentrations of MitoQ10 (Fig. 23, page 57, 

Table 4, pages 53–54). The reaccelerated electron flow allows for the attenuation of 

rotenone-induced O2
●- production generated by Complex I [1]. To estimate the degree of 

oxidative stress, MitoSOX Red method was developed by my colleague Ing. Andrea 

Dlasková, Ph.D., allowing for the detection of in situ mitochondrial O2
●- production 

released to the mitochondrial matrix, i.e. the fraction of O2
●- which is not neutralized by 

MnSOD [114].  

 

According to our hypothesis (Fig. 46a, pages 95–96), antioxidant role of MitoQ10 

can take place only when its reduced form MitoQ10H2 is regenerated by the participation 

of Complex II. MitoQ10 accepts electrons from Complex I prior the downstream Q-site 

blocked by rotenone (Fig. 46a, pages 95–96). Electron flow is further conveyed via a 

fraction of Complex II molecules operating in the reverse mode (equivalent to reverse 

electron transport), so that succinate is produced from fumarate. The biased electron flow 

is then merged with the usual succinate-driven forward electron transfer pathway 

delivering the electrons into the Q-pool.  
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FIGURE 46  MitoQ shuttle. The scheme shows interconnected activities of the 

MitoQ10 (MitoQ, MitoQH2) and coenzyme Q (Q, QH2) cycles with accompanying 

electron flow through the respiratory chain under the following conditions:                

(a) Complex I electron flow blocked by rotenone; (b) no further additions; (c) Complex 

I and Complex II electron flow blocked by rotenone and TTFA, respectively. Larger 

arrow and arrow line thickness corresponds to higher flux intensity, and vice versa. 

Dotted arrow lines represent reduced or repressed fluxes. Complex I (C I) is shown to 

comprise the Fe-S cluster N2 (N2), H+-pumping subunit ND5 (ND5), and the putative 

conformational changes (zig-zag line). Two molecules of Complex II (C II) are 

displayed, one acting in the reverse mode (shown on the left). Complex III (C III) 

contains cytochromes b566 (b566), b562 (b562), iron-sulfur protein (ISP), cytochrome c1 

(cytc1), mobile cytochrome c (cytc), and the Qo and Qi binding sites for coenzyme Q.  

 

My results support this hypothesis (Fig. 46, pages 95–96) because the acceleration 

of respiration is absent after the addition of TTFA, an inhibitor of Complex II               

(Fig. 28, page 63, Table 4, pages 53–54). The result of succinate and fumarate cycling is 

continuously increasing concentration of ubiquinol (QH2) at the expense of the oxidized 

Q-pool, mainly due to the presence of rotenone and the competition between the native 

CoQ and MitoQ10 for the ubiquinone-binding site. The possibility that the electron flow is 

relayed directly to the Qo site on Complex III by MitoQ10 is excluded because of the 

positive charge of MitoQ10 that restricts its localization to negatively-charged matrix side 

of the inner mitochondrial membrane at sufficient ∆Ψm. 

 

Amplex Red monitoring of H2O2 generation by isolated rat liver mitochondria under 

simulated in situ conditions did not reveal any antioxidant properties of MitoQ10           

(Fig. 29, page 65). The reasons why Plecitá-Hlavatá et al. found different profile for      

O2
●- generation in cells, depicted in Fig. 8 (page 20), may stem from the different methods 

used [2]. In cells, MitoSOX Red assay detects direct O2
●- generation arising from Complex 

I and III inward ubisemiquinone sites, i.e. oriented towards matrix [2], whereas Amplex 

Red is sensitive to hydrogen peroxide, downstream dismutation product of O2
●-, no matter 

where it originates (at inward orieneted sites, or at Complex III outward-oriented 

ubisemiquinone site Qo). Hence, these has to be viewed as completely different quantities. 
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As a result, Amplex Red assays total ROS production. This explains the reason why 

Plecitá-Hlavatá et al. observed antioxidant properties of MitoQ10 only when poised by 

electron flow blockade or H+-pumping retardation within Complex I [2], see Fig. 8      

(page 20). The blockage of electron flow brought on by rotenone shifts equilibrium of the 

Q-cycle towards the oxidized form of coenzyme Q resulting in elevated O2
●- formation at 

the external Qo site of Complex III (Fig. 46a, pages 95–96), which is detected by the 

Amplex Red assay (after the conversion of O2
●- to H2O2 catalyzed by CuZnSOD) but not 

by the MitoSOX Red assay. Hence, MitoSOX Red is sensitive enough to detect the 

decrease of Complex-I mediated inward O2
●- production that is effectively masked for 

Amplex Red detection (despite the presence of MnSOD converting O2
●- to H2O2) by the 

burst of O2
●- release into the intermembrane space (Figs. 8, 46a, pages 20, 95–96).  

 

When no rotenone is present (Fig. 46b, pages 95–96), an equilibrium shift of the    

Q-cycle, owing to the competition between MitoQ10 and the coenzyme Q, favors the 

oxidized form of CoQ to predominate. The concomitant elevated NADH/NAD+ ratio and 

electron flux led to higher Complex I-mediated O2
●- production [101] in comparison to 

intact respiratory chain in the absence of MitoQ10. Furthermore, the possibility that 

MitoQ10 accesses also the internal Qi site of Complex III, competing for this site with the 

native CoQ, might not be excluded. In this case further retardation of the Q-cycle would 

analogously increase O2
●- production at the Qi site. The suggested hypothetical scheme is 

corroborated also by the observed involvement of complexes II (Fig. 28, page 63) and III 

(Fig. 27, page 62) in the mechanism of MitoQ10 action. We support the notion that TTFA 

(Complex II inhibitor) interrupts the alternative electron transfer pathway brought on by 

MitoQ10, resulting in high O2
●- production (Fig. 46c, pages 95–96) 

 

Our hypothesis provides a considerable insight into the mechanism of MitoQ10 

action, clearly demonstrating the conditions favoring either the pro-oxidant or anti-oxidant 

effects of MitoQ10, and explaining why different research groups arrived to contradictory 

conclusions about the possible antioxidant properties of MitoQ10. The observation that 

MitoQ10 raises O2
●- production in intact mitochondria has important consequences on the 

potential use of MitoQ10 as a therapeutic. Mitochondria-targeted antioxidants, such as 

MitoQ10 or SkQ1, may efficiently prevent or treat oxidative stress-related ailments upon 

restricting their effect only to tissues from which oxidative stress emanates. 
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5.3   The Role of Mitochondrial Phospholipases in 

Concert with Uncoupling in Feedback Down-regulation 

of Oxidative Stress 

 

Our results demonstrate the orchestrated action of mitochondrial phospholipase 

iPLA2 and the uncoupling protein 2 (UCP2) in their common physiological function to 

downregulate reactive oxygen species formation. Oxidative stress-initiated lipid 

peroxidation, occurring within the inner and/or outer mitochondrial membranes, gives rise 

to phospholipid hydroperoxides (PLOOHs) [71–72]. PLOOHs may serve as substrates for 

the mitochondrial Ca2+-insensitive isoform of PLA2, iPLA2, releasing fatty acid 

hydroperoxides (FAOOHs). In turn, FAOOHs have the ability to act as cycling substrates 

for UCP2-mediated uncoupling [45]. Mild uncoupling would represent the last step of a 

hypothetical feedback regulatory loop leading to the direct attenuation of oxidative stress, 

i.e. lowered O2
●- production by Complex I and Complex III. However oxidative stress may 

also originate from external sources, e.g. from the reaction of cytochrome P450 [274] or 

NADHP oxidase [275]. In this case the capacity of antioxidant systems is likely relayed to 

the external source of reactive species production, which is made possible due to the 

relieved demand for intramitochondrial O2
●- detoxification [4, 276]. 

 

Mitochondrial iPLA2 (Ca2+-insensitive phospholipase A2) isoforms were reportedly 

found in liver [75], heart [74, 139] and brain [277]. In liver mitochondria, the participation 

of phospholipase A2 in the removal of aberrant mitochondria has been suggested to occur 

as part of an autolysis process [75].The β and γ isoforms, iPLA2β [74] and iPLA2γ [139], 

identified in heart mitochondria, were both shown to be sensitive to bromoenol lactone 

(BEL), respectively. The role of iPLA2γ, which contains an N-terminal mitochondrial 

targeting sequence, was proposed to be implicated in the integration of respiration with 

uncoupling protein-mediated thermogenesis [139]. The localization of heart iPLA2β has 

been ascribed to the outer face of the inner mitochondrial membrane [74], whereas iPLA2 

of the brain, which is also sensitive to inhibition by BEL, is rather embedded in the outer 

mitochondrial membrane [277]. Guidarelli et al. have shown that inhibition of Complex III 

by peroxynitrite (ONOO-) in PC12 pheochromocytoma cells is followed by        
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superoxide-mediated stimulation of phospholipase A2, which he claims is to be        

calcium-dependent mtPLA2 isoform, showing inhibitor specificity profile towards cPLA2 

[160]. A 100 kDa splice variant of human cytosolic β isoform phospholipase, cPLA2β3, 

was described in lung, spleen, and ovary cells constitutively attached to the mitochondrial 

membrane [278]. Liver mtPLA2 was reported to be activated by O2
●- as well [161]. 

 

Our work provides supporting data for a hypothetical feedback attenuation of 

lipoperoxidation by its products, i.e. hydroperoxy fatty acids (FAOOHs), which are 

released by Ca2+-insensitive mitochondrial phospholipase A2. The evidences can be 

summarized as follows: 

 

Succinate-driven respiration of isolated lung mitochondria was stimulated by low 

doses of tert-butyl hydroperoxide (TBHP), which is an agent enabling to stimulate lipid 

peroxidation in the presence of minute amounts of free endogenous iron or transient 

metals, see Fig. 33 (page 71). The observed respiration increase was fully inhibited by 

BSA (Fig. 34, page 73), indicating the participation of free fatty acids, most likely 

hydroperoxy FAs, and by bromoenol lactone (BEL), a specific inhibitor of phospholipases 

iPLA2, see Figs. 35–36 (pages 74–75). It shows that the observed uncoupling definitively 

depends on the cleavage off FAOOHs from PLOOHs formed during the lipid peroxidation 

chain reaction. Respiration was further partially inhibited by GTP, an inhibitor of UCP2 

(Fig. 37, page 76). The TBHP-dependent increase in the respiratory rate was not observed 

in lung mitochondria isolated from UCP2-KO mice (Fig. 38, page 77), definitively 

proving the UCP2 participation. Parallel detection of H2O2 by Amplex Red revealed that 

indeed the mitochondrial H2O2 production (even if measured on a background of 

nonspecific ROS burst due to TBHP addition) was diminished (Fig. 39, page 79), when 

compared to the situation when either iPLA2 is blocked by BEL or free FAOOHs are 

removed by BSA. Thus, BSA and BEL accelerated mitochondrial H2O2 production under 

the given experimental conditions. In conclusion, we demonstrate for the first time that 

mitochondrial UCP2 and iPLA2 act in concert in the attenuation of the oxidative stress 

when activated by ongoing lipoperoxidation.  

 

Under physiological conditions mitochondrial iPLA2 participates in part in the 

repair of peroxidative damage inflicted to mitochondrial membranes through a remodeling 
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mechanism via a deacylation-reacylation cycle [279]. One can point out another aspect of 

the physiological role of mitochondrial phospholipase A2 in relation to apoptotis. 

Originally, only participation in apoptotic cell death induction has been considered,        

e.g. the brain mitochondrial iPLA2 has been implicated in apoptosis due to its activation by 

reactive oxygen species upon BAX and tBID treatment [280]. Albeit the pro-apoptotic role 

of mitochondrial iPLA2 has been repeatedly reported [74, 160, 280], we expect that this 

could be possible only upon high-extent activation of mitochondrial iPLA2. Nevertheless, 

in recent years more physiological roles of prosurvival character has been revealed for 

mitochondrial phospholipase A2. For example, silencing of mtPLA2 led to apoptosis, 

therefore a protective function of mitochondrial iPLA2 has been proposed [158, 279, 281]. 

Furthermore, mitochondrial iPLA2 was even implicated in the protection of mitochondrial 

function from the oxidative damage upon apoptotic induction [279].  

 

Similarly, we may speculate about the role of UCP2 in the initial stage of apoptosis. 

Overexpression of UCP2 in HepG2 cells was previously shown to diminish oxidative 

damage and to prevent apoptosis [282]. From our point of view, physiological levels of 

FAOOHs and their respective lysophospholipid counterparts are not sufficient enough to 

trigger apoptotic response or to initiate the formation of pro-apoptotic pores in the inner or 

outer mitochondrial membranes. Two factors, the activity of UCP2 and the extent of 

oxidative stress might govern the delicate balance between condemning cells to death or 

staying alive. Once the capacity of UCP2 for reactive species attenuation is challenged at 

certain threshold by the overwhelming peroxidative stress, above which mitochondrial 

phospholipases, such as iPLA2, generate excessive amounts of lysophospholipids to 

initiate cytochrome c release and the onset of apoptosis. 

  

In contrast to our hypothesis, Brand et al. proposed that 4-hydroxynonenal (HNE) is 

the lipoperoxidation metabolite for UCP2 activation rather than free FAOOHs. This group 

claims that aldehydic lipid peroxidation end-products, such as HNE, are able to modify 

mitochondrial uncoupling proteins, converting them into active protonophores              

[137, 283–285]. Note that in this model UCP2 acts as a pure proton transporter, which is in 

total contrast to fatty acid cycling mechanism [45], proposed by us, based on the fact that 

UCP2 belongs to the family of anion transporters, i.e. mitochondrial anion carrier proteins 

(MACPs) [3]. The feedback attenuation of mitochondrial O2
●- production by activation of 
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UCP2-mediated mild uncoupling is common to both models, only the activating species 

differ, resulting from different stages of lipoperoxidation. Unlike fatty acid hydroperoxides 

(FAOOHs), which can be considered as early products of lipid peroxidation, HNE and 

related alkenals are nearly terminal products of lipoperoxidation, emerging from a self-

propagating chain of free radical reactions occurring within the PUFA side chains still 

covalently bound to the glycerophospholipid backbone [286–288]. Hence UCP2 activation 

by HNE is a phospholipase-independent process. Although reactive aldehydes, many of 

which are cytotoxic, take part in various signaling pathways [289], our work brings forth 

another piece of evidence for UCP2 activation mediated by FAOOHs, well upstream of 

the peroxidation cascade leading to HNE. 

 

 The mechanism by which superoxide or other downstream reactive oxygen species 

activate mitochondrial phospholipases A2 however remains unclear [160, 280]. An indirect 

activation could conceivably stem from a preferential PLA2 specificity to cleave 

hydroperoxy phospholipids (PLOOHs) rather than intact glycerophospholipds, unaffected 

by lipoperoxidation [133]. In the literature it has been assumed that it was superoxide itself 

which was directly activating mtPLA2. Apparently, a direct activation would involve 

interaction betwen mitochondrial PLA2 and reactive oxygen species. The source of the 

superoxide burst could be either peroxynitrite which causes inhibition of Complex III and 

promotes elevated superoxide formation [139]. Also conditions such as hypoxia (see 

chapter 5.4, page 102) and the inhibition of cytochrome c oxidase (Complex IV) by     
●NO, etc., may raise the mitochondrial production of superoxide.  

 

Collectively, the number of mtPLA2, their specifity, as well as the exact mechanism 

of mtPLA2 regulation is yet to be established. Our results demonstrate the presence of 

iPLA2 in lung mitochondria and underscore the straightforward mechanism of        

mtPLA2-mediated fatty acid hydroperoxides release to stimulate UCP2-dependent 

attenuation of reactive oxygen species [290–291]. 
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5.4   Implementation of Physiological Normoxia 

Conditions as a Real Experimental Model 

 

Oxidative metabolism gives higher yield of energy production than anaerobic 

metabolism. However, oxygen utilization occurs on behalf of side reactions leading to the 

production of reactive oxygen metabolites, which if in excess, destroy cellular 

constituents. In this light, oxygen is perceived as a reactive and toxic compound for living 

organisms [292]. It was not for no reason that organisms adapted to increasing levels of 

oxygen in the atmosphere during evolution by developing antioxidant mechanisms of 

varied nature [293]. For instance upon exposure to oxygen, Escherichia coli induces the 

expression of enzymes essential for aerobic respiration, such as components of the Krebs 

cycle and terminal oxidase complexes, in parallel with simultaneous induction of 

antioxidant enzymes MnSOD and catalase [294]. Mitochondria, which probably evolved 

from an early aerobic parasite of anaerobic cells, are the cornerstone of aerobic 

metabolism [295]. 

 

Experiments with cell cultures are routinely performed at an air atmosphere            

(~ 21% O2) because of its convenience and ease of use. However, these conditions in 

terms of oxygen concentration are far away from what is going on the level of tissues and 

organs [195], referred here to as physiological normoxia (~ 5% O2 for liver). Morevoer, 

under certain pathological circumstances (ischemic disorders, diabetes, atherosclerosis, 

etc.) [195], when the demand for O2 by the respiratory chain exceeds its supply, oxygen 

levels may temporarily drop even beyond a tissue-specific threshold level and attain the 

state of physiological hypoxia (< 5% O2 for liver) [200]. We may speculate, to what extent 

the commonly employed hyperoxic conditions for cultivation of tissues and cells affect the 

biochemistry and physiology of the cell. 

 

We attempted to simulate these transient changes, mediated presumably by    

hypoxia-inducible factor (HIF) [199], by transfering hepatocellular carcinoma HepG2 cells 

(cultivated at atmospheric O2) to 5% for the period of three days, and quantified basic 

respiratory parameters (Figs. 40–43, pages 82–85). Furthermore, we have applied 
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variations between the oxidative phosphorylation and glycolytic metabolism extent of the 

cells. The correctness of our model is supported by the fact that OXPHOS cells, with 

active oxidative phosphorylation machinery, adapted more efficiently to tissue normoxia 

than cells utilizing glycolysis as the main energy source, GLC5 and GLC25 cells         

(Figs. 40–41, pages 82–83). On this basis, we may assume that similar adaptations occur 

during transfer from physiological normoxia to hypoxia in vivo. These results can be 

compared to those observed by Chandel et al., who reported a reversible suppression of 

respiration during prolonged hypoxia in hepatocytes suggesting an oxygen sensing role of 

cytochrome c oxidase (Complex IV) [296]. However, to prove the direct involvement of 

HIF or cytochrome c oxidase in our studies would require further investigation. 

 

The observed differenes in the capacities of HepG2 cells to adapt to low oxygen 

levels might be related their carcinogenicity [297]. Stem cells and embryonic cells, in one 

period before passage through the fallopian tube during ontogenesis, largely employ 

glycolysis as the main source of energy. This allows replication of mitochondrial DNA to 

cease in order to dilute mtDNA among mitochondria. Later on, during cell differentiation 

and organ/tissue maturation oxidative metabolism prevails. From the perspective of the 

balance between glycolysis and oxidative phosphorylation, tumorigenesis could be viewed 

as a reversal back to the fetal bioenergetic status. The original Warburg's hypothesis [298] 

of assuming glycolytic only cancer cells was recently challenged by biochemical studies 

that revealed the existence of a wide class of tumors where ATP is produced more in a 

higher extent by mitochondrial oxidative phosphorylation rather than solely by glycolysis 

[299]. Hence, a survey of these studies showed that various tumors produce a significant 

part of their ATP (> 80%) by the mitochondrion [300].  

 

Altogether, embryonic and tumor cells, as well as cells deficient of respiratory 

substrates, undergoing slow respiration at the edge of non-phosphorylating state 4 share an 

increased tolerance to hypoxia due to their diminished demand for oxygen. On the other 

hand, differentiated and metabolically active cells rely on instant adaptation mechanisms 

to survive. The ratio between the extent of oxidative phosphorylation and glycolysis 

governs these specific adaptations, so as the homeostasis of reactive oxygen species and 

related redox regulations. 

 



106 
 

 

We should also highlight the important function of pyruvate at the metabolic 

junction between glycolysis and oxidative phosphorylation, which is well suited for the 

cell's need to regulate these interconnected anaerobic and O2-dependent energy 

metabolism pathways, respectively [301]. Such regulation undoubtedly includes     

pyruvate-mediated stabilization of HIF1α [238–239]. Similar function has been attributed 

to all α-ketoglutarate structural analogs, such as Krebs cycle intermediates succinate, 

fumarate, and oxalacetate.  

 

Recently emerging knowledge states that the morphology of mitochondrial network 

and of cristae internal structure depends on the bioenergetic activity of mitochondria and 

vice versa [302]. In similar way, the relationship between the extent of oxidative 

phosphorylation vs. glycolysis and mitochondria-derived production of reactive oxygen 

species has to be carefully considered. Under physiological conditions, the basic 

presumption predicts proportional dependence of increasing O2
●- formation with higher 

magnitude of respiration coupled to oxidative phosphorylation. 

 

My colleague, RNDr. Lydie Plecitá-Hlavatá, Ph.D. tried to seek correlations in 

addition to respiration, also among the extent of oxidative phosphorylation,                   

O2
●- production, and concomitant variations in the morphology of mitochondrial reticulum 

after three-day adaptation of HepG2 cells to 5% oxygen. She has found that upon such 

normoxic adaptation, OXPHOS cells drastically reduce mitochondrial superoxide 

production down to 8% with accompanying thinning of mitochondrial reticulum tubules 

(Dr. Lydie Plecitá-Hlavatá,  unpublished). 

 

Added together with my results, we show that HepG2 cells, forced to oxidative 

phosphorylation (OXPHOS cells), adapt slowly but more efficiently to physiological 

normoxia than their glycolytic counterparts (GLC5 and GLC25 HepG2 cells). Such 

adaptation corresponded with highly repressed mitochondrial O2
●- production on the 

background of efficient oxidative phosphorylation and ongoing dynamic changes of 

mitochondrial reticulum. 
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6          SUMMARY OF FINDINGS 
 

 

6.1          Characterization of a Novel Inhibitor of Proton 

Pumping by Mitochondrial Complex I 

 

Uncoupling attenuates Complex I-derived superoxide production by accelerating 

electron flux and proton pumping by Complex I (Fig. 45, pages 89–90). However, under 

circumstances leading to hampered proton pumping pathway within Complex I,               

e.g. due to aberrant mutations of mtDNA encoding either ND2, ND4 or ND5 H+-pumping 

subunit, therapeutic strategy based simply on uncoupling would fail. Uncoupling means 

either the use of a chemical uncoupler, such as FCCP, or a physiological uncoupling 

mediated by uncoupling protein 2 (UCP2). Experimentally, hydrophobic amiloride EIPA 

mimicks the model of disabled H+-pumping.  

 

I have participated in this project by demonstrating that EIPA is a real inhibitor of 

Complex I H+-pumping based on the following observations:  

 

Glutamate and malate, Complex I substrates, stimulate H+-pumping sensitive to 

inhibition by stigmatellin (Fig. 13, page 43) and FCCP (Fig. 14, page 44) in isolated 

rat liver mitochondria respiring in state 4. 

 

EIPA prevents glutamate and malate-stimulated H+-pumping when added before the 

substrates (Fig. 15, page 45).  

 

Glutamate and malate-induced H+-pumping is repressed by matrix acidification 

stimulated by EIPA added before (Fig. 16, page 46) or after rotenone (Fig. 17,     

page 47). 

 

EIPA is able to induce matrix acidification even in the presence of glutamate, 

malate, and monensin irrespectively of the Na+ ions present (Fig. 18, page 48). 
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EIPA dose responses for Complex I H+-pumping inhibition yielded IC50 values of   

27 µM (Fig. 20, page 51) and ~ 140 µM EIPA when added before and after 

glutamate and malate, respectively. 

 

In isolated rat liver mitochondria respiring in state 3, EIPA abolished glutamate and 

malate-stimulated H+-pumping after the addition of substrates (Fig. 19, page 49) 

with the IC50 of 50 µM (Fig. 20, page 51). 

 

EIPA does not affect glutamate and malate-driven state 4 respiration within the 

concentration range required for H+-pumping inhibition (Fig. 20, page 51). 

 

6.2    The Mechanism of Action of Mitochondrial 

Matrix-targeted Ubiquinone MitoQ10 

 

Based on the results of experiments with EIPA, we were trying to search an agent, 

which would be benefical in treatment of oxidative stress arising from mtDNA mutations 

in segments encoding H+-pumping subunits of Complex I. Note that chemical uncoupler is 

ineffective in preventing such an oxidative stress, see chapter 6.1 (page 105). So we tried 

to test the antioxidant developed by Murphy's group, MitoQ10. However, MitoQ10 showed 

to be an effective antioxidant only when the rate of superoxide formation is high due to the 

electron flow retardation within Complex I, e.g. induced by rotenone. In this case, MitoQ10 

serves as an electron acceptor prior to the Q-site occupied by rotenone and the oxidized 

form is regenerated via the reverse mode of action of Complex II (Fig. 46, pages 95–96). 

The principal advantage of MitoQ10 over antioxidant drugs based on uncoupling is that it 

preserves its antioxidant properties even when proton pumping by Complex I is 

obstructed. Nevertheless, due to the pro-oxidant properties of MitoQ10, a targeted delivery 

to the pathological tissue would have to be part of the therapeutic strategy. 

 

 

 



109 
 

 

I have contributed in elucidating the antioxidant mechanism of MitoQ10 by showing that: 

 

MitoQ10 accelerates respiration of both, HepG2 glycolysis-dependent GLC25 cells 

and HepG2 oxidative phosphorylation-dependent OXPHOS cells, on average        

1.5-fold (Fig. 21, page 55, Table 4, pages 53–54). 

 

The accelerated level accounts for ~ 60% of uncoupled respiration (Fig. 22, page 56, 

Table 4, pages 53–54). 

 

MitoQ10 restores rotenone-suppressed respiration to 67% and 45% of state 3 

respiration in GLC and OXPHOS cells, respectively (Fig. 23, page 57, Table 4, 

pages 53–54) 

 

A negligible effect on respiratory acceleration was shown for DecylTPP, a negative 

control (Figs. 24–25, pages 58–59, Table 4, pages 53–54). 

 

MitoQ10 dose responses for respiratory acceleration yielded AC50 values of 0.6 nM 

and 0.6 nM in GLC25 cells (Fig. 25, page 59, Table 4, pages 53–54); and 1.1 nM 

and 0.9 nM in OXPHOS cells (Fig. 26, page 60, Table 4, pages 53–54); in the 

absence or presence of rotenone, respectively. 

 

Respiration increase induced by MitoQ10 requires complexes II (Fig. 28, page 63, 

Table 4, pages 53–54) and III (Fig. 27, page 62). 

 

Rotenone slightly accelerated H2O2 production in rat liver mitochondria respiring in 

state 3 (Fig. 29, page 65). 

 

In mitochondria isolated from GLC25 cells respiring on glutamate, malate, and 

succinate, MitoQ10 induced a 1.37-fold increase in state 3 respiration with the      

AC50 of 1 nM, and a 1.4-fold increase in state 3 rotenone-inhibited respiration with 

the AC50 of 0.7 nM (Fig. 32, page 69). 
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6.3    Mitochondrial Phospholipase iPLA2-Dependent 

Regulation of Uncoupling Protein 2 

 

It has been concluded before, that uncoupling fails to diminish oxidative stress 

resulting from aberrant parts of mtDNA encoding H+-pumping subunits of Complex I, see 

chapter 6.1 (page 105). We resolved this situation by suggesting the use of MitoQ10 

antioxidant for this purpose, see chapter 6.2 (page 106). Hence, we have drawn our further 

attention to the mechanisms by which physiological uncoupling, mediated by the 

ubiquitious uncoupling protein 2, is regulated in order to counteract oxidative stress. Here 

we focused on oxidative stress associated with lipid peroxidation. In experiments, 

lipoperoxidation was simulated by low amounts of tert-butyl hydroperoxide (TBHP). 

Activation of mitochondrial phospholipase iPLA2 by mild oxidative stress can provide free 

fatty acid hydroperoxides (FAOOH) as the cycling substrates for UCP2 that initiates mild 

uncoupling leading to the attenuation of ROS production and the concomitant oxidative 

stress. Hence certain feedback inhibition of lipid peroxidation would occur. 

 

The orchestrated action of UCP2 and iPLA2 in feedback down-regulation of reactive 

oxygen species production can be deduced from the following observations: 

 

Succinate-supported was stimulated by low concentrations of TBHP in isolated rat 

lung mitochondria (Fig. 33, page 71). 

 

The observed respiration increase was fully inhibited by BSA, indicating the 

participation of free fatty acids (Fig. 34, page 73), blocked by bromoenol lactone 

(BEL), a specific inhibitor of phospholipases iPLA2 (Figs. 35–36, pages 74–75), and 

partially inhibited by GTP, an inhibitor of UCP2 (Fig. 37, page 76). 

 

The TBHP-dependent increase in respiratory rate was not observed in lung 

mitochondria isolated from UCP2-KO mice. (Fig. 38, page 77). 

 

Mitochondrial H2O2 production was accelerated by BSA and BEL (Fig. 39,         

page 79). 
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6.4    The Elevation of State 4 Respiration upon 

Adaptation to Physiological Normoxia 

 

The amount of superoxide production depends also on the actual effective 

concentration of oxygen in the cell. Cell and tissue cultures are artificially grown at an air 

atmosphere as a standard laboratory practice. Both reasons motivated us to look at what is 

going on at the level of in vivo intracellular oxygen concentration. We measured 

respiratory parameters of HepG2 cells after a three-day adaptation to 5% O2 and compared 

them to the controls. Moreover, we distinguished three different metabolic conditions with 

regard to the content of glycolysis vs. oxidative phosphorylation. We found that, cells with 

lower oxidative phosphorylation content adapt less efficiently to the conditions of 

physiological normoxia as observed from the decline of their respiration. Furthermore, 

state 3/state 4 respiratory control ratio analysis indicates that OXPHOS cells contain 

higher proportion of phosphorylating mitochondria than glycolytic cells. This is in 

agreement with the presumption that OXPHOS cells utilize efficient oxidative 

phosphorylation tightly coupled to mitochondrial respiration. High-amplitudes of 

uncoupled state vs. state 4 were observed for all metabolic conditions independently of the 

O2 level during adaptation with the exception of GLC5 cells adapted to 5% O2. Hence, 

glycolytic normoglycemic cells adapt to 5% oxygen by elevated state 4 respiration.  

 

The results are summarized as follows: 

 

Respiration of cells cultivated in 5 mM (GLC5) and 25 mM (GLC25) glucose 

decreased by 55% and 61%, respectively after a 3-day adaptation to 5% oxygen     

(Figs. 40–41, pages 82–83). 

 

Respiration of cells cultivated in galactose and glutamine, relying predominantly on 

oxidative phosphorylation (OXPHOS cells), decreased only by 15% after 3-day 

adaptation to 5% oxygen (Figs. 40–41, pages 82–83). 

 

 OXPHOS cells elicited significantly higher respiratory state 3/state 4 control ratio 

than glycolytic cells GLC5 and GLC25 (Fig. 42, page 84).  
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GLC5 cells showed significant decrease of uncoupled state/state 4 respiratory 

control ratio upon a three-day adaptation to 5% O2 (Fig. 43, page 85). 

 

Instant adaptation of HepG2 cells did not show any influence on their endogenous 

respiration (Figs. 40–41, 44, pages 82–83, 87). 
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7          CONCLUSIONS 
 

 

 Accelerated electron flux and concomitant proton pumping within Complex I by 

uncoupler or uncoupling proteins, which attenuate Complex I-derived superoxide 

production, cannot be in effect when proton pumping is blocked. In experiments, this 

block was simulated by EIPA. EIPA is indeed an effective inhibitor of proton pumping 

mediated by Complex I. Hence, uncoupling per se can diminish ROS production but not 

the one resulting from damage of mtDNA linked to impairment of the proton pumping 

pathway. 

 

 

 MitoQ10 exerts its antioxidant action by bypassing electron block on Complex I   

via an alternative electron transfer pathway involving Complex II acting in the reverse 

mode. Unlike uncoupling, MitoQ10 is able to possibly cure diseases and aging symptoms 

coming from oxidative stress due to the impairment of Complex I proton pumping 

subunits, i.e. those coded by oxidatively damaged mtDNA. However a targeted delivery to 

the pathological tissue would have to be ensured. 

 

 

 Oxidative stress attenuation by UCP2-dependent uncoupling is initiated upon the 

activation of mitochondrial phospholipase iPLA2 as a feedback regulatory response to 

increased lipoperoxidation.  

 

 

 Cells with high oxidative phosphorylation content adapt to more efficient oxidative 

phosphorylation under conditions of physiological normoxia, whereas glycolytic 

normoglycemic cells adapt to physiological normoxia by elevated state 4 respiration. 
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