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Abstract: Protein-coated resorbable synthetic polymeric nanofibrous membranes are promising 

for the fabrication of advanced skin substitutes. We fabricated electrospun polylactic acid and 

poly(lactide-co-glycolic acid) nanofibrous membranes and coated them with fibrin or collagen I. 

Fibronectin was attached to a fibrin or collagen nanocoating, in order further to enhance the cell 

adhesion and spreading. Fibrin regularly formed a coating around individual nanofibers in the 

membranes, and also formed a thin noncontinuous nanofibrous mesh on top of the membranes. 

Collagen also coated most of the fibers of the membrane and randomly created a soft gel on the 

membrane surface. Fibronectin predominantly adsorbed onto a thin fibrin mesh or a collagen gel, 

and formed a thin nanofibrous structure. Fibrin nanocoating greatly improved the attachment, 

spreading, and proliferation of human dermal fibroblasts, whereas collagen nanocoating had a 

positive influence on the behavior of human HaCaT keratinocytes. In addition, fibrin stimulated 

the fibroblasts to synthesize fibronectin and to deposit it as an extracellular matrix. Fibrin coating 

also showed a tendency to improve the ultimate tensile strength of the nanofibrous membranes. 

Fibronectin attached to fibrin or to a collagen coating further enhanced the adhesion, spreading, 

and proliferation of both cell types.
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Introduction
Advanced skin substitutes should mimic the morphology, composition, and functions 

of the original tissue. They have to accelerate tissue regeneration, ie, they have 

to support the formation of dermis and epidermis layers with a well-developed 

extracellular matrix (ECM). Moreover, they should enable nutrition supply and not 

cause unwanted immune reactions. However, clinically used skin substitutes have 

not yet met all these requirements, and they have several limiting factors. These 

substitutes mostly serve as temporary wound coverage or as carriers for skin cells, 

and ultimately they are rejected by the organism.1 This transplant rejection is caused 

mainly by the use of nonresorbable materials or allogenic cells that are subject to 

inflammatory reactions.

Advanced tissue engineering lays emphasis on the formation of two of the most 

important layers of natural skin: the dermis and the epidermis. Fibrous or porous 

membranes or films of nanoscale thickness can be advantageously used for develop-

ing a bilayer of fibroblasts and keratinocytes. The pores in the carriers can enable 

physical and biochemical communication between fibroblasts and keratinocytes. 

Moreover, the pores can ensure the supply of cells with active biological molecules, 

mainly with nutrients and growth factors from the cell culture medium or from the 
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surrounding tissue.2 Nanostructured materials also mimic the 

nanofibrous component of the ECM in natural tissues better 

than conventional flat materials.3 They enable the adsorption 

of cell adhesion-mediating ECM molecules from body fluid 

or from cell culture media in an appropriate spatial orienta-

tion. This conformation of ECM molecules is important for 

binding their specific bioactive amino acid sequences by cell 

adhesion receptors, eg, integrins.4

Synthetic polymers or natural polymers have been used 

for constructing carriers for skin cells.5 However, these 

two types of materials are rarely applied in combina-

tion. Degradable synthetic polymers, mainly polyesters 

(polylactide, polylactide-co-glycolide, polycaprolactone), 

are relatively easily spinnable, eg, nanofibers can be formed 

by a process referred to as electrospinning.6 Moreover, 

nanofibrous membranes made of these synthetic polymers 

can provide stable mechanical support for cells. However, 

synthetic polymers in their pristine state are unable to provide 

sufficient support for cellular adhesion, proliferation, and 

deposition of an ECM.7,8 In these cases, synthetic polymers 

could be combined with molecules physiologically present 

in the skin, such as collagen, fibronectin, and hyaluronan, or 

with molecules occurring during wound healing, particularly 

fibrin. These molecules improve the colonization of matrices 

by cells.9 In addition, natural molecules, eg, fibrinogen as the 

precursor of fibrin, can be isolated in an autologous form 

from the patient’s body fluids or tissues to prevent immune 

rejection of the implant.10

Collagen is an important component of the ECM in 

the skin dermis. It is mainly produced by fibroblasts and 

is organized into fibers running throughout the dermis.11 

In skin substitutes, collagen is often applied in the form of 

a gel,12,13 or it is used in composites with other natural or 

synthetic materials.14,15 Previous studies have revealed that 

collagen supports wound healing. Niiyama and Kuroyanagi 

combined collagen with hyaluronic acid and functional-

ized this composite with EGF.16 Butler and Orgill observed 

improved growth of epidermal keratinocytes on a collagen–

glycosaminoglycan matrix.17 Wang et al prepared collagen/

chitosan-based scaffolds with VEGF and gentamicin 

encapsulated into poly(lactide-co-glycolic acid) (PLGA) 

microspheres and observed positive effects of these scaf-

folds on the adhesion and growth of mouse fibroblasts.18 

Collagen has also been widely applied in clinically used 

skin substitutes. For example, Integra (Integra LifeSciences, 

Plainsboro, NJ, USA), which is used for treating severe full-

thickness burns, consists of a silicone layer on top of a porous 

matrix comprising a chemically cross-linked coprecipitate 

of bovine collagen and shark-derived chondroitin-6-sulfate. 

The pore size of 20–125 m allows ingrowth of fibroblasts 

and revascularization. After that, keratinocytes can be 

applied on the material surface. Apligraf (Organogenesis 

Inc, Canton, MA,USA) is a bilayered skin substitute used for 

treating venous ulcers, diabetic ulcers, donor-site wounds, 

epidermolysis bullosa, and cutis aplasia. Apligraf consists of 

allogeneic neonatal fibroblasts cultivated on a bovine type I 

collagen matrix. Keratinocytes are cultured on the top of this 

dermal layer.19,20

Fibrin is a provisional matrix molecule that plays an 

important role during wound healing. Fibrin fibers are 

formed from fibrinogen, a soluble precursor, in the last 

step of the coagulation cascade.21 Cells can bind directly to 

fibrin(ogen) via integrin cell adhesion receptors or via non-

integrin receptors (eg, VE-cadherin, ICAM1, or P-selectin). 

Fibrin is also able to bind cell adhesion-mediating pro-

teins (eg, fibronectin and vitronectin) or growth factors.22 

Fibrin has often been applied in the form of a glue, gel, 

or microbeads.23–25 For better regenerative potential and 

mechanical stability, fibrin matrices have been combined 

with other biological or synthetic molecules, eg, collagen,26,27 

hyaluronic acid with a cell adhesion-promoting peptide,28 

basic FGF,29 or EGF.30 Fibrin has relatively rarely been 

deposited on supporting substrates, although fibrin self-

supporting matrices are usually fragile. In our previous 

study, we deposited a fibrin nanocoating on polylactide 

nanofibrous membranes and observed its positive influence 

on the behavior of dermal fibroblasts.9 Fibrin has also been 

used in commercially available skin substitutes. For example, 

ICX-SKN (Intercytex, Manchester, UK), a fibrin matrix 

seeded with neonatal human fibroblasts, is promising for 

ulcer treatment.20

In our study, we prepared electrospun polylactic acid 

(PLA) and PLGA nanofibrous membranes, coated them 

with fibrin or collagen I, and then with fibronectin attached 

to the surface of these proteins. Firstly, we compared the 

behavior of human dermal fibroblasts and human HaCaT 

keratinocytes on these two protein-modified biodegradable 

polymer matrices. Although the physical and chemical 

properties and the biocompatibility of PLA and PLGA are 

generally considered very close, some differences have been 

reported between these polymers as regards their degrad-

ability, mechanical integrity,31 porosity, wettability, protein 

adsorption,32 and cell behavior on their surfaces;33,34 therefore, 

differences in cell adhesion and growth for these polymers 

were also expected in this study. Secondly, we evaluated 

the influence of newly developed protein nanocoatings, 
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ie, fibrin, collagen, and fibronectin, on the adhesion and 

growth of dermal fibroblasts and HaCaT keratinocytes on 

the nanofibrous PLA and PLGA scaffolds.

Materials and methods
Preparation of nanofibrous membranes
Experiments were carried out on nanofibrous membranes 

made of a PLGA copolymer (ratio 85:15, Purasorb® PLG 

8531; Corbion, Amsterdam, the Netherlands) or made of PLA 

(Ingeo™ Biopolymer 4032D; NatureWorks, Minnetonka, 

MN, USA). The solution for the polymers was prepared 

and the electrospinning process carried out as presented in 

our previous work.9 Both polymers were dissolved in chlo-

roform. Solvents – dichloroethane and ethyl acetate – were 

added into a PLA solution to a final concentration of 7 wt% 

of PLA. The volume ratio of the chloroform, dichloroethane, 

and ethyl acetate solvents was 61:29:10. The solution of the 

two polymers was made electrically conductive with the 

use of tetraethylammonium bromide. This chemical was 

first dissolved in dimethylformamide to a concentration of 

3 wt%. Then, 3 g of this solution was added to 100 g of the 

PLGA or PLA solution.

Nanospider needle-free electrospinning technology 

(Elmarco, Liberec, Czech Republic) was used for prepar-

ing the nanofibrous membranes. The process conditions 

were electrode distance 145–180 mm, voltage 50–60 kV, 

relative humidity 20%–30%, and room temperature. Fiber 

density, ie, the area weight of the prepared nanofibers, was 

10.5–19.6 g/m2 for PLGA and 13–15 g/m2 for PLA. The 

thickness of the membranes was in the range of 47–97 m 

for PLGA and 125–190 m for PLA.9

Preparation of fibrin and collagen 
nanocoating with attached fibronectin
The fibrin nanocoating on the polymeric nanofibrous 

membranes was formed by activating human fibrinogen 

(341576; EMD Millipore, Billerica, MA, USA) with human 

thrombin (T6884; Sigma-Aldrich Co, St Louis, MO, USA), 

as described in detail in our previous papers.9,35 Fibrinogen 

at a concentration of 10 g/mL in Tris buffer (consisting of 

50 mM Tris-HCl, 100 nM NaCl, and 2.5 mM CaCl
2
) was 

adsorbed on the membrane surface for 1 hour. After being 

rinsed with Tris buffer, the adsorbed fibrinogen was activated 

with thrombin (2.5 U/mL in Tris buffer) for 15 minutes. 

The samples were rinsed with Tris buffer, and a solution 

of 200 g/mL of fibrinogen in Tris buffer and 0.5 U/mL 

of antithrombin III in deionized water was added to the 

membranes for 1 hour. A fibrin network was formed by a 

catalytic reaction of the surface-attached thrombin with the 

ambient fibrinogen solution. The antithrombin III blocked 

the unreacted thrombin, in order to form a 2-D fibrin 

layer (Figure 1).

The collagen nanocoating was formed from a collagen 

solution by changing the pH. The collagen solution (rat tail, 

3.37 mg/mL; Corning Incorporated, Corning, NY, USA) 

was diluted in 0.02 M acetic acid to a final concentration of 

200 g/mL, and was applied to the samples. The samples 

were immersed in ammonia vapor for 10 minutes to change 

the acid pH to basic pH. After collagen precipitation, the 

solution was sucked out and the samples rinsed with deion-

ized water (Figure 1).

Fibronectin was attached to the surface of the fibrin 

and collagen nanocoating. Fibronectin powder (human, 

11051407001; Hoffman-La Roche Ltd, Basel, Switzerland) 

was dissolved in deionized water at a concentration of 

1 mg/mL. The fibronectin solution was subsequently diluted 

in phosphate-buffered saline (PBS; Sigma-Aldrich) to a 

final concentration of 50 g/mL and incubated with the 

samples overnight at 4 C. The samples were then rinsed 

twice with PBS.

Morphology of nanofibrous membranes
The morphology of the PLGA and PLA nanofibrous 

membranes in their pristine state (ie, uncoated membranes) 

was studied by scanning electron microscopy (SEM). The 

measurements were carried out in accordance with a previ-

ously published protocol:9 the membranes were sputter-

coated with gold and evaluated by SEM (Quanta 450; Thermo 

Fisher Scientific, Waltham, MA, USA) in high vacuum 

mode. The images were taken using an Everhart–Thornley 

detector in secondary electron mode at high voltage (20 kV) 

and magnification 2,000  and 10,000 . The thickness of the 

membranes was determined from SEM images of a vertical 

section of the membrane. The diameter of the fibers was 

measured on the SEM images using Atlas software (Tescan, 

Brno, Czech Republic).

Membrane puncture testing
Nanofibrous membranes in CellCrown inserts (n 6 for 

each group of scaffolds; Scaffdex Oy, Tampere, Finland) 

were placed into the manufactured holder and secured 

against a tilt. Then, the holder was fastened in the standard 

microscope stage (DM2500; Leica Microsystems, Wetzlar, 

Germany) and the microscope condenser replaced with a 

manufactured tooling that carried a low-level force sensor 

(9203; Kistler, Winterthur, Switzerland) with a spherical cup 
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probe (Figure 2). Due to the construction of the DM2500 

microscope, the force sensor can be moved independently 

on the stage in respect to the focal plane. First, the mem-

branes were focused and imaged by the confocal microscope 

(magnification 4 , image resolution 1,024 1,024, pixel 

size 1.8 m) to verify their structural integrity. Second, the 

camera started capturing the calibrated images (image resolu-

tion 1,920 1,440, pixel size 0.05 mm) of the membrane at 

10 Hz repetition rate, and the force sensor recorded the force 

changes at 100 Hz repetition rate. Finally, the force sensor 

with the probe moved toward the sample at a speed of 

0.2 mm/s until the force value returned to zero.

The deformation u
z
 of the nanofibrous membranes was 

evaluated in MatLab 2015A (MathWorks, Natick, MA, USA) 

by image segmentation (thresholding and edge detection 

using a Sobel filter). The stress in the membrane 
t
 is based 

Figure 1 Schematic representation of a preparation of fibrin and collagen nanocoating on nanofibrous membrane.
Abbreviations: FBS, fetal bovine serum; DMEM, Dulbecco’s Modified Eagle’s Medium.
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on static equilibrium, and calculated from the force data 
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Cell culture
The nanofibrous membranes were fixed in CellCrown 

inserts, in order to prevent them floating in the cell cul-

ture medium, and inserted into the wells of 24-well 

plates (well diameter 1.56 cm; TPP Techno Plastic Prod-

ucts AG, Trasadingen, Switzerland). Samples were seeded 

with neonatal human dermal fibroblasts, purchased from 

Lonza (Basel, Switzerland), passage 3–6, or with human 

keratinocytes of the line HaCaT, purchased from CLS Cell 

Lines Service (Eppelheim, Germany).36 The HaCaT cell line 

consists of spontaneously transformed and immortal human 

epidermal keratinocytes, but it remains nontumorigenic and 

maintains full epidermal differentiation capacity. In contrast 

to normal keratinocytes, HaCaT cells are able to adhere to 

various materials without requiring a fibroblast feeder layer 

for their adhesion and growth. This property of HaCaT cells 

can be regarded as advantageous for studies on the suitability 

of various synthetic and biological scaffolds for skin tissue 

engineering and was also used for this purpose in our study.

Cells were seeded at a density of approximately 10,000 

cells/cm2 (ie, 20,000 cells/well) and were cultivated in 

Dulbecco’s Modified Eagle’s Medium (Sigma-Aldrich) 

with 10% of fetal bovine serum (Sebak GmbH, Aidenbach, 

Germany) and 40 g/mL of gentamicin (Novartis Interna-

tional AG, Basel, Switzerland). The volume of cell culture 

medium was 1.5 mL/well. Cells were cultivated for three time 

periods (1, 3, and 7 days) in a cell incubator at 37 C and in 

a humidified atmosphere with 5% CO
2
. Polystyrene culture 

wells (24-well plates) were used as a control material.

Morphology of protein nanocoatings
The morphology of the fibrin, collagen, and fibronectin 

nanocoatings was studied by immunofluorescence staining 

on freshly prepared samples, on cell-free samples incu-

bated for two periods (ie, on days 3 and 7) in Dulbecco’s 

Modified Eagle’s Medium under the conditions used for cell 

cultivation, and on samples with cells on days 3 or 7 after 

seeding. Uncoated membranes were used as control samples 

to evaluate possible nonspecific binding of the primary and 

secondary antibodies. Two samples of each experimental 

group for each time period were used.

The membranes were treated with 1% bovine serum 

albumin in PBS for 20 minutes, and then with 1% Tween 

(Sigma-Aldrich Co) in PBS for 20 minutes at room tem-

perature to block nonspecific binding sites. The samples 

were subsequently incubated overnight at 4 C with primary 

antibodies against human fibrinogen (polyclonal rabbit 

antibody; Dako Denmark A/S, Glostrup, Denmark), collagen I 

(monoclonal mouse antibody; Sigma-Aldrich), or fibronectin 

(monoclonal mouse antibody; Sigma-Aldrich) diluted in PBS 

at a ratio of 1:200. The samples were then rinsed twice with 

PBS and incubated with secondary antibodies, namely goat 

antirabbit or goat antimouse F(ab )
2
 fragments of IgG (H  L 

[Heavy and Light chains]), conjugated with Alexa Fluor® 488 

(diluted in PBS at a ratio of 1:400; Thermo Fisher Scientific) 

for 1 hour at room temperature in the dark.

The fibrin- or collagen-coated membranes with attached 

fibronectin were also stained for fibrin  fibronectin or 

collagen  fibronectin on the same sample. The samples 

were incubated overnight at 4 C with primary antibodies 

against human fibrinogen (rabbit polyclonal antibody; Dako) 

or with collagen I (rabbit polyclonal antibody; Cosmo Bio 

Co Ltd, Tokyo, Japan) diluted in PBS at a ratio of 1:200. 

Figure 2 The puncture testing protocol.
Notes: The CellCrown membrane insert  with radius R represents the pinned 
joint. The probe  with radius r and head-high f deforms the membrane  of 
measured thickness d until rupture. The dimensions are used to calculate the 
membrane stress t.
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Subsequently, after being rinsed with PBS, the primary 

antibody against fibronectin (mouse monoclonal antibody; 

Sigma-Aldrich) was added for 3 hours. The samples were 

rinsed with PBS and incubated with a secondary antibody 

goat antirabbit F(ab )
2
 fragment of IgG (H  L), conjugated 

with Alexa Fluor 488 (diluted in PBS at a ratio of 1:400) for 

1 hour (in order to visualize the fibrin or collagen), and then 

with a secondary antibody goat antimouse F(ab )
2
 fragment 

of IgG (H  L), conjugated with Alexa Fluor 633 (diluted in 

PBS at a ratio of 1:400) for 1 hour (in order to visualize the 

fibrinogen). The samples were rinsed with PBS and scanned 

using the Leica TCS SPE DM2500 upright confocal micro-

scope, magnification 40 /1.15 NA oil.

Cell spreading and morphology
The spreading and morphology of the cells on uncoated or 

protein-coated nanofibrous membranes were visualized on 

days 1, 3, and 7 after seeding by staining the cells with a com-

bination of fluorescent dyes diluted in PBS (5 g/mL Hoechst 

33258 cell nucleus dye; Sigma-Aldrich; and 20 ng/mL 

Texas red C
2
-maleimide cell membrane dye; Thermo Fisher 

Scientific) for 1 hour at room temperature in the dark. Instead 

of Texas red staining, the F-actin cytoskeleton of the cells 

was stained with phalloidin conjugated with tetramethyl-

rhodamine isothiocyanate fluorescent dye (Sigma-Aldrich), 

diluted in PBS to a final concentration of 5 g/mL, for 1 hour 

at room temperature in the dark. Before staining, the cells 

were rinsed with PBS and were fixed with 20 C cold ethanol 

for 10 minutes. Images of the cells were taken using epifluo-

rescence microscopy (magnification 10 , IX 51; Olympus, 

Tokyo, Japan) equipped with a digital camera (DP 70), or 

using the Leica TCS SPE DM2500 upright confocal micro-

scope, magnification 40 /1.15 NA oil. On day 1 after seeding 

of the cells, the spreading area of islands formed by human 

HaCaT keratinocytes was measured on images taken under 

fluorescence microscopy using the Atlas software.

Cell mitochondrial activity
The activity of mitochondrial enzymes was measured at three 

points of cell cultivation (on days 1, 3, and 7 after cell seeding) 

for the dermal fibroblasts and at two points (on days 3 and 7 after 

cell seeding) for the HaCaT keratinocytes with CellTiter 96®  

Aqueous One solution cell proliferation assay (MTS; 

Promega Corporation, Fitchburg, WI, USA) on samples of 

nanofibrous membranes incubated in 24-well cell culture 

plates. The mitochondrial activity of the HaCaT keratino-

cytes was measured only on days 3 and 7, but not on day 

1 after cell seeding. The reason was that our preliminary 

measurements, using the MTS assay, revealed that on day 1 

after seeding, when cell numbers were relatively low, the 

measured absorbance was on the limit of detection and 

showed no significant differences among the tested samples. 

This was probably due to the relatively low activity of the 

mitochondrial enzymes in the HaCaT cells. In cell culture 

and human skin sections, the activities of mitochondrial 

enzymes were lower in keratinocytes than in fibroblasts.37 

The principle of an MTS assay is based on cleavage of the 

yellow tetrazolium salt MTS and on the formation of a water-

soluble brown formazan salt by the activity of mitochondrial 

enzymes (ie, dehydrogenases) in the cells. The formazan dye 

produced by the cells was then quantified by measuring the 

absorbance using a spectrophotometer (ie, an enzyme-linked 

immunosorbent assay [ELISA] reader).

Membrane samples were moved into fresh 24-well 

plates to avoid the influence of the cells adhered to the 

bottom of the well. The assay was performed according to 

the manufacturer’s protocol. Absorbance was measured using 

the VersaMax ELISA microplate reader (Molecular Devices 

LLC, Sunnyvale, CA, USA) in Nunc-Immuno MicroWell 

96-well cell culture plates (Sigma-Aldrich) with wavelength 

490 nm. Three independent samples for each experimental 

group and time point were used. One sample without cells 

for each experimental group and time point was used as a 

control to set the background for the measured absorbance. 

A polystyrene culture dish (24-well plate) was used as a 

control material for the cell mitochondrial activity.

Cell viability
The cell viability was determined using a Live/Dead viability/

cytotoxicity kit (Thermo Fisher Scientific). The principle of 

this assay is based on the different ability of two fluorescent 

dyes to penetrate the cell membrane of live and dead cells. 

Calcein AM penetrates live cells, where it is converted 

by esterases to calcein, which emits green fluorescence. 

Ethidium homodimer 1 penetrates the membrane of the dead 

cells and stains them with red fluorescence.

The samples were carefully rinsed with PBS and stained 

with a solution of 2 10 3 M calcein AM and 6 10 3 M 

ethidium homodimer 1. After 10 minutes of incubation in the 

cell incubator, the cells were rinsed with PBS and evaluated 

using epifluorescence microscopy (IX 51) equipped with a 

digital camera (DP 70).

Statistics
Quantitative data are presented as mean  standard deviation 

values or standard error of the mean from three independent 
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samples for each experimental group and time point. 

Statistical significance was evaluated using analysis of vari-

ance, Student–Newman–Keuls method or nonparametric 

Kruskal–Wallis test, and Mann–Whitney U test. Values of 

P 0.05 were considered significant.

Results
Morphology and mechanical properties 
of nanofibrous membranes
Fibers of both types of nanofibrous membranes were mostly 

straight and randomly oriented. The diameter of the fibers 

was within a large range, from tens of nm to more than 1 m. 

The average fiber diameter was more than 300 nm (Figure 3), 

similarly to our earlier study.9 The material nanostructures 

were defined to be equal to or less than 100 nm in at least 

one dimension. The fiber diameter in our study was thus 

in submicron and micron scale rather than in nanoscale. 

However, such fibers are frequently referred to in the literature 

as nanofibers.4,38–40

Puncture testing revealed a faster mechanical response 

of the PLA membranes. At about 1 mm deformation, the 

stress/strain direction changed dramatically and the PLA 

response stayed linear until rupture. On the other hand, 

the PLGA membranes reacted to loading gradually and 

reached significantly lower ultimate strength than the PLA 

groups (Mann–Whitney U test, P 0.032). After collagen 

modification, the membranes seemed to become brittle. 

Fibrin modification caused an upward trend in ultimate 

strength. However, there was no significant difference in 

ultimate strength when comparing all the modifications 

(Kruskal–Wallis test, P 0.177) (Figure 4, Table 1).

Morphology of protein nanocoating and 
its stability and degradation during cell 
cultivation
Fibrin regularly formed a coating around individual nanofibers, 

and also formed a thin nanofibrous mesh on the membrane 

surface. However, this mesh did not form homogeneously on 

the whole surface of the membrane. Collagen also coated most 

of the fibers in the membranes, but not regularly. Moreover, 

collagen randomly formed a soft gel on the membrane surface 

(Figure 5). Fibronectin was bound on the fibrin and collagen 

nanocoating. Fibronectin formed an additional nanofibrous 

mesh on the thin fibrin mesh or on the collagen gel (Figure 6). 

Fibronectin also adsorbed on fibers coated with fibrin or 

collagen, but it was hardly visible using immunofluorescence. 

There was no apparent difference in the morphology of the pro-

tein nanocoating on PLGA and PLA membranes (Figure 5).

The durability of the protein nanocoatings on the nano-

fibrous membranes was tested during 7 days under the same 

conditions as those used for cell cultivation. The results 

showed that the fibrin, collagen, or fibronectin nanocoat-

ings on both polymer membranes were stable in a cell-free 

environment, and their morphology was almost unchanged 

after 1 week (Figure 5).

However, the cells altered the morphology of the protein 

nanocoatings during their cultivation. Both types of cells 

degraded and reorganized the protein nanocoating (Figure 7). 

Fibroblasts penetrated into the fibrin mesh and gradually 

degraded the fibrin nanocoating. Nevertheless, on day 7, 

some fibrin-coated fibers and some remains of the thin fibrin 

nanofibrous mesh were still apparent. Collagen was less 

degraded than fibrin by fibroblasts. However, the collagen 

Figure 3 SEM images of unmodified PLGA membranes (A, B) and PLA membranes (C, D). 
Notes: Quanta 450 scanning electron microscope, original magnification 2,000  (A, C) or 10,000  (B, D). Morphological parameters of PLGA and PLA membranes (E). 
Fiber diameter: mean  SD from 12 SEM images (1,748 measurements in total).
Abbreviations: SEM, scanning electron microscopy; PLGA, poly(lactide-co-glycolic acid); PLA, polylactic acid; SD, standard deviation.
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gel that formed on the membrane surface appeared to be too 

soft for the adhesion and growth of fibroblasts, and the cells 

were often detached from the surface of the material. The 

fibronectin mesh degraded faster on the fibrin nanocoatings 

than on the collagen nanocoatings. In addition, the fibrin-

coated membranes apparently stimulated the fibroblasts 

to produce fibronectin and to deposit it as ECM in the cell 

surroundings (Figure 8).

HaCaT keratinocytes degraded the protein nanocoating 

in a different way. Thin nanofibrous fibrin and fibronectin 

meshes on the fibrin-coated membranes were almost 

completely degraded on day 3 after seeding. Only fibers 

coated with fibrin and the remains of fibronectin meshes 

remained until day 7 of seeding. The degradation process had 

started already on day 1 of cell cultivation (data not shown 

here). In Figure 7, it is apparent that the keratinocytes adhered 

on the membrane surface did not penetrate the membrane, but 

remained on the surface of the fibrin or fibronectin meshes, 

and these meshes were pulled down, probably by cell traction 

forces. Surprisingly, the fibronectin attached to the collagen 

gel was not degraded in a similar manner as the fibronec-

tin on the fibrin. The fibronectin attached to the collagen, 

and also the collagen itself, was only slightly changed and 

degraded after 7 days of cell cultivation.

Cell adhesion, spreading, and morphology
Differences in cell morphology among the various types of 

samples and cells were observed. On the coated samples, the 

fibroblasts were well spread with a spindle-like or polygonal 

shape already on day 1 after cell seeding. However, on the 

uncoated membranes, the cells tended to be round and not 

well adhered (Figure 9). After 1 week of cell cultivation, 

the fibroblasts on the fibrin-coated samples, and also on the 

collagen-coated samples, were almost confluent. On the 

uncoated membranes, however, there were considerably 

large free spaces among the cells. On the membranes with 

fibrin, the cells were able to penetrate into the fibrin mesh and 

into deeper layers of the membrane (seen mainly on day 7 

after seeding). By contrast, on membranes with collagen, the 

cells adhered only on the surface of the protein nanocoating 

or on the surface of the membrane (Figure 7).

The morphology of the keratinocytes also varied among 

the different types of samples. On membranes coated with 

collagen, the cells were well spread and formed larger cell 

Figure 4 Puncture mechanical testing.
Notes: The membrane’s mechanical response was plotted for the unmodified PLGA (A) or PLA (B) membrane and for each modification of the membranes as a polynomial 
up to the maximum mean values of stress and strain (thick colored line) and as the confidence bounds of the fit (thin dashed line).
Abbreviations: PLGA, poly(lactide-co-glycolic acid); PLA, polylactic acid; F, fibrin; C, collagen.

Table 1 Variables t and uz at the mean maximum

PLGA  F PLGA  C PLGA PLA  F PLA  C PLA

t
US( ) MPa 0.116 0.032 0.102 0.04 0.101 0.036 0.2 0.086 0.118 0.039 0.161 0.068

u US
z
( ) (mm) 3.24 0.49 3.29 0.22 3.48 0.33 3.5 0.45 2.87 0.61 3.5 0.79

Note: Values stated as mean maximum  standard deviation.
Abbreviations: PLGA, poly(lactide-co-glycolic acid); PLA, polylactic acid; F, fibrin; C, collagen.
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clusters (islands) than on membranes coated with fibrin or on 

uncoated membranes (Figures 7 and 9). The size of the cell 

cluster spreading area on day 1 was larger on membranes with 

collagen than on uncoated membranes or on membranes with 

fibrin. Fibronectin improved cell attachment on the protein 

nanocoatings, mainly on the collagen nanocoating, where 

the largest cell cluster area was observed. The cluster area 

of keratinocytes on the fibrin nanocoating was only slightly 

and insignificantly larger than on the uncoated membranes 

(Figure 10).

Cell proliferation and viability
Cell proliferation was estimated by measuring cell mito-

chondrial activity. At all culture time points, the mitochon-

drial activity of dermal fibroblasts was significantly higher 

on protein-coated membranes (with the exception of the 

collagen-coated membranes) than on uncoated (pristine) 

membranes (Figure 11). On membranes with collagen nano-

coating, cell mitochondrial activity was mostly comparable 

with the metabolic activity of the cells growing on uncoated 

membranes (with the exception of PLA membranes on day 7 

Figure 5 Immunofluorescence staining of protein nanocoating on membrane.
Notes: Fibrin (row 1), fibronectin deposited on fibrin (row 2), collagen I (row 3), and fibronectin deposited on collagen (row 4), freshly prepared on PLGA and PLA 
membranes (day 0) or after 7 days of incubation in DMEM at 37 C and 5% CO2 (day 7). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil.
Abbreviations: PLGA, poly(lactide-co-glycolic acid); PLA, polylactic acid; DMEM, Dulbecco’s Modified Eagle’s Medium.
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after cell seeding, where mitochondrial activity was higher). 

Fibronectin attached to the collagen nanocoating greatly 

improved fibroblast proliferation. Cell mitochondrial activity 

on samples of this type was significantly higher than on 

membranes coated only with collagen. The highest metabolic 

activity of fibroblasts was found on membranes with fibrin 

nanocoating. Fibronectin attached to the fibrin nanocoating 

promoted the attachment of fibroblasts, and further increased 

their mitochondrial activity. This was apparent mainly on 

day 3 after seeding.

In comparison with dermal fibroblasts, HaCaT kera-

tinocytes adhered and proliferated better on membranes 

with a collagen nanocoating than on membranes with a 

fibrin nanocoating (Figure 12). Cell mitochondrial activity 

was significantly higher on membranes coated with col-

lagen than on non-coated membranes and on membranes 

coated with fibrin. Cell mitochondrial activity on fibrin was 

mostly comparable with activity on uncoated membranes. 

On fibrin-coated PLGA membranes further modified with 

fibronectin, cell mitochondrial activity was even lower than 

on pristine PLGA membranes (Figure 12A). In general, 

however, there were no major differences in cell adhesion, 

in mitochondrial activity, or in proliferation between the 

two types of polymeric membranes, ie, PLGA and PLA 

membranes (Figures 11 and 12). The viability of both cell 

types – dermal fibroblasts and HaCaT keratinocytes – was 

high and reached almost 100% on both coated and uncoated 

membranes. The lower adhesion and proliferation rate of the 

cells on uncoated membranes did not affect cell viability 

(Figure 13).

Discussion
Nanofibrous membranes made from bioresorbable polymers 

are promising carriers of skin cells for treating acute or 

chronic wounds. However, the synthetic polymers used for 

fabricating nanofibrous cell carriers often do not provide 

sufficient support for cell adhesion, proliferation, or deposi-

tion of ECM. Desirable cell behavior can be achieved by 

modifying the polymer carrier physically or chemically. 

In our previous studies, modification of PLA membranes 

by plasma treatment enhanced the adhesion and growth 

of human keratinocytes,8 and fibrin nanocoating on PLA 

membranes improved the adhesion and proliferation of 

human fibroblasts, and also collagen synthesis and deposi-

tion by these cells as ECM.9 Modifying nanofibrous carriers 

of skin cells by biomolecules naturally occurring in the skin 

or during skin regeneration could thus be promising for the 

development of desirable skin substitutes. In this study, 

we focused on fabricating fibrin, collagen, and fibronectin 

nanocoatings on nanofibrous PLGA and PLA membranes in 

order to enhance adhesion, proliferation, and ECM synthesis 

in skin cells.

Figure 6 Immunofluorescence staining of protein nanocoating on membrane.
Notes: Fibrin nanocoating (A), collagen nanocoating (D), fibronectin on fibrin nanocoating (B), fibronectin on collagen nanocoating (E), freshly deposited on poly(lactide-
co-glycolic acid) membranes. Image A was merged with B (C), and image D with E (F). Secondary antibodies were conjugated with Alexa 488 (fibrin, collagen, green 
fluorescence) or with Alexa 633 (fibronectin, red fluorescence). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil.



International Journal of Nanomedicine 2017:12 submit your manuscript | www.dovepress.com

Dovepress 

Dovepress

1153

Protein-coated nanofibers for skin cells

Fibrin deposited on membrane nanofibers greatly 

improved the adhesion, spreading, and proliferation of dermal 

fibroblasts. In some places on the membranes, moreover, 

fibrin formed a thin nanofibrous mesh, mimicking ECM 

and promoting more cell adhesion and spreading than was 

observed on unmodified membranes. These results were 

similar to those obtained in our previous work. As we 

discussed there, fibrin enabled the cell adhesion receptors 

to bind to its molecule, and further supported cell adhesion 

by attracting cell adhesion-mediating molecules (such as 

Figure 7 Human dermal fibroblasts and HaCaT keratinocytes on protein-coated membranes.
Notes: Fibrin (row 1), fibronectin deposited on fibrin (row 2), collagen I (row 3), and fibronectin deposited on collagen (row 4) on poly(lactide-co-glycolic acid) membranes 
after 3 and 7 days of cultivation of human dermal fibroblasts and HaCaT keratinocytes. Row 5: control cells on pristine uncoated membranes. The protein nanocoating 
was immunofluorescence stained (green) with primary and secondary antibody conjugated with Alexa 488. The cells were stained with phalloidin–tetramethylrhodamine 
isothiocyanate (red; actin cytoskeleton) and with Hoechst 33258 (blue; cell nuclei). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil.



International Journal of Nanomedicine 2017:12submit your manuscript | www.dovepress.com

Dovepress 

Dovepress

1154

Bacakova et al

fibronectin or vitronectin) from the serum supplement of 

the cell culture medium. We showed that fibrin enhanced 

the development of focal adhesion plaques containing 

1
-integrins in dermal fibroblasts.9 Studies by other authors 

have also shown similar positive effects of fibrin on the 

adhesion and growth of fibroblasts.41,42

However, our results showed that (unlike in the case of 

fibroblasts) there was not significantly greater proliferation of 

keratinocytes on fibrin-coated membranes than on uncoated 

membranes. The explanation for this could be that keratino-

cytes, unlike fibroblasts, do not naturally come into direct 

contact with fibrin. During wound healing, fibroblasts migrate 

into the fibrin clot, start to produce ECM, and are the first 

to contribute to wound healing. Keratinocytes then migrate 

to the wound, attach to the ECM matrix, and form new cell 

layers of epidermis. Many previous studies have attempted 

to reveal the role of fibrin in the adhesion and prolifera-

tion of keratinocytes, but they have not reached consistent 

conclusions. Sese et al reported that keratinocyte prolifera-

tion in three-dimensional fibrin constructs was influenced 

by thrombin concentration. These authors found that the 

optimal thrombin concentration in fibrin matrices for stimu-

lating keratinocyte proliferation was about 1 U/mL,43 while 

the proliferation of fibroblasts was not strongly dependent 

Figure 8 Immunofluorescence staining of fibronectin produced by dermal fibroblasts.
Notes: Fibronectin (green) produced by dermal fibroblasts on poly(lactide-co-glycolic acid) (PLGA) membranes with a fibrin nanocoating (A, B) or on uncoated PLGA 
membranes (C, D) on day 3 (A, C) and on day 7 (B, D) after seeding. Cells were stained with phalloidin–tetramethylrhodamine isothiocyanate (red; actin cytoskeleton) and 
with Hoechst 33258 (blue; cell nuclei). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil.

Figure 9 Morphology of human dermal fibroblasts and human HaCaT keratinocytes.
Notes: Day 1 after seeding on poly(lactide-co-glycolic acid) (PLGA) membranes coated with fibrin, fibrin  fibronectin, collagen, or collagen  fibronectin, and on uncoated 
PLGA membranes (pristine). Polystyrene (PS) culture dishes were used as reference material. Cells stained with Texas red C2-maleimide and Hoechst 33258. Olympus IX 51 
microscope, magnification 10 , DP 70 digital camera.
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Figure 10 Cell cluster spreading area of HaCaT keratinocytes.
Notes: Day 1 after seeding on poly(lactide-co-glycolic acid) membranes in modified 
states (1–4) or in an unmodified state (pristine). Polystyrene (PS) culture dishes 
were used as reference material. Arithmetic mean  standard error of mean from 
283–779 measurements. Analysis of variance, Student–Newman–Keuls method, 
statistical significance P 0.05. 1–4, PS in comparison with experimental group of 
same label; *compared to pristine sample.

Figure 11 Mitochondrial activity in human dermal fibroblasts determined by MTS assay at three time points (on days 1, 3, and 7 after cell seeding).
Notes: On a poly(lactide-co-glycolic acid) membrane (A) or polylactic acid membrane (B) in modified states (1–4) or in an unmodified state (pristine). Polystyrene 
(PS) culture dishes were used as reference material. Arithmetic mean  standard deviation values from 12 measurements made on three independent samples for each 
experimental group and time point. Analysis of variance, Student–Newman–Keuls method, statistical significance P 0.05. 1–4, PS in comparison with experimental group of 
same label; *compared to pristine sample at all three time points (black label) or at particular points (color label).

on thrombin concentration. Fibroblasts proliferated well 

within three-dimensional fibrin clots containing 1–167 U/mL 

of thrombin.44 In our study, we used thrombin in a concen-

tration of 2.5 U/mL to fabricate a fibrin nanocoating. This 

concentration was optimal for forming the nanocoating on 

the membrane and for supporting the proliferation of fibro-

blasts, but it was probably not convenient for the growth of 

keratinocytes. Gugerell et al reported that high concentrations 

(about 820 U/mL) of thrombin activated apoptotic mecha-

nisms in keratinocytes, and also decreased their attachment 

and spreading on fibrin sealants.45 Kubo et al showed that 

fibrin and fibrinogen were nonadhesive for keratinocytes, due 

to a lack in these cells of 
v 3

 integrin receptors, which are 

important for binding cells to fibrin molecules.46 In our study, 

the HaCaT keratinocytes were able to adhere to fibrin-coated 

membranes, though they were not so well flattened as on 

collagen-coated membranes. This may be explained by the 

relatively long exposure of the fibrin coatings to the adher-

ing keratinocytes, ie, more than 24 hours, which is sufficient 

time for these cells to alter or to remove the protein coating 

in order to enhance their adhesion.46 In addition, the adhesion 

and proliferation of keratinocytes on fibrin matrices can be 

improved by cross-linking them, eg, by factor XII, and also 

by adding fibronectin.47 It cannot be excluded that fibronec-

tin, which is present in the serum supplement of the culture 

medium, was bound onto our fibrin matrices through their 

C domains,22 and was then recognized by the 
5 1

, 
v 1

, and 

v 6
 integrin-adhesion receptors present on keratinocytes, 

including HaCaT.48 However, in our study, the attachment 

of fibronectin to fibrin coatings did not significantly improve 

the adhesion or growth of keratinocytes, although this cell 

behavior was expected.

Our experiments also suggested that fibrin stimulated 

fibroblasts to synthesize fibronectin and deposit it as ECM 

in the cell surroundings. On the fibrin coating, the amount of 

fibronectin in the cell surroundings increased markedly from 

day 3 to day 7, and the fibronectin was clearly associated with 

the cells, ie, it was localized in the immediate vicinity of the 

cell membrane. This was particularly apparent on day 7, when 

fibronectin clearly contoured the cells (Figure 8). This pattern 

could be attributed to de novo synthesis of fibronectin by the 

cells, rather than to its spontaneous adsorption or binding 
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Figure 12 Mitochondrial activity in human HaCaT keratinocytes determined by MTS assay at two time points (on days 3 and 7 after cell seeding).
Notes: On poly(lactide-co-glycolic acid) (A, B) or polylactic acid membranes (C, D) in modified states (1–4) or in an unmodified state (pristine). Polystyrene (PS) culture 
dishes were used as control material. Arithmetic mean  standard deviation values from 12 measurements made on three independent samples for each experimental 
group and time point. Analysis of variance, Student–Newman–Keuls method, statistical significance P 0.05. 1–4, PS in comparison with experimental group of same label; 
*compared to pristine sample.

to fibrin from the serum of the culture medium. A similar 

pattern of fibronectin deposition was observed in cardiac 

fibroblasts cultured on three-dimensional fibrin gels.49 In our 

previous study, we showed that fibroblasts were stimulated 

by a fibrin nanocoating to produce collagen ECM fibers.9 

Studies by other authors have also described a stimulatory 

effect of fibrin on ECM synthesis (mainly collagen I) by 

fibroblasts.42,50

Collagen deposited on the membranes also enhanced 

adhesion, spreading, and proliferation of the cells, par-

ticularly of HaCaT keratinocytes. Collagen is a major 

component of ECM, and most of the cells bind to its oli-

gopeptide sequence DGEA (Asp-Gly-Glu-Ala), mainly by 

2 1
 or 

3 1
 integrin receptors.51,52 These receptors are also 

expressed in HaCaT keratinocytes.53 The HaCaT keratino-

cytes in our study adhered, spread, and proliferated faster 

on collagen-coated membranes than on fibrin-coated or 

uncoated membranes.

After skin injury, keratinocytes physiologically migrate 

into the wound and interact through their integrin receptors 

with ECM molecules, mainly with collagen I nanofibers.11 

It seems to be beneficial to modify nanofibrous scaffolds 

by collagen or directly to fabricate collagen nanofibrous 

scaffolds.38,40 The native ECM in the dermis consists of col-

lagen nanofibers less than 100 nm in diameter. However, the 

diameter of collagen fibers in nanofibrous matrices is usually 

greater than 100 nm.39 For this reason, Fu et al developed 

composite polycaprolactone–collagen nanofibrous matrices 

coated with a thin layer of collagen gel, forming a second-

ary ultrafine network of nanofibers (55 26 nm in diameter), 

in order to simulate natural conditions better. This ultrafine 

collagen fibrous network significantly increased the adhesion 

and migration of keratinocytes in comparison with unmodi-

fied polycaprolactone–collagen composite fibers, which 

were 331 112 nm in diameter.39 Therefore, the improve-

ment in the adhesion and growth of keratinocytes on our 
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Figure 13 Viability of human dermal fibroblasts and human HaCaT keratinocytes determined by a live/dead kit.
Notes: Day 1 after seeding on poly(lactide-co-glycolic acid) (PLGA) membranes coated with fibrin, fibrin  fibronectin, collagen, or collagen  fibronectin, and on uncoated 
PLGA membranes (pristine). Polystyrene (PS) culture dishes used as reference material. Cells stained with calcein AM (green, live cells) and with ethidium homodimer 1 (red, 
dead cells). Olympus IX 51 microscope, magnification 10 , DP 70 digital camera.

collagen-modified PLA and PLGA nanofibrous membranes 

can be explained by the formation of a soft collagen gel on 

the membrane surface, rather than to the collagen coating of 

the individual fibers in the membranes.

In contrast to keratinocytes, the adhesion and proliferation 

of dermal fibroblasts on collagen-coated membranes was 

usually similar to the adhesion and proliferation on uncoated 

membranes. Dermal fibroblasts naturally generate contrac-

tile forces that affect the surrounding tissue. During wound 

healing, the fibroblasts produce strong ECM fibers made of 

collagen and elastin, which resist the traction forces of the 

cells. Similarly, when cells are seeded on a biomaterial sup-

port in vitro, the cells subject this support to traction forces 

generated by the actin cytoskeleton during cell adhesion, 

spreading, and migration.4,54 However, on our membranes, 

the collagen mostly formed a gel that was probably too soft 

and was deformed by the traction forces generated by the 

fibroblasts. In addition, the collagen coating did not improve 

mechanical properties compared to the fibrin coating, which 

showed an increase in membrane stiffness. Therefore, the 

fibrin coating was able to resist contractile forces from 

fibroblasts better than the collagen gel. The collagen gel was 

thus probably not able to provide an appropriate substrate 

for the attachment and migration of dermal fibroblasts. This 

was suggested by the fibroblast peeling of the collagen gel 

observed in our study.

Eastwood et al made a systematic study of the genera-

tion of contractile forces by dermal fibroblasts on a collagen 

gel. They found that most of the forces were induced during 

attachment and spreading of the cells, and different groups 

of fibroblasts might vary in their contraction activity.55 The 

different behavior of the fibroblasts and the keratinocytes 

on our collagen-coated membranes was probably due to 

the different contraction forces generated by these cells on 

the collagen gel. Agis et al compared fibroblast behavior 

on a collagen gel and on a collagen porous sponge. They 

found that the collagen sponge provided better support for 

cell migration, proliferation, and ECM production than the 

collagen gel.56 These results suggest that for the fibroblast 

component of a skin substitute, it would be better to use 

nanofibrous scaffolds made of pure collagen, or collagen 

combined with other degradable materials, as mentioned 

earlier.38,40 Mateos-Timoneda et al fabricated polylactide 

films and fibers covalently bond with collagen. In contrast to 

our results, they observed significant positive effects on adhe-

sion and proliferation of dermal fibroblasts. The covalently 
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bond collagen probably was able to better resist contractile 

forces of fibroblasts, and provide them with a more stable 

substrate for adhesion.57

Fibronectin was deposited on a fibrin or collagen nano-

coating in order to enhance the attachment and spreading 

of the cells. Fibronectin is the main adhesive protein of the 

ECM and is bound by cell integrin-adhesion receptors through 

the RGD amino acid sequence (Arg-Gly-Asp).58 Fibronectin 

attached to collagen-coated membranes improved the adhe-

sion and spreading of HaCaT keratinocytes. The measured 

cell cluster area, ie, the size of the keratinocyte islands 

formed on day 1 after seeding, was larger on fibronectin–

collagen-coated membranes than on collagen-only-coated 

membranes. Moreover, fibronectin attached to a collagen 

and fibrin nanocoating enhanced the proliferation of dermal 

fibroblasts. This positive effect was more pronounced on 

collagen-coated membranes, ie, on a material where the 

adhesion and growth of fibroblasts were less stimulated than 

on fibrin. The enhancement of fibroblast proliferation by 

fibronectin was probably due to better primary attachment 

of the cells.

The way in which the cells degraded and reorganized 

the protein nanocoatings differed between fibroblasts and 

keratinocytes. The fibroblasts slowly and continuously 

degraded and reorganized all types of protein nanocoatings 

during cultivation, whereas the effects of HaCaT kerati-

nocytes were different on fibrin-based nanocoatings and 

on collagen-based nanocoatings. The morphology of the 

collagen nanocoating was not significantly changed by the 

keratinocyte behavior. However, the morphology of the thin 

fibrous mesh of a fibrin nanocoating was strongly altered by 

keratinocytes already 24 hours after cell seeding. Interest-

ingly, while fibronectin attached to fibrin was significantly 

degraded by keratinocytes, fibronectin attached to collagen 

was not significantly degraded. During the attachment, 

spreading, and migration of keratinocytes, the cells develop 

traction forces that affect the ECM. The thin fibrous fibrin 

mesh was probably not able to resist these contractile forces, 

and was pulled down at an early stage, together with the 

attached fibronectin. However, the collagen coating probably 

provided a firmer surface for keratinocyte adhesion and 

migration. In addition, the collagen gel that formed on the 

surface of the nanofibrous membranes provided a relatively 

flat growth support, which may be more convenient for the 

adhesion of keratinocytes, ie, flat and polygonal epithelial 

cells. Last but not least, keratinocytes lack 
v 3

 integrin 

receptors, which are important for binding to fibrin mole-

cules. They thus did not use the fibrin molecules as a substrate 

for their adhesion, migration, or growth, and they tried to 

reorganize or even remove this coating. From physiological 

wound healing in vivo, it is known that keratinocytes slough 

the fibrin eschar from the newly formed epidermis.46

On the PLA and PLGA membranes, there was no apparent 

difference in the morphology of the protein nanocoatings nor 

in the cell behavior on these coatings. Cell behavior was also 

similar on both types of nanofibrous membranes. Both PLA 

and PLGA are degradable polyesters widely used in tissue 

engineering and in other biotechnologies, eg, for drug deliv-

ery. However, certain differences have been reported in the 

behavior of the two polymers in the biological environment. 

For example, when prepared in the form of microspheres 

for drug delivery, PLA has a longer degradation time than 

PLGA, and the degradation time of PLGA decreases with a 

decreasing percentage of PLA in this copolymer.59 Accord-

ingly, the loss of mechanical integrity is faster in PLGA 

than in PLA.31 PLA microspheres show a more porous and 

hydrophobic surface than PLGA, which results in differences 

in protein adsorption on these polymers, including fibrino-

gen. PLA adsorbs slightly more fibronectin, but also more 

albumin, which is nonadhesive for cells.32 The adhesion and 

proliferation of porcine chondrocytes is better on PLGA films 

(ratio 85:15) than on PLA films.34 Similarly, rat osteoblasts 

cultured on PLGA films (ratio 75:25) show increased activity 

of alkaline phosphatase, ie, a marker of osteogenic cell dif-

ferentiation, than cells on PLA films.33 In serum free-medium, 

pristine PLA and PLGA, in forms of both films and fibers, 

strongly reduce the adhesion of human dermal fibroblasts in 

comparison with tissue-culture polystyrene, and this adhe-

sion is markedly improved when the polymer materials are 

covalently bound with collagen I.57

Conclusion and future perspectives
The protein nanocoatings developed in our study on nano-

fibrous PLGA and PLA membranes had a major influence 

on the behavior of skin cells. The behavior of the cells 

was different on fibrin than on collagen nanocoating. 

Fibrin enhanced the adhesion, spreading, proliferation, and 

fibronectin ECM synthesis of human dermal fibroblasts. 

In contrast to fibroblasts, HaCaT keratinocytes adhered, 

spread, and proliferated more quickly on collagen-coated 

membranes than on fibrin-coated or uncoated membranes. 

Fibronectin attached to fibrin or to a collagen nanocoating 

further enhanced cell adhesion and spreading. Moreover, 

fibronectin increased fibroblast proliferation. No differences 

were observed in the adhesion or growth of the cells on PLGA 

and PLA membranes.
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Taken together, a degradable nanofibrous membrane with 

protein nanocoating could be promising for the construction 

of a bilayered skin substitute. On one side of the membrane, 

the fibrin-coated nanofibers could support the adhesion, 

proliferation, and ECM synthesis of fibroblasts. With its 

collagen nanocoating, the opposite side of the membrane 

could serve as an appropriate carrier for keratinocytes.
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Background: Our study focuses on the fabrication of appropriate scaffolds for skin wound 

healing. This research brings valuable insights into the molecular mechanisms of adhesion, pro-

liferation, and control of cell behavior through the extracellular matrix represented by synthetic 

biodegradable nanofibrous membranes coated by biomolecules.

Methods: Nanofibrous polylactic acid (PLA) membranes were prepared by a needle-less elec-

trospinning technology. These membranes were coated with fibrin according to two preparation 

protocols, and additionally they were coated with fibronectin in order to increase the cell affinity 

for colonizing the PLA membranes. The adhesion, growth, and extracellular matrix protein pro-

duction of neonatal human dermal fibroblasts were evaluated on the nanofibrous membranes.

Results: Our results showed that fibrin-coated membranes improved the adhesion and pro-

liferation of human dermal fibroblasts. The morphology of the fibrin nanocoating seems to 

be crucial for the adhesion of fibroblasts, and consequently for their phenotypic maturation. 

Fibrin either covered the individual fibers in the membrane (F1 nanocoating), or covered the 

individual fibers and also formed a fine homogeneous nanofibrous mesh on the surface of the 

membrane (F2 nanocoating), depending on the mode of fibrin preparation. The fibroblasts on 

the membranes with the F1 nanocoating remained in their typical spindle-like shape. However, 

the cells on the F2 nanocoating were spread mostly in a polygon-like shape, and their proliferation 

was significantly higher. Fibronectin formed an additional mesh attached to the surface of the 

fibrin mesh, and further enhanced the cell adhesion and growth. The relative gene expression 

and protein production of collagen I and fibronectin were higher on the F2 nanocoating than 

on the F1 nanocoating.

Conclusion: A PLA membrane coated with a homogeneous fibrin mesh seems to be promising 

for the construction of temporary full-thickness skin tissue substitutes.

Keywords: nanofibers, fibrin, nanocoating, dermal fibroblasts, extracellular matrix synthesis, 

skin substitute, polylactic acid

Introduction
Fibrin is a biomolecule that is physiologically formed after a skin injury. It plays an 

important role during the healing process of a skin wound. After a tissue injury, the 

coagulation cascade is activated, and as a result, water-soluble fibrinogen is converted 

into insoluble fibrin. The fibrin forms a network of fibers that stabilizes the platelet 

plug by binding platelets to fibrin fibers. The platelets secrete growth factors, mainly 

platelet-derived growth factor and transforming growth factor beta. These growth fac-

tors stimulate the fibroblasts to migrate into the wound, proliferate, and produce extra-

cellular matrix (ECM) proteins, mainly collagen I and fibronectin (Fn). The synthesized 

extracellular proteins finally replace the fibrin network.1,2 Through the cell adhesion 

receptors, the fibrin binds the fibroblasts and the other cell types participating in the 
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wound healing process, such as endothelial cells, smooth 

muscle cells, leukocytes, fibroblasts, and keratinocytes.3 The 

fibrin molecule also binds growth factors and ECM proteins 

Fn and vitronectin, which are important for cell adhesion.1

Fibrin is often applied in regenerative medicine to sup-

port wound healing. To accelerate wound healing, fibrin is 

mostly used in the form of a sealant,4,5 a gel,6–8 a glue,9,10 or 

microbeads.11 It is directly applied into the wound and is 

seeded with skin cells. However, the fibrin is relatively rarely 

combined with other supporting substrates, although this 

could improve the stability of various matrices. In our previ-

ous studies, we fabricated fibrin-coated polylactic acid (PLA) 

or polylactide-co-glycolide (PLGA) nanofibrous membranes, 

and we observed a positive influence of fibrin on the behavior 

of dermal fibroblasts. Moreover, the coated nanofibrous mem-

brane showed good mechanical properties for withstanding 

the traction forces generated by fibroblasts.12,13

In this study, we prepared electrospun PLA membranes 

with fibrin nanocoatings of various structures. The first nano-

coating only coated each individual membrane fiber. The sec-

ond nanocoating covered the individual fibers, and in addition 

it formed a fine nanofibrous mesh on top of the membrane and 

filled the pores between the fibers. In addition, we attached 

Fn to the fibrin nanocoating to enhance cell adhesion.13 The 

purpose of this study was to compare the behavior of human 

dermal fibroblasts on fibrin-coated membranes depending on 

the different structure of the fibrin nanocoating. We observed 

the fibroblast adhesion, spreading, proliferation, and synthesis 

of ECM proteins – collagen I and Fn. It is known that fibro-

blasts secrete ECM proteins during wound healing, mainly 

collagens of type I and type III, the most abundant proteins 

in skin dermis. The synthesis of extracellular collagen is 

enhanced by 2-phospho-L-ascorbic acid trisodium salt (AA). 

AA plays an important role in the formation of stable mature 

collagen with a triple-helix structure. AA serves as a cofactor 

for enzymes catalyzing the synthesis of hydroxyproline and 

hydroxylysine. These amino acids are important for inter-

molecular crosslinking in the collagen structure.14,15 In our 

previous study, we reported that dermal fibroblasts cultivated 

on fibrin-coated membranes deposited type I extracellular 

collagen on the surface of the membrane. In addition, fibrin 

significantly increased the synthesis of extracellular collagen, 

as determined by an increasing expression of mRNA and an 

increasing amount of protein deposited on the membrane.12 

In a subsequent study, we observed that fibrin increased the 

synthesis of another extracellular protein, Fn.13

In recent times, nanostructured materials have been applied 

increasingly in the fabrication of tissue substitutes. In our 

studies, we also use biodegradable nanofibrous membranes 

for cell cultivation, because these materials can provide more 

support for cell adhesion, proliferation, and differentiation 

than flat and microstructured surfaces.16 The nanostructure 

of the materials mimics the nanoarchitecture of the natural 

ECM, and thus enhances the cell–material interaction. Cell 

adhesion is mediated through cell integrin receptors, which 

bind ECM proteins. For successful cell adhesion, the ECM 

proteins should be adsorbed on the substrate from the body 

fluid or from the cell culture medium in a sufficient amount, 

and particularly in an appropriate spatial conformation. The 

spatial conformation of ECM molecules is important for their 

interaction with cell adhesion receptors. Nanostructured mate-

rials are able to adsorb ECM adhesion-mediating molecules 

in an appropriate spatial conformation, and thus they enable 

the cells to attach and spread on the substrate.16,17

Materials and methods
Preparation of nanofibrous membranes
Nanofibrous PLA membranes were prepared by the electro-

spinning process, as was described in our earlier paper.12 PLA 

Ingeo™ Biopolymer 4032D (NatureWorks, Minnetonka, 

MN, USA) was dissolved in chloroform. Dichloroethane 

and ethyl acetate were added into the PLA solution to a 

final concentration of 7 wt% of PLA. Tetraethylammonium 

bromide was added to the PLA solution to make the polymer 

solution electrically conductive.

A PLA nanofibrous membrane was prepared using Novel 

Nanospider needle-free electrospinning technology (NS Lab 

500, Liberec, Czech Republic). The process was carried out 

under the following conditions: electrode distance: 180 mm; 

voltage: 60–10 kV; the spinning electrode rotated at 4 rpm; 

relative humidity: 25%–30%, and room temperature. The 

membranes were prepared at a fiber density of 17 g/m2, that 

is, the area weight of the prepared nanofibers.

Preparation of fibrin nanocoatings with 
attached Fn
The fibrin nanocoatings on the PLA nanofibrous membranes 

were formed by activation of water-soluble human fibrinogen 

(341576; EMD Millipore, Billerica, MA, USA) with human 

thrombin (T6884; Sigma-Aldrich Co, St Louis, MO, USA), 

in accordance with a previously published work.18

Two different types of fibrin nanocoatings were prepared 

on the membranes. Ten micrograms per milliliter of fibrino-

gen diluted in Tris buffer (consisting of 50 mM Tris–HCl, 

100 nM NaCl, and 2.5 mM CaCl
2
) was adsorbed on the mem-

brane for 1 hour. After rinsing with Tris buffer, the adsorbed 
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fibrinogen was activated with thrombin (2.5 U/mL in Tris 

buffer) for 15 minutes. These first two preparation steps were 

the same for both types of fibrin nanocoatings. The subse-

quent steps differed according to the type of nanocoating. The 

first type of fibrin nanocoating covered the individual fibers 

in the membrane (F1 nanocoating). The second type of fibrin 

nanocoating covered the individual fibers in the membrane 

and, in addition, it formed a fine homogeneous fibrin mesh 

on the surface of the membrane and filled the pores between 

the membrane fibers (F2 nanocoating).

When preparing the F1 nanocoating, the thrombin-activated 

membranes were incubated in Tris buffer for 30 minutes in 

order to wash out the unreacted thrombin. Then a solution of 

200 g/mL of fibrinogen in Tris buffer and 0.5 U/mL of anti-

thrombin III (Chromogenix, Milano, Italy) in deionized water 

was added to the membranes for 1 hour to form a stable fibrin 

nanocoating. The antithrombin III blocked the rest of the unre-

acted thrombin to prevent the formation of a three-dimensional 

(3-D) fibrin gel. The F2 nanocoating was prepared directly 

after thrombin activation, without the incubation step in Tris 

buffer, that is, without washing out the unreacted thrombin. 

In this case, the unreacted thrombin reacted with the ambient 

fibrinogen and a fine nanofibrous fibrin mesh was formed.

To enhance fibroblast adhesion, we attached Fn to the surface 

of fibrin nanocoating. Human Fn powder (11051407001; Roche, 

Basel, Switzerland) was dissolved in deionized water at a con-

centration of 1 mg/mL. The Fn solution with a final concentration 

of 50 g/mL in phosphate-buffered saline (PBS; Sigma-Aldrich 

Co) was added to the samples and was incubated over-

night at 4 C. The samples were then rinsed twice with PBS.

Membrane puncture testing
The wet pristine membrane and the membrane with an F1 or 

F2 nanocoating were tested using the puncture testing protocol, 

described in detail in our earlier study.13 Six samples were used 

for each experimental group. In brief, the samples were placed 

in a customized holder and were punctured with a spherical cup 

probe at a constant speed of 0.3 mm/s (stepper motor PD28-

3-1021; Trinamic, Hamburg, Germany) while the force was 

being recorded (1,000 Hz, Force sensor Kistler 9203; Kistler, 

Winterthur, Switzerland). The structural integrity of the mem-

branes was optically checked at microscale level, using reflec-

tance confocal microscopy (xyt scan, C PLAN magnification 

4.0 /0.10 numerical aperture [NA] dry, 256 256 pixels, pixel 

size 3.6 m, Leica TCS SPE coupled to Leica DM2500 [Leica 

Microsystems, Wetzlar, Germany]) and, at macroscale level, 

by a digital camera (1,504 880 pixels, pixel size 0.015 mm, 

M5; Integrated Design Tools, Inc., Hitchin, UK).

As the membranes were from a single batch, the evalu-

ation was made using Hooke’s law, that is, F kx, where 

F is the detected force, x is the membrane extension, and 

k represents the stiffness of the membrane. In addition, the 

maximum force F
max

, the extension at maximum force x
Fmax

, 

and the work W that was necessary to completely tear the 

membrane were also calculated for a statistical comparison 

(Matlab 2017; Mathworks, Natick, MA, USA).

Cell culture
Before the fibrin nanocoating was prepared and the mem-

branes were seeded with cells, the nanofibrous membranes 

were fixed in Cell Crown inserts (Scaffdex Ltd, Tampere, 

Finland) in order to prevent the sample floating in the cell 

culture medium. The samples were sterilized in 70% ethanol 

for 30 minutes and were rinsed in sterilized deionized water 

for 2 days. Then the samples were inserted into the wells of 

24-, 12-, or 6-well plates (TPP Techno Plastic Products AG, 

Trasadingen, Switzerland).

The membranes were seeded with neonatal human dermal 

fibroblasts, purchased from Lonza (Basel, Switzerland), in 

passages 2–6, at a density of 10,000 cells/cm2. The cells were 

cultivated in DMEM (Sigma-Aldrich Co) with 10% of fetal 

bovine serum (FBS; Sebak GmbH, Aidenbach, Germany) 

and 40 g/mL of gentamicin (Lek, Ljubljana, Slovenia). The 

cells were incubated for various time intervals, depending 

on the given experiment, in a humidified atmosphere with 

5% of CO
2
 in the air. Polystyrene (PS) culture wells were 

used as a reference material. On day 1 after cell seeding, the 

culture medium was supplemented with AA at a concentra-

tion of 50 g/mL in order to stimulate the cells to synthesize 

extracellular collagen.

Morphology of the fibrin nanocoatings
The morphology of the fibrin F1 and F2 nanocoatings (with or 

without attached Fn) was studied using fluorescence confocal 

microscopy. The different fibrin morphology of the F1 and F2 

nanocoatings was immunofluorescence stained on freshly pre-

pared cell-free samples and on samples with cells cultivated 

on membranes for 1, 3, and 7 days. A noncoated membrane 

was used as a control sample to evaluate possible nonspecific 

binding of the primary and secondary antibodies.

The membranes were treated with 1% bovine serum 

albumin in PBS (Sigma-Aldrich Co) for 20 minutes, and then 

with 1% Tween (Sigma-Aldrich Co) in PBS for 20 minutes 

at room temperature to block nonspecific binding sites. Then 

the samples were incubated overnight at 4 C with primary 

antibody against human fibrinogen (A0080, polyclonal 
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rabbit antibody; Dako Denmark A/S, Glostrup, Denmark) 

or with Fn (F0791, mouse monoclonal antibody; Sigma-

Aldrich Co), diluted in PBS in a ratio of 1:200. On the next 

day, the samples were rinsed with PBS and were incubated 

with secondary antibodies goat anti-rabbit or goat anti-

mouse F(ab )2 fragments of immunoglobulin G (IgG; H L) 

conjugated with Alexa Fluor® 488 (A11070 and A11017, 

Molecular Probes, Thermo Fisher Scientific, Waltham, 

MA, USA). The incubation time was 1 hour at room tempera-

ture in the dark, and the dilution was 1:400 in PBS.

The fibrin-coated membranes with attached Fn were 

simultaneously stained for fibrin and Fn on the same sample. 

In this case, the samples were incubated with a primary 

antibody against fibrinogen overnight at 4 C. On the next 

day, after the samples had been rinsed with PBS, the primary 

antibody against Fn was added to the samples for 3 hours. 

Both primary antibodies were diluted in a ratio of 1:200. 

Finally, the samples were incubated with secondary antibody 

goat anti-rabbit F(ab )2 fragment of IgG (H L) conjugated 

with Alexa Fluor 488 and then with secondary antibody goat 

anti-mouse F(ab )2 fragment of IgG (H L) conjugated with 

Alexa Fluor 633 (A11070 and A21053, Molecular Probes, 

Thermo Fisher Scientific). The incubation time for both 

secondary antibodies was 1 hour in the dark, and the dilution 

was 1:400 in PBS.

The samples were scanned on a Leica TCS SPE DM2500 

upright confocal microscope, magnification 40 /1.15 NA oil, 

and on a Leica TCS SP8, objective HCX PL APO, magnifica-

tion 40 /1.25–0.75 NA Oil CS. The signal intensity profiles 

of the immunofluorescence-stained fibrin nanocoating with 

attached Fn were plotted using data obtained by the “Plot 

Z-axis Profile” function in Fiji (ImageJ) open-source image 

analysis software.19 This software function plots the average 

image plane intensity in a given color channel versus the 

z-axis (depth) of a confocal z-stack image.

Cell spreading
The spreading and the shape of the cells were evaluated by 

staining the cell F-actin cytoskeleton and the cell nuclei. The 

F-actin was stained with phalloidin conjugated with tetram-

ethylrhodamine fluorescent dye (Sigma-Aldrich Co), and the cell 

nuclei were stained with Hoechst #33258 (Sigma-Aldrich Co) 

for 1 hour at room temperature in the dark. Both dyes were 

diluted in PBS to concentration 5 g/mL. Before the cells were 

stained with fluorescent dyes, they were rinsed in PBS and 

were fixed with 20 C cold ethanol for 10 minutes. The images 

were taken using a Leica TCS SPE DM2500 upright confocal 

microscope using magnification 40 /1.15 NA oil.

Cell mitochondrial activity
The activity of cell mitochondrial enzymes was measured on 

days 1, 3, and 7 after cell seeding as a marker of cell prolif-

eration and viability. The metabolic activity was determined 

by a CellTiter 96® AQueous One Solution Cell Proliferation 

Assay (MTS; Promega Corporation, Madison, WI, USA). The 

membrane samples were moved into fresh cell culture wells to 

avoid the influence of cells adhered to the bottom of the well. 

The assay was performed according the manufacturer’s pro-

tocol. The formazan dye produced by the cells after 3 hours of 

incubation was quantified by measuring the absorbance using 

a VersaMax ELISA Microplate Reader spectrophotometer 

(Molecular Devices Corporation, Sunnyvale, CA, USA). The 

absorbance was measured with wavelength 490 nm and with 

reference wavelength 650 nm. Three independent samples 

were used for each experimental group and time interval. The 

experiment was performed three times. 

Immunofluorescence staining of 
extracellular collagen I and Fn
The extracellular collagen I and Fn deposited by the cells 

on the surface of the membrane were immunofluorescently 

stained on days 4, 7, and 14 after cell seeding. The samples 

were rinsed with 5% FBS in PBS. The membranes were then 

incubated in primary antibodies against collagen I (C2456, 

mouse monoclonal antibody; Sigma-Aldrich Co) or Fn 

(F0791, mouse monoclonal antibody; Sigma-Aldrich Co) 

diluted in PBS in a ratio of 1:200 for 30 minutes in ice. After 

the cells were rinsed with 5% FBS in PBS, they were fixed 

for 20 minutes with 2% paraformaldehyde dissolved in PBS 

with 5% of FBS. The samples were rinsed with PBS and were 

incubated in 1% FBS in PBS to block nonspecific binding 

sites for 20 minutes. The solution of secondary antibody anti-

mouse F(ab )2 fragments of IgG (H L) conjugated with Alexa 

Fluor 488 (Molecular Probes, Thermo Fisher Scientific) was 

diluted 1:400 in 1% FBS in PBS. This solution was added to 

the sample for 2 hours in the dark. After being rinsed with 

PBS, the cell nuclei were stained with Hoechst #33342, which 

penetrates through the nonpermeabilized cell membrane. 

Images were taken using a Leica TCS SPE DM2500 upright 

confocal microscope, magnification 40 /1.15 NA oil.

Real-time polymerase chain reaction (PCR)
Real-time PCR was performed to investigate the relative 

mRNA expression of ECM proteins, collagen I and Fn, in 

the dermal fibroblasts. The cells were harvested on days 4 

and 7 of cultivation on the modified PLA membrane. 

The total RNA was isolated using the Total RNA Purification 
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Micro Kit (35300; Norgen Biotek, Thorold, ON, Canada), 

according to the manufacturer’s protocol. The cells were rinsed 

with PBS and the membrane was placed into a 1.5 mL tube filled 

with RNA lysis solution enriched with mercaptoethanol (1%).

Reverse transcription was performed using the Omnis-

cript Reverse Transcription Kit (205113; Qiagen, Hilden,  

Germany) and random hexamers (New England Biolabs, 

Inc, Ipswich, MA, USA) and was carried out according to 

the manufacturer’s protocol.

The mRNA level was quantified using 5 HOT FIRE-

Pol Probe qPCR Mix Plus (ROX) (08-36-00001; Solis 

BioDyne, Tartu, Estonia) and by TaqMan Gene Expres-

sion Assays (4331182; Thermo Fisher Sci entific), labeled 

with FAM reporter dye specific to human collagen I 

COL1A1 (Hs00164004_m1) or specific to human Fn FN1 

(Hs01549976_m1) as a target gene, and beta ( )-actin ACTB 

(Hs01060665_g1) as a reference gene. The experiments 

were performed in duplicate. The final reaction volume was 

20 L of solution. The mRNA expression level was deter-

mined using the Viia™ 7 Real-time PCR System (Applied 

Biosystems™; Thermo Fisher Sci entific) in a 96-well opti-

cal reaction plate. The amplification conditions consisted of 

uracil-DNA glycosylase incubation at 50 C for 2 minutes and 

initial DNA polymerase enzyme activation at 95 C for 10 

minutes, followed by 40 cycles of denaturation at 95 C for 

15 seconds and annealing/extension at 60 C for 1 minute.

Two independent samples were used for each experimen-

tal group and time interval. The experiment was performed 

five times. Expression values were obtained from Ct numbers. 

The relative gene expression was calculated as 2 Ct.

Statistics
The data were presented as mean  either standard deviation 

or standard error of the mean. Statistical significance was 

evaluated using analysis of variance with the Tukey post 

hoc test for pairwise comparison. Values of p 0.05 were 

considered as significant.

Results
The morphology and the mechanical 
properties of two different types of fibrin 
nanocoatings on a PLA membrane
The fibers of the PLA membrane were randomly oriented 

and mostly straight. The diameter of the fibers ranged from 

tens of nanometer to 1 m. The average fiber diameter 

was 300 nm, as we had measured in our earlier studies.12,13

In accordance with the protocol for fibrin preparation, 

fibrin either covered only individual fibers in the PLA 

membrane (Figure 1, F1) or covered individual fibers and in 

addition formed a fine homogeneous nanofibrous mesh on 

the surface of the membrane (Figure 1, F2). In our previous 

study, fibrin did not form a homogeneous mesh on the whole 

surface of the membrane.12 Fn (Figure 2, red) was adsorbed 

especially on top of the fibrin mesh (Figure 2, green) and 

formed an additional nanofibrous mesh (Figure 1, F2 Fn). 

Fn was also adsorbed on the fibrin of the F1 nanocoating 

(Figure 1, F1 Fn); however, it was hardly detectable by 

immunofluorescence microscopy. The stability of the fibrin 

nanocoatings on the PLA membrane was proved in our 

previous study.12 The morphology of the fibrin nanocoating 

without seeded cells remained almost unchanged after 7 days 

in the cell cultivation conditions, while it was progressively 

degraded on the membranes with cells. 

Furthermore, the way in which the fibrin nanocoating 

had been prepared had a minor effect on the mechanical 

properties of the PLA membrane. Mechanical puncture 

testing returned very similar results for all three groups 

(Table 1). The null hypothesis was rejected only for x
Fmax

, 

as this parameter decreased significantly for the F1 nano-

coating compared to pristine (p-value 0.025). By contrast, 

the other parameters did not differ (p-value for k 0.599, 

F
max

0.376 and W 0.417); however, there was an evident 

trend toward increasing resistance against mechanical load-

ing for the F2 nanocoating.

Cell adhesion, spreading, and metabolic 
activity
The washout step of the remaining unreacted thrombin 

during the preparation of the fibrin nanocoatings was deter-

mined as the crucial point for the formation of a nanofibrous 

homogeneous mesh on the surface of the membrane (F2 

nanocoating), and also for the fibrin nanocoating covering 

individual fibers of the membrane (F1 nanocoating). Differ-

ent behavior of human dermal fibroblasts was observed on 

these two different types of fibrin nanocoating. The number 

of adhered fibroblasts on the F1 nanocoating was lower, 

and the cells remained in their typical spindle-like shape 

(Figure 1, F1). However, the number of adhered fibroblasts on 

the F2 nanocoating was higher, and the cells tended to adopt a 

polygon-like shape (Figure 1, F2). As was mentioned above, 

Fn formed a secondary nanofibrous mesh (Figure 2, red) on 

the surface of the initially developed fibrin mesh (Figure 2, 

green) and enhanced the cell adhesion on both types of fibrin 

nanocoating (Figure 1, F1/F2 Fn). It was observed that fibro-

blasts (Figure 2, blue and magenta) adhered preferentially on 

top of Fn mesh (Figure 2, red). Moreover, the shape of the 
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adhered fibroblasts mimicked well the morphology of the Fn 

mesh (Figure 2B and Figure 1, F2 Fn).

The enhancing effect of the fibrin mesh (F2) and of the 

Fn mesh (F2 Fn) on cell growth was evident mainly in the 

later cell cultivation intervals (Figure 1). On day 3 after cell 

seeding, several cell mitoses were observed on membranes 

with F2 and F2 Fn nanocoatings, but the cells remained 

mostly in their polygon-like shape (Figure 1). On membranes 

Figure 1 Immunofluorescence staining of two different types of fibrin nanocoatings on polylactic acid membrane (column 1, in PBS) and the shape of human dermal fibroblasts 
on the fibrin nanocoatings (columns 2–4) on days 1, 3, and 7 after cell seeding. The membrane with the fibrin nanocoating covering only individual fibers (F1), with fibrin 
covering individual fibers and forming a mesh on the surface of the membrane (F2), and Fn adsorbed on fibrin ( Fn). A noncoated membrane (pristine) was used as a control 
sample. Fibrin and Fn nanocoatings were stained with primary and secondary antibodies (Alexa 488 – green). The cells were stained with phalloidin–tetramethylrhodamine 
(actin cytoskeleton – red) and with Hoechst #33258 (cell nuclei – blue). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 numerical aperture oil.
Abbreviation: Fn, fibronectin.
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with F1 and F1 Fn nanocoatings, the cells proliferated less, 

but their spindle-like shape enabled them to migrate into the 

fibrin-coated PLA membrane (Figure 1). On day 7 after cell 

seeding, the fine fibrin (F2) and Fn meshes (F2 Fn) were 

almost degraded, and the fibroblasts penetrated into the 

deeper layers of the PLA membrane. After 1 week, the Fn 

mesh on the membranes with F1 Fn and F2 Fn nanocoatings 

was completely replaced by the extracellular Fn produced 

by the fibroblasts (Figure 1). On the noncoated membranes, 

which were used as a control material, the fibroblasts were 

mostly round and were not strongly adhered, in all three 

cultivation intervals (Figure 1, pristine).

The cell mitochondrial activity (measured by an MTS 

assay) was used as an indirect method for estimating the 

cell proliferation. The metabolic activity of human dermal 

fibroblasts was measured on days 1, 3, and 7 after cell 

seeding (Figure 3). In all intervals, it was detected that the 

fibroblast mitochondrial activity was significantly higher 

on the fibrin-coated membranes than on the pristine (non-

coated) membranes, which is in accordance with our previ-

ous works.12,13 The most apparent differences between the 

Figure 2 The signal intensity profiles of immunofluorescence stained fibrin mesh (F2 nanocoating) with attached fibronectin, without (A) or with (B) human dermal fibroblasts 
on day 1 after cell seeding. Fibrin and fibronectin were stained with primary and secondary antibodies (fibrin – Alexa 488 – green and fibronectin – Alexa 633 – red). The 
cells were stained with phalloidin–tetramethylrhodamine (actin cytoskeleton – magenta) and with Hoechst #33258 (cell nuclei – blue). Maximum intensity projection – front 
view (A, B) and side view (C, D). The function plots (E, F) represent the average image plane intensity in a given color channel versus the z-axis (depth) of a confocal z-stack 
image. Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil, and Leica TCS SP8, objective HCX PL APO, magnification 40 /1.25–0.75 NA Oil CS.
Abbreviation: NA, numerical aperture.

Table 1 Mechanical puncture testing of wet membranes

Pristine F1 F2

k N/mm 0.494 0.17 0.486 0.11 0.598 0.28
xFmax mm 3.344 0.10* 3.042 0.23* 3.282 0.12
Fmax N 1.234 0.42 1.116 0.18 1.554 0.79
W J 4.609 1.69 3.558 0.56 4.883 2.50

Notes: The values are stated as mean SD. k represents the stiffness of the mem-
brane, Fmax is the detected maximum force, xFmax is the membrane extension at the 
maximum force, and W is the work necessary to completely tear the membrane. 
F1 – the membrane with fibrin covering only individual fibers. F2 – the membrane 
with fibrin covering individual fibers and forming a mesh on the surface of the 
membrane. A pristine noncoated membrane was used as a control material. Each 
group contained six independent samples and p-value returned by one-way analysis-
of-variance test for k 0.025, xFmax 0.599, Fmax 0.376, and W 0.417. *A significant 
difference was found between the pristine and F1 groups by the post hoc Tukey’s 
honest significant difference test.
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types of fibrin nanocoatings of the cells were observed on 

day 3 after cell seeding. The cell mitochondrial activity was 

significantly higher on samples with a fibrin mesh (F2 and 

F2 Fn) than on samples with F1 and F1 Fn nanocoatings 

(Figure 3). Fn attached to the fibrin significantly increased 

the cell mitochondrial activity (Figure 3, F1 Fn, F2 Fn). 

The significantly highest fibroblast mitochondrial activity 

was measured on the F2 nanocoating with an Fn mesh 

(Figure 3, F2 Fn). On days 1 and 7 after cell seeding, the 

cell mitochondrial activity was almost the same on all types 

of fibrin nanocoatings (Figure 3).

ECM synthesis by human dermal fibroblasts
The results of the relative mRNA expression from real-

time PCR showed that the structure and the morphology 

of the fibrin nanocoatings also had a crucial impact on the 

expression of ECM proteins in the cells growing on these 

nanocoatings. The mRNA expression was measured in two 

cell culture intervals (on days 4 and 7 after cell seeding). On 

the basis of the previous studies, AA was added to the cell 

culture medium in order to enhance the expression and the 

formation of collagen I fibers.12 The mRNA expression of 

collagen I and Fn was significantly higher on F2 nanocoatings 

than on F1 nanocoatings (Figure 4A and B). Fn attached to 

the fibrin mesh (F2 Fn) did not significantly influence the 

ECM expression (Figure 4A and B). However, Fn attached 

to F1 nanocoatings (F1 Fn) significantly increased the 

collagen I mRNA expression in both intervals (Figure 4A). 

On day 7, the collagen I expression on F1 nanocoatings 

with Fn (F1 Fn) was almost the same as the expression on 

the F2 nanocoatings (F2 and F2 Fn; Figure 4A). However, 

these differences were not observed in the expression of Fn 

mRNA (Figure 4B). The relative expression of collagen I was 

significantly higher on both types of fibrin nanocoatings than 

on the noncoated (pristine) PLA membranes (Figure 4A). 

The relative expression of Fn in the cells on F1 nanocoatings 

(F1 and F1 Fn) was almost the same as the relative expres-

sion on the pristine membranes. This pattern was observed 

in both cell culture intervals (Figure 4B).

All these results correlate with the immunofluorescence 

microscopy images in which the formation of collagen I and 

Fn fibers was visualized (Figures 5 and 6). Higher production 

of extracellular collagen I and Fn fibers was detected on PLA 

membranes with an F2 nanocoating than with an F1 nano-

coating (Figures 5 and 6), which is in accordance with the 

measurements of relative mRNA expressions (Figure 4).

Figure 3 Mitochondrial activity of human dermal fibroblasts measured by MTS assay on days 1, 3, and 7 after cell seeding on a polylactic acid membrane. The membrane 
with fibrin covering only individual fibers (F1), with fibrin covering individual fibers and forming a mesh on the surface of the membrane (F2), and Fn adsorbed on fibrin ( Fn).  
A noncoated membrane (pristine) was used as a control sample. Arithmetic mean SD from nine measurements made on three independent samples for each experimental 
group and time interval. The experiment was performed three times. Statistical significance (p 0.05) evaluated using analysis of variance with Tukey’s method is displayed 
above each experimental group, indicated by the abbreviation of the group or by P representing pristine.
Abbreviation: Fn, fibronectin.
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Figure 4 Relative expression of collagen I (A) and Fn (B) measured by real-time polymerase chain reaction in human dermal fibroblasts on days 4 and 7 after cell 
seeding on polylactic acid membranes with a fibrin structure. The membrane with fibrin covering individual fibers (F1), with fibrin covering individual fibers and forming 
a mesh on the membrane surface (F2), and Fn adsorbed on fibrin ( Fn). A noncoated membrane (pristine) was used as a control sample. ACTB was used as a reference 
gene. The arithmetic mean SD was calculated for each experimental group and time interval from 10 measurements made in five independent experiments. Statistical 
significance (p 0.05) evaluated using analysis of variance with Tukey’s method is displayed above each experimental group, indicated by the abbreviation of the group or by 
P representing pristine.
Abbreviation: Fn, fibronectin.
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Figure 5 Immunofluorescence staining of extracellular collagen I fibers (green) produced by human dermal fibroblasts on polylactic acid membranes with two different types 
of fibrin nanocoatings on days 7, 10, and 14 after seeding. The membrane with fibrin covering individual fibers (F1), with fibrin covering individual fibers and forming a mesh 
on the membrane surface (F2), and Fn adsorbed on fibrin ( Fn). A noncoated membrane (pristine) was used as a control sample. The cells were cultivated in the standard cell 
culture medium with AA. Cell nuclei stained with Hoechst #33342 (blue). Leica TCS SPE DM2500 confocal microscope, magnification 40 /1.15 numerical aperture oil.
Abbreviations: AA, 2-phospho-L-ascorbic acid trisodium salt; Fn, fibronectin.
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Figure 6 Immunofluorescence staining of extracellular Fn fibers (green) produced by 
human dermal fibroblasts on polylactic acid membranes with two different types of 
fibrin nanocoatings on days 4 and 7 after seeding. The membrane with fibrin covering 
individual fibers (F1), with fibrin covering individual fibers and forming a mesh on the 
membrane surface (F2), and Fn adsorbed on fibrin ( Fn). A noncoated membrane 
(pristine) was used as a control sample. The cells were cultivated in the standard cell 
culture medium with AA. Cell nuclei stained with Hoechst #33342 (blue). Leica TCS 
SPE DM2500 confocal microscope, magnification 40 /1.15 NA oil.
Abbreviations: AA, 2-phospho-L-ascorbic acid trisodium salt; Fn, fibronectin; NA, 
numerical aperture.

Discussion
The chemical and physical properties of the substrate for 

cell seeding are crucial for successful cell adhesion and 

growth. Many recent studies have discussed the influence 

of substrate properties (ie, surface wettability, electrical 

charge and conductivity, surface roughness and topography, 

substrate rigidity, and deformability) on the cell behavior 

and the colonization of a material with cells.16,20 Successful 

colonization of materials with desirable cell behavior, that 

is, cell adhesion, proliferation, migration, differentiation, and 

production of specific markers by cells as in a natural envi-

ronment, is critical for the development of tissue substitutes. 

Skin substitutes are mostly fabricated from substrates based 

on natural biopolymers occurring in skin (mainly collagen) 

or during wound healing (fibrin).21 These proteins are favor-

able for cells because they support a desirable cell behavior.2 

However, a protein scaffold in the form of a gel, a glue, or 

a sealant is mostly fragile, highly elastic, and deformable. 

These matrices are not stable, and they degrade quickly. 

Moreover, these material properties may lead to a collapse 

of the substrate under the traction forces of the adhering 

cells.22 Therefore, sufficient stability of the matrices could be 

achieved by depositing the biomolecules on an appropriate 

stronger carrier, for example, made of biodegradable polyes-

ters such as PLA. This combined scaffold can provide stable 

mechanical support with appropriate properties for cell adhe-

sion and growth. In our studies, we focus on the fabrication 

of PLA nanofibrous membranes coated with fibrin.

In this study, we prepared fibrin nanocoatings with dif-

ferent structures. The first nanocoating (F1) only covered the 

individual fibers in the membrane. The second nanocoating 

(F2) covered the individual fibers and, in addition, it formed 

a fine homogeneous nanofibrous mesh on surface of the 

membrane and filled the pores between the fibers. The dif-

ferent morphology and structure of F1 and F2 nanocoatings 

can be explained by the different mode of preparation for 

the two types of nanocoating. While the preparation of the 

F1 nanocoating included washing out the unbound thrombin 

with Tris buffer, the F2 nanocoating was prepared without 

washing out the thrombin. To the best of our knowledge, this 

phenomenon has not previously been described. These dif-

ferent modes of preparation probably controlled the amount 

of adsorbed thrombin on the membrane and the amount of 

subsequently bound fibrinogen to the active thrombin sites. 

In other words, the concentration of thrombin and fibrinogen 

adsorbed on the membrane could influence the formation of 

the fibrin coating. Previously published studies have revealed 

that the concentration of thrombin and fibrinogen had an 
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impact on the formation of the fibrin network. A higher 

concentration of thrombin (above 1 U/mL) induced the for-

mation of thin fibrin fibers, while a lower concentration of 

thrombin (under 0.001 U/mL) induced the formation of thick 

fibrin fibers.23,24 In our study, we used a highly concentrated 

thrombin (2.5 U/mL) solution, and we observed the formation 

of thin fibrin fibers, mainly in the case of the fibrin mesh (F2 

nanocoating). The concentration of fibrinogen in solution 

during the adsorption influences the density, the orientation, 

and the accessibility of the individual fibrinogen domains 

of the surface-bound fibrinogen. At low fibrinogen surface 

density (under 20 g/mL), the majority of the molecules 

appear to be adsorbed side-on (lying on the surface). At high 

fibrinogen density (above 100 g/mL), the molecules are 

adsorbed end-on (standing on the surface). The experimental 

data suggest that the distal ends of the (adsorbed) fibrinogen 

molecules (containing polymerization sites) are oriented 

anti-parallel to each other, proving an off-axis location of 

the distal-end domains.25 Fibrinogen adsorbed from the 

initial lowly concentrated solution promoted the formation 

of a surface-attached fibrin network better than fibrinogen 

adsorbed from the highly concentrated solution. In our study, 

we prepared stable fibrin by initial adsorption of fibrinogen 

from a lowly concentrated solution (10 g/mL), and then by 

incubation of the thrombin-activated surface with a highly 

concentrated fibrinogen solution (200 g/mL). Riedel et al 

had previously shown that combining a lowly concentrated 

fibrinogen solution in the first step and a highly concentrated 

fibrinogen solution in the second step led to the formation 

of a well-developed fibrin network. The fibrin network 

grows on the surface because of the catalytic action of the 

surface-bound thrombin on the ambient fibrinogen solution.18 

In the case of the F2 nanocoating, due to the thrombin non-

washing-out step, the concentration of thrombin adsorbed on 

the membrane was probably higher than in the case of the 

F1 nanocoating. This high concentration of thrombin may 

have enabled fibrinogen to bind in a greater amount in the 

second preparation step, leading to the formation of a fibrin 

mesh on the membrane. Moreover, Albala reported that 

fibrin sealants with high concentrations of fibrinogen tend to 

produce stronger clots.4 As was revealed by the membrane 

puncture testing performed in our study, the F2 nanocoating 

improves the mechanical properties of PLA membranes only 

slightly, while there was also quite high variability within the 

treated group. There was even less membrane extension with 

the F1 coating at maximum force, than with the pure PLA 

membrane (Table 1). In general, scaffolds fabricated from 

fibrin are usually mechanically weak, not self-supporting, 

and require reinforcement with mechanically more resistant 

natural or synthetic polymers, for example, hyaluronic acid,26 

polyvinyl alcohol,27 or PLA.28

In this study, we have proved that fibrin deposited on PLA 

membranes strongly improves the cell adhesion, prolifera-

tion, and synthesis of ECM proteins (collagen I and Fn). This 

confirms the results from our previous works.12,13 As we have 

discussed, fibrin enabled cell adhesion by binding a specific 

fibrin molecule site by an adhesion receptor, mainly integrins 

of group 
1
. Fibrin also further enhanced cell adhesion by 

attaching other cell adhesion-mediating proteins (eg, Fn, 

vitronectin, or collagen) from the serum supplement of the 

cell culture medium.1,12

This study has revealed the different behavior of dermal 

fibroblasts depending on the differences in the morphology 

of the fibrin nanocoating covering the membrane. The results 

showed that the F2 nanocoating (fibrin mesh) provided 

better support than the F1 nanocoating for the adhesion and 

proliferation of dermal fibroblasts. In addition, the shape of 

the adhered cells differed with the type of fibrin nanocoat-

ing. While the cells on the F1 nanocoating remained in a 

spindle-like shape, a polygon-like shape was typical for the 

cells cultivated on the F2 nanocoating. The spindle-like shape 

of fibroblasts seems to be more physiologic in the 3-D envi-

ronment of natural skin dermis.29 However, a 2-D substrate 

may provide better support for the initial cell adhesion that 

results in homogeneous cell growth. Cells cultivated on flat 

substrates, for example, on PS culture dishes, mostly show 

faster initial adhesion and spreading than cells cultivated in 

3-D matrices. However, 2-D substrates mostly do not enable 

the specific behavior of cells as in the natural 3-D system, 

mainly their migration and differentiation.30 The fine nano-

fibrous fibrin mesh of the F2 nanocoating resembled a 2-D 

surface, but its nanostructure mimicked the natural ECM, 

enabling faster and more successful adhesion of cells through 

adhesion receptors.17 The additional fibrin mesh in the F2 

nanocoating filled the void spaces among the PLA fibers, and 

thus provided the cells with a larger area to adhere to. On 

this surface, the cells did not need to bridge the void spaces 

among the PLA fibers, and could utilize the entire lower 

part of their cytoplasmic membrane for adhesion through 

the cell adhesion receptors. This resulted in stronger specific 

mechanical and biochemical signals delivered to the cells. 

Moreover, the surface with the F2 coating could accom-

modate a higher number of cells. A similar improvement in 

cell behavior was observed in human osteoblast-like cells in 

cultures on PLGA and PLA nanofibers reinforced with dia-

mond or hydroxyapatite nanoparticles. This led to reduction 
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in the size of the void spaces among the nanofibers.31,32 In 

addition, fibroblasts are able to reorganize a nanostructured 

fibrin mesh, and this facilitates cell migration and synthesis 

of their own ECM proteins.33

The Fn attached to the fibrin nanocoating further 

improved the attachment of the cells and their subsequent 

proliferation. We showed a similar effect in our previous 

study.13 Fn is known as a major adhesive protein with the 

RGD amino acid sequences bound by cells through adhesive 

receptors.34 The cells adhering to the fine nanofibrous Fn 

mesh formed secondarily on the F2 nanocoating followed 

the morphology of the mesh (Figure 2B). This observation 

suggests that F2 Fn nanocoating is the most similar to the 

natural environment.

On day 3 after cell seeding, we observed differences in 

the proliferation of dermal fibroblasts, depending on the type 

of nanocoating. The cell mitochondrial activity, which is 

also considered as an indirect indicator of cell proliferation, 

was higher on the F2 nanocoating than on the F1 nanocoat-

ing. Moreover, the Fn attached to the fibrin nanocoating led 

to improved cell proliferation. The highest cell metabolic 

activity was observed on the F2 Fn nanocoating. The fibrin 

mesh combined with the Fn mesh probably provided the best 

substrate for initial attachment of the fibroblasts, and this led 

to faster cell proliferation. We observed no differences in 

cell proliferation between samples on days 1 and 7 after cell 

seeding. After seeding, the cells concentrate physiologically 

on their attachment to the substrate, and they do not prolifer-

ate (lag phase). In later cell cultivation intervals (1 week), 

the cells reorganized and degraded the fine fibrin or the Fn 

mesh, and replaced it by their own ECM, mainly by collagen 

I and Fn. However, the samples with the F1 nanocoating 

mostly remained in non-reorganized form after 1 week of 

cell cultivation. From this point of view, the type of fibrin 

nanocoating did not affect the cell proliferation in later cell 

cultivation intervals. However, the mitochondrial activity 

of the cells was still significantly higher on the fibrin-coated 

membranes than on the noncoated membranes.

The morphology of the fibrin nanocoating also has 

a significant impact on the synthesis of ECM proteins – 

collagen I and Fn. In our previous studies, we reported a 

positive effect of fibrin on the synthesis of collagen I and 

Fn.12,13 The present study has shown that the F2 nanocoating 

significantly increased the relative expression of collagen I 

and Fn and the formation of extracellular fibers of proteins 

on the material surface, whereas the F1 nanocoating showed 

mostly a similar effect to that of noncoated membranes. This 

pattern was especially observed on day 4 after cell seeding. 

The fibroblasts contract physiologically and remodel the 

fibrin matrix formed after a skin injury, and finally replace it 

with their own synthesized ECM.6 If we compare F1 and F2 

nanocoatings, it seems that the fine nanofibrous fibrin mesh 

of the F2 nanocoating was formed into a more physiologic 

structure, which enabled the fibroblasts to remodel it and 

replace it with their own ECM. Nevertheless, the relative 

expression of collagen I on the F1 nanocoating was enhanced 

by attaching Fn to the fibrin. It was shown that Fn is important 

for the production by fibroblasts of mature collagen fibrils 

and other extracellular proteins.35,36 Moreover, the Fn formed 

an additional nanofibrous mesh on top of the F1 nanocoat-

ing. As was mentioned above, the fine nanostructure seems 

to better mimic the natural ECM matrix. This can improve 

the healing process, and enable the fibroblasts to synthesize 

their own ECM in in vitro conditions.

Conclusion
The morphology of the fibrin nanocoating on PLA membranes 

can regulate the mechanical properties of the membrane and 

the behavior of dermal fibroblasts. A fine homogeneous fibrin 

mesh provides more support than fibrin coating of individual 

fibers for the adhesion, spreading, and proliferation of cells. 

The expression of ECM proteins was also enhanced by the 

fibrin mesh, and the highest ECM synthesis was stimulated on 

PLA membranes coated with a fibrin mesh with secondarily 

attached Fn. It can be concluded that fibrin nanocoating, espe-

cially in the form of a nanostructured homogeneous mesh, 

significantly accelerated the natural behavior of the cells. 

A homogeneous fibrin mesh can, therefore, be considered 

as a suitable coating for synthetic materials for subsequent 

application in skin tissue engineering.
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Background: Repairs to deep skin wounds continue to be a difficult issue in clinical

practice. A promising approach is to fabricate full-thickness skin substitutes with functions

closely similar to those of the natural tissue. For many years, a three-dimensional (3D)

collagen hydrogel has been considered to provide a physiological 3D environment for co-

cultivation of skin fibroblasts and keratinocytes. This collagen hydrogel is frequently used

for fabricating tissue-engineered skin analogues with fibroblasts embedded inside the hydro-

gel and keratinocytes cultivated on its surface. Despite its unique biological properties, the

collagen hydrogel has insufficient stiffness, with a tendency to collapse under the traction

forces generated by the embedded cells.

Methods: The aim of our study was to develop a two-layer skin construct consisting of a

collagen hydrogel reinforced by a nanofibrous poly-L-lactide (PLLA) membrane pre-seeded

with fibroblasts. The attractiveness of the membrane for dermal fibroblasts was enhanced by

coating it with a thin nanofibrous fibrin mesh.

Results: The fibrin mesh promoted the adhesion, proliferation and migration of the fibro-

blasts upwards into the collagen hydrogel. Moreover, the fibroblasts spontaneously migrating

into the collagen hydrogel showed a lower tendency to contract and shrink the hydrogel by

their traction forces. The surface of the collagen was seeded with human dermal keratino-

cytes. The keratinocytes were able to form a basal layer of highly mitotically-active cells,

and a suprabasal layer.

Conclusion: The two-layer skin construct based on collagen hydrogel with spontaneously

immigrated fibroblasts and reinforced by a fibrin-coated nanofibrous membrane seems to be

promising for the construction of full-thickness skin substitute.

Keywords: full-thickness skin substitutes, collagen hydrogel, fibroblast and keratinocyte co-

cultivation, fibrin, nanostructure

Introduction
The skin is the organ of the human body that is most exposed to external agents. It

provides a natural barrier between the surrounding environment and the human

internal organs. From the tissue engineering point of view, the most important

feature of the skin is its ability to self-remodel and regenerate, and to replace the

tissue that is continuously being lost. Anatomically, the skin tissue can be divided

into three layers: epidermis, with its main cellular type of keratinocytes; dermis,

consisting mainly of fibroblasts; and hypodermis, which is rich in adipose cells.1

For many years, tissue engineers have been trying to construct under in vitro
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conditions an appropriate full-thickness skin equivalent

that contains all three layers of the skin. However, there

are still many limitations.

Two-dimensional (2D) flat materials are commonly

used for cell cultivation, but these materials can induce

an apical-basal polarity, which can restrict the adhesion

and the migration of the cells in the x-y axis, leading to

non-physiological behavior of the skin cells, eg

fibroblasts.2,3 A more complex three-dimensional (3D)

microenvironment is therefore necessary for a non-pre-

scribed polarity of the fibroblasts, and also for their

spreading and migration in all three dimensions.2 Novel

3D biomaterials aim to mimic the physiological environ-

ment of natural extracellular matrix (ECM), and thus to

ensure better conditions for cell adhesion, spreading, pro-

liferation, migration, matrix protein synthesis, and

differentiation.2,4

Synthetic materials made of polylactide (PLA) or poly-

caprolactone (PCL) are commonly processed into fibrous

scaffolds by conventional electrospinning, followed by cell

seeding.5,6 Although the synthetic scaffolds are non-toxic

and mimic the mechanical and morphological properties of

native tissues, they often do not provide sufficient support

for cell adhesion and proliferation. The synthetic materials

are therefore often modified with biomolecules in order to

improve their attractiveness for cells, and thereby to accel-

erate the healing process.7 For example, in our previous

studies, nanofibrous PLA membranes were modified with

fibrin, a key protein occurring during wound healing, in

order to enhance the adhesion and growth of human dermal

fibroblasts.8,9 Moreover, we found out that two morpholo-

gically different structures of fibrin coatings had a signifi-

cant influence on the cell behavior.10 In addition, other

studies have shown that collagen-containing composites or

collagen-coated nanofibers are more attractive for cells than

pure synthetic scaffolds, due to their greater biocompatibil-

ity and biodegradability.9,11,12 Fu et al13 (2016) found that

collagen-coated PCL nanofibers increased the proliferation

of skin fibroblasts. Fibrinogen-coated nanofibers decreased

the growth of fibroblasts, but they supported the migration

and the expression in these cells of α-smooth muscle actin,

which is a typical marker for fibroblast differentiation into

myofibroblasts. It was also found that the PCL/collagen

nanofibrous membrane alone did not stimulate keratinocyte

migration, while further coating of this membrane with an

ultrafine fibrous collagen network significantly increased

the cell motility.14 Mahjour et al15 used a layer-by-layer

method to construct PCL/collagen nanofibers with

fibroblasts and keratinocytes, and applied this construct to

full-thickness wounds on nude mice. Native collagen in any

form therefore increases fibroblast chemotaxis, angiogen-

esis and keratinocyte migration.

The most recent studies have shown that fibroblast beha-

vior is more physiological if the fibroblasts are entrapped in a

3D structure of hydrogels.16,17 The hydrogels are able to self-

assemble from a liquid monomeric phase to a polymeric

mesh network under a certain temperature, pH, and enzy-

matic activity.18,19 The hydrogels are covalently or non-

covalently cross-linked, which enables the encapsulation of

living cells.20 Various nature-derived hydrogels for wound

healing and regeneration applications have been described in

earlier studies. These hydrogels were derived mainly from

collagen,21 fibrin,16 alginate-gelatin,22 hyaluronan-chitosan

or chitosan-gelatin,23,24 which are molecules similar to the

macromolecular-based components of the body. However,

one of the most discussed tasks in tissue engineering is the

correlation between the stiffness of a hydrogel and the

kinetics of cell adhesion and migration, which is related to

the degradation and the remodeling time of the material.25,26

The degradation time and the remodeling time should be in

balance, and both are highly dependent on the behavior of the

encapsulated cells. When the cells are entrapped in hydro-

gels, the surrounding environment changes their gene expres-

sion pattern and stimulates biosynthesis of their own ECM

molecules, which results in degradation and remodeling of

the hydrogels.4,27 Various matrix metalloproteases (MMP-1,

MMP-2, MMP-8, MMP-13 and MMP-14) are involved in

the degradation processes and in the migration of the cells in

the hydrogels.17 In addition to the degradation, the cells can

also synthesize their own molecules of ECM, and in this way

they can remodel the hydrogels.22,28 The morphology of

fibroblasts in 3D collagen hydrogels varies from bipolar to

dendritic in shape, depending on the stiffness and the tension

of the hydrogels. Jiang and Grinnell29 and Grinnell30 also

described the mechanical interactions between the collagen

hydrogel and the fibroblasts. Entanglement of the fibroblasts

into the surrounding matrix moves their forces to the hydro-

gel, and this results in contraction or compaction of the

hydrogels.2930 In order to develop a large-size clinically

applicable transplant, Braziulis et al21 used plastic compres-

sion for a collagen type I hydrogel to increase the stability

and to improve the mechanical properties of the material.21

Another way to improve the mechanical properties of the

hydrogels is to reinforce them with the use of biodegradable

synthetic scaffolds, eg poly(lactic-co-glycolide) (PLGA)

nanofibrous membranes or knitted meshes.23,31
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In this study, we prepared a two-layer cell construct

consisting of a poly-L-lactide (PLLA) nanofibrous mem-

brane coated with a thin nanofibrous fibrin mesh and

seeded with human dermal fibroblasts. After the attach-

ment and the initial growth of the fibroblasts, a collagen

hydrogel was formed on the fibroblast-seeded mem-

brane. Finally, human epidermal keratinocytes were

seeded on top of the collagen hydrogel. We hypothe-

sized that the 3D-structured collagen hydrogel would

enable the fibroblasts to migrate into the hydrogel

from the membrane, and the collagen hydrogel with

naturally immigrated fibroblasts would therefore simu-

late the skin dermis. The top of the collagen gel with a

layer of adhering and growing keratinocytes would

simulate the skin epidermis. The biodegradable PLLA

nanofibrous membrane would serve as a substrate for

the initial attachment and growth of fibroblasts, and as a

mechanical support for a soft collagen hydrogel with

skin cells. Coating the membrane with a thin nanostruc-

tured fibrin mesh was expected to enhance fibroblast

adhesion and proliferation, leading to accelerated fibro-

blast migration into the collagen hydrogel. We supposed

that spontaneous migration of the fibroblasts from the

membrane into the collagen hydrogel could lower the

tendency of these cells to contract and to shrink the gel

by their traction forces, which occurs when fibroblasts

are directly embedded into the collagen hydrogel during

the gelling process.17,32,33 The aims of this study were

to evaluate the ability of human dermal fibroblasts to

migrate into the collagen hydrogel from the nanofibrous

membrane, to compare the behavior and the migration

of the fibroblast from a non-coated membrane and from

a fibrin mesh-coated membrane, and to evaluate the

behavior of human epidermal keratinocytes adhering

on the collagen hydrogel surface.

Materials and methods
Preparation of nanofibrous PLLA

membranes
A nanofibrous PLLA membrane was prepared by the

electrospinning process. PLLA with a molecular weight

of 45,000–55,000 Da (Polyscitech, Akina Inc.,

Lafayette, IN, USA) was dissolved in a solvent system

composed of a mixture of chloroform and ethanol in a

ratio of 9:1 (v/v, Penta s.r.o., Prague, Czech Republic) to

a final polymer concentration of 10 wt%. The polymer

solution was then used for the electrospinning process.

Nanofibrous membranes were prepared using

Nanospider NS 1WS500U (Elmarco s.r.o., Liberec,

Czech Republic). The resulting fibers 940±340 nm in

diameter were collected on a spunbond layer at a dis-

tance of 190 mm from the electrospinning string. The

collector rolled at a rate of 10 mm/minute. The applied

voltage was 40 kV for the string and 10 kV for the

collector. The process was carried out at an ambient

temperature of 25°C and at relative humidity of 30%.

Cell harvesting and cultivation
The two-layer construct consisted of human neonatal

dermal fibroblasts and human epidermal keratinocytes.

The human neonatal dermal fibroblasts were purchased

from Lonza (Basel, Switzerland, Cat. No. CC-2509)

and were cultivated in Dulbecco’s Modified Eagle’s

Medium (DMEM; Sigma-Aldrich Co., St Louis, MO,

USA) with 10% of fetal bovine serum (FBS; Sebak

GmbH, Aidenbach, Germany) and 40 μg/mL of genta-

micin (LEK, Ljubljana, Slovenia). The human epider-

mal keratinocytes were harvested from the skin of a

young adult donor with approval of the local ethics

committee (Ethics committee, Medical Faculty of

Charles University, approval number EK-VP/15/0/

2017) and after confirmed written informed consent

provided by the donor that is in compliance with the

Declaration of Helsinki. The skin graft was digested in

0.25% trypsin solution (Sigma-Aldrich Co.) for 1 hour

at 37°C. After that, the epidermis was separated from

the dermis. The epidermis was inserted in a drop of the

cultivation medium. After a while, the cells were spon-

taneously released from the epidermis graft, and they

were collected and seeded on mitomycin-inactivated

3T3 mouse embryonic fibroblasts adhered on the bot-

tom of a cultivation flask. The 3T3 mouse embryonic

fibroblasts were purchased from Sigma-Aldrich Co.

(Cat. No. 93061524-1VL). The keratinocytes were cul-

tivated in a mixture of the cell cultivation DMEM

medium and Ham’s Nutrient Mixture F12 medium

(DMEM/F 12, Sigma-Aldrich Co.) in a ratio of 3:1.

The mixture was supplemented with 10% of FBS

(Sebak GmbH, Germany), 10 ng/mL epidermal growth

factor (EGF, Sigma-Aldrich Co.), 10 μg/mL insulin

(Sigma-Aldrich Co.), 0.4 μg/mL hydrocortisone

(Sigma-Aldrich Co.), 10−10 M cholera toxin (Sigma-

Aldrich Co.), 1000 U/mL of streptomycin and 0.1

mg/mL of penicillin (Sigma-Aldrich Co.).
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The fibroblasts and keratinocytes were cultivated in an

incubator at 37°C with a humidified atmosphere saturated

with 5% of CO2 in the air.

Preparation of the two-layer skin construct
A two-layer cell construct was composed of a PLLA nanofi-

brous membrane pre-seeded with human dermal fibroblasts, a

collagen hydrogel and human dermal keratinocytes (Figure 1).

The membrane samples were fixed in Cell Crown inserts

(Scaffdex Ltd., Tampere, Finland) fitting into 24-well cell

culture plates (TPP, Trasadingen, Switzerland) and seeded

with human dermal fibroblasts. The fibroblasts were seeded

on the membrane at a density of 30,000 cells, and were

cultivated in DMEM supplemented with 10% of FBS (Sebak

GmbH, Germany) and 40 μg/mL of gentamicin (LEK,

Slovenia). To enhance the adhesion and proliferation of the

fibroblasts, the PLLAmembrane was coated with a thin nano-

fibrous fibrin mesh before cell seeding. After 3 days of fibro-

blast cultivation, the collagen hydrogel was prepared on the

fibroblast-seeded membrane, and the fibroblasts started to

migrate into the hydrogel. The ability of the fibroblasts to

migrate into a collagen hydrogel from a non-coatedmembrane

and from a fibrin-coated PLLA membrane was compared in

four time intervals (on days 1, 3, 7 and 14 after collagen

preparation, ie on days 4, 6, 10 and 17 after cell seeding).

The preparation of the fibrinmesh and the collagen hydrogel is

described in detail below in the following sections.

The construct consisting of the nanofibrous fibrin-coated

PLLA membrane was then selected for seeding with kerati-

nocytes on top of the collagen hydrogel (Figure 1). The

keratinocytes were seeded at a density of 60,000 cells after

4 days of collagen hydrogel preparation (resp. of fibroblast

migration). After the keratinocytes had been seeded, the

medium was replaced by DMEM/F12 with supplements, as

mentioned above. After 2 days of keratinocyte cultivation,

the culture medium was further supplemented with 2-phos-

pho-L-ascorbic acid trisodium salt (AA) at a concentration of

50 μg/mL, in order to stimulate the cells to synthesize ECM

proteins. The medium was changed every 2 days.

Preparation of the fibrin mesh on the

nanofibrous membrane
The fibrin mesh on the membrane was prepared according to

our previously published work.10 The fibrin was formed by

activation of water-soluble human fibrinogen (341576; EMD

Millipore, Billerica,MA,USA)with human thrombin (T6884;

Sigma-Aldrich Co.).34 Briefly, the fibrinogen in a concentra-

tion of 10 μg/mL, diluted in TRIS buffer (consisting of 50mM

TRIS-HCl, 100 nM NaCl and 2.5 mM CaCl2), was adsorbed

on the membrane for 1 hour. After rinsing with TRIS buffer,

the adsorbed fibrinogen was activated with thrombin (2.5 U/

mL in TRIS buffer) for 15 minutes. The thrombin-activated

surface was directly treated without TRIS rinsing with a

Figure 1 Scheme of the preparation of the constructs for evaluating the migration of the fibroblasts, consisting of a non-coated membrane or a fibrin-coated PLLA

nanofibrous membrane seeded with human dermal fibroblasts and covered with a collagen hydrogel. The construct with the fibrin-coated PLLA nanofibrous membrane was

then selected for seeding with keratinocytes and for preparing a bilayered construct simulating the dermis and the epidermis of the natural skin.

Abbreviation: PLLA, poly-L-lactide.
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solution of 200 μg/mL of fibrinogen in a TRIS buffer and 0.5

U/mL of antithrombin III (Chromogenix, Milano, Italy) in

deionized water for 1 hour to form a stable thin fibrin mesh.

The antithrombin III blocked the unreacted thrombin remain-

ing on the membrane in order to prevent the formation of a 3D

fibrin gel.

Preparation of the collagen hydrogel on a

nanofibrous membrane pre-seeded with

fibroblasts
The type I collagen used for preparing the hydrogel matrix

for the migration of the fibroblasts was isolated from rat

tails. The tendons were removed from the rat tails, and

were digested in 0.1 M acetic acid for 48 hours. The

collagen digested in acetic acid was ultracentrifuged at

the maximum speed (approx. 46,000 x g) for 1 hour in

order to remove the tissue debris. The supernatant contain-

ing the collagen was neutralized with 0.1 M sodium hydro-

xide and was centrifuged at 1,500 x g for 10 minutes. The

supernatant was removed and the collagen pellet was

lyophilized. The lyophilized collagen I was dissolved in

0.02 M acetic acid to a concentration of 5 mg/mL and was

stored as a stock solution.

The collagen hydrogel was prepared on day 3 after

seeding of the fibroblasts. For 1 mL of 3 mg/mL collagen

suspension 600 μL of collagen stock solution (5 mg/mL),

390 μL of DMEM (supplemented with 10% FBS and 40

μg/mL of gentamicin) and 10 μL of sodium bicarbonate

(Sigma-Aldrich Co.) were mixed, and a total volume of

400 μL was applied on the fibroblast-seeded membrane

and was left to polymerize for 20 minutes at 37°C, in a

humidified atmosphere with 5% of CO2 in the air, to reach

pH around 7.4. The change in pH from acidic to neutral

and 37°C caused the collagen to polymerize into a gel.

After collagen polymerization, the 1.5 mL of DMEM

(supplemented with 10% FBS and 40 μg/mL of gentami-

cin) was carefully added to the samples.

Collagen hydrogels unconfined

compression test
The collagen hydrogel disks reinforced by a PLLA mem-

brane without cells were prepared under the same condi-

tions as the samples with cells (37°C, a humidified

atmosphere with 5% of CO2, pH~7.4). Thicker hydrogel

disks were required for the unconfined compression test.

The hydrogel disks were approximately 3 mm in thickness

for the compression test, and approximately 0.5 mm in

thickness for seeding the cells. The 840 μL of collagen

stock solution (5 mg/mL) was diluted in 546 μL of

DMEM (supplemented with 10% FBS and 40 μg/mL of

gentamicin) and 14 μL of sodium bicarbonate (Sigma-

Aldrich Co.). The total volume of 1400 μL of collagen

solution (3 mg/mL) was applied on the PLLA membrane

without cells. The prepared unconfined samples were 12.6

mm in diameter, and the compression test was performed

on six parallel samples. The fresh samples in PBS were

placed between two stainless steel cylinders at 21°C. The

cylinder was attached to the Kistler 9203 force sensor

(1000 Hz, sensitivity 0.001 N, range±10N, Kistler,

Switzerland) and moved in quasi-static mode at 2 mm/

minute (stepper motor PD28-3-1021, Trinamic, Hamburg,

Germany). The initial length l0 was the length at detecting

positive force (height F≠0 =1.82±0.27 mm).

The force and the position data were recalculated into the

stress-stain curve reflecting l0, ø and A0, respectively. The

mechanical properties of the composite material were char-

acterized by the Young’s moduli in the linear parts of the

stress-strain curves. The data were acquired by the Dewetron

data acquisition system (Dewetron, Grambach, Austria) and

were analyzed in Matlab 2017a (Mathworks, USA).

Morphology of the fibrin mesh and the

collagen hydrogel on the nanofibrous

membrane
The morphology of the fibrin mesh and the collagen

hydrogel prepared on a nanofibrous membrane was studied

by scanning electron microscopy (SEM). The morphology

of the fibrin mesh degraded by cells while they were being

cultivated on the fibrin-coated membrane was further

observed by fluorescence confocal microscopy.

For SEM, the nanofibrous membrane with fibrin was

fixed with a 1% solution of osmium tetroxide, and the

collagen hydrogel was fixed with 4% paraformaldehyde

in PIPES buffer (pH~7) (Sigma-Aldrich Co.). The sam-

ples were dehydrated in the standard gradient (20–40

minutes in each of 30%, 50%, 70%, 96%, and 100%

ethanol solutions). Samples from absolute alcohol were

incubated in the following series of drying solutions: 1:1

ethanol/acetone, 100% acetone, 1:1 acetone/hexamethyl-

disilazane, 100% hexamethyldisilazane, with each step

taking 20–40 minutes. Air drying of the sample for a

period of 24 hours was followed by coating with gold-

palladium. The surface morphology and the topography

of the fibers were observed using a high-resolution
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scanning electron microscope with a Quanta FEG 250

field emission cathode (FEI, USA). High-vacuum mode,

acceleration voltage 10 kV and secondary electrons

mode using an Everhart-Thornley detector (ETD) were

used for imaging.

The morphology of the fibrin mesh was evaluated by

immunofluorescence staining performed on freshly pre-

pared cell-free samples and on samples cultivated with

cells in various time intervals. The samples were treated

with a solution of 1% bovine serum albumin and 0.1%

Tween 20 in a phosphate-buffered saline (PBS, all

Sigma-Aldrich Co.) for 20 minutes at room temperature,

in order to block non-specific binding sites. Then the

samples were incubated with a primary antibody against

human fibrinogen (A0080; polyclonal rabbit antibody,

Dako Denmark A/S, Glostrup, Denmark) diluted in the

blocking solution (1% albumin and 0.1% Tween 20 in

PBS) in a ratio of 1:200 for 1 hour at 37°C. After that,

the samples were rinsed with PBS and were incubated

with a secondary antibody, ie goat anti-rabbit F(ab’)2

fragments of IgG (H + L), conjugated with Alexa

Fluor® 488 (A11070; Molecular Probes (Thermo Fisher

Scientific), Eugene, OR, USA) diluted in the blocking

solution in a ratio of 1:400 for 1 hour at room tempera-

ture in the dark. The samples were scanned on a Leica

TCS SPE DM2500 upright confocal microscope, objec-

tive 40x/1.15 NA oil.

Visualization of the cell morphology and

migration in the two-layer construct
The morphology of the dermal fibroblasts adhered on

the nanofibrous membrane and migrated into the col-

lagen hydrogel was studied by staining the filamentous

actin (F-actin) cytoskeleton and the cell nucleus. The

spreading and the morphology of keratinocytes were

evaluated by the same staining, and, in addition, by

staining the intermediate filaments containing kera-

tin 14.

Before staining, the cells were fixed with 4% paraf-

ormaldehyde, and the cell membrane was permeabilized

with 0.1% Triton X-100 (Sigma-Aldrich Co.) diluted in

PBS for 30 minutes at room temperature. Then the sam-

ples were treated in a solution of 1% bovine serum

albumin and 0.1% Tween 20 in PBS (all Sigma-Aldrich

Co.) to block non-specific binding sites. Subsequently,

the F-actin was stained with phalloidin conjugated with

tetramethylrhodamine isothiocynate (TRITC) fluorescent

dye (5 μg/mL, diluted in PBS, Sigma-Aldrich Co.), and

the cell nucleus was stained with Hoechst #33258

(5 μg/ml diluted in PBS, Sigma-Aldrich Co.) for 1 hour

at room temperature in the dark. The keratin 14 of the

keratinocytes was stained by incubating the samples with

primary antibody to human cytokeratin 14 (ab7800,

monoclonal mouse antibody, clone LL002, Abcam,

Cambridge, United Kingdom) diluted in a blocking solu-

tion (1% albumin and 0.1% Tween 20 in PBS) in a ratio

of 1:200 for 1 hour at 37°C. The samples were rinsed

with PBS, and were then incubated with a secondary

antibody, ie goat anti-mouse F(ab’)2 fragments of IgG

(H + L), conjugated with Alexa Fluor® 488 (A11017;

Molecular Probes) diluted in the blocking solution in a

ratio of 1:400 for 1 hour at room temperature in the dark.

The samples for evaluating fibroblast migration into the

collagen hydrogel were scanned on a Leica TCS SPE

DM2500 upright confocal microscope, objective 40x/

1.15 NA oil and 20x/20x/0.75 IMM CORR CS2; FWD

0.66, zoom 2x. The maximal depth of fibroblast migra-

tion into the collagen hydrogel from the non-coated or

fibrin-coated membranes was measured during scanning

on three parallel samples. Statistical significance was

evaluated using nonparametric Kruskal-Wallis One Way

Analysis of Variance on Ranks, Dunn’s Method, statisti-

cal significance (p≤0.05). Samples of the whole two-layer

construct were scanned on a Dragonfly 503 (Andor,

Belfast, NI, UK) spinning disk confocal microscope

with a Zyla 4.2 PLUS sCMOS camera, objective HC

PL APO 20x/0.75 IMM CORR CS2; Free Working

Distance =0.66 mm.

Cell mitochondrial activity
The proliferation and the viability of the human dermal

fibroblasts that adhered on the membrane and that

migrated into the collagen hydrogel were determined by

the activity of cell mitochondrial enzymes, using the Cell

Titer 96® AQueous One Solution Cell Proliferation Assay

(MTS, Promega Corporation, Madison, WI, USA). The

metabolic activity was determined on days 1, 3, 7, and

14 after the collagen hydrogel was prepared.

The collagen hydrogel with immigrated fibroblasts

was carefully removed from the membrane, and both

parts of the sample were moved into fresh cell culture

wells to avoid the influence of cells adhered to the

bottom of the well. The metabolic activity of the cells

was separately determined in the hydrogel and on the

membrane beneath the hydrogel. The non-coated
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membranes and the fibrin-coated membranes without

collagen hydrogel seeded with fibroblasts were used as

control samples to observe any difference in the meta-

bolic activity of the cells adhered on the two types of

membranes. The assay was performed according to the

manufacturer’s protocol. The amount of formazan dye

produced by the cells after 2 hours of incubation was

quantified by measuring the absorbance. The absorbance

was measured with wavelength 490 nm and with refer-

ence wavelength 700 nm, using a VersaMax ELISA

Microplate Reader spectrophotometer (Molecular

Devices Corporation, Sunnyvale, CA, USA).

Four parallel samples were used for each experimental

group and time interval. The experiment was performed

twice. The data was presented as the mean ± standard

deviation (from eight measurements). Statistical signifi-

cance was evaluated using parametric analysis of variance

(ANOVA), with the Tukey post hoc test for pairwise

comparison. Values of p≤0.05 were considered as

significant.

An evaluation of the morphology of the

collagen hydrogel and its shrinkage by

migrating fibroblasts
The shrinkage of the collagen gel due to migrating fibro-

blasts was evaluated visually, and the diameter of the col-

lagen hydrogel circle was measured in four time intervals of

cell migration, ie on days 1, 3, 7, and 14 after the hydrogel

was prepared. The diameter of the hydrogel circle was

measured on the gel contour marked with several points at

the edge of the hydrogel (see below). The freshly prepared

collagen samples and the samples incubated without cells

for 14 days under cell cultivation conditions were used as

controls. Four parallel samples were used for each experi-

mental group and time interval. The diameter of the hydro-

gel was presented as the mean ± standard deviation.

Results
Morphology of the fibrin mesh and the

collagen hydrogel on the nanofibrous

membrane
The PLLA membrane consisted of randomly-oriented

fibers. The diameter of the fibers varied in a large range,

from tens of nanometers to micrometers. The average dia-

meter of the fiber was 940 nm ±340 nm (Figure 2A and B).

The fibrin covered the fibers of the membrane, and it

also formed a thin homogeneous nanofibrous mesh on the

surface of the membrane and among its fibers. The dia-

meter of the fibers of the fibrin mesh ranged from tens of

nanometers to approx. 100 nm (Figure 2C and D).

The nanofibers were formed during the collagen gel-

ling process. They were randomly-oriented in the bulk

with a diameter in tens of nanometers. The average dia-

meter of the nanofibers was 47±7.6 nm (Figure 2E and F).

Collagen hydrogels unconfined

compression test
The stress strain curves representing the collagen hydrogel

disks displayed a linear response up to 21.29±4.36%

Figure 2 Morphology of a non-modified PLLA membrane (A – magnification 10,000×, B – magnification 30,000×), a fibrin mesh on a PLLA membrane (C – magnification

10,000×, D – magnification 25,000×) and a collagen hydrogel (E – magnification 15 000×, F – magnification 37,587×. Scanning electron microscopy (Quanta FEG 250 high-

resolution scanning electron microscope).

Abbreviation: PLLA, poly-L-lactide.
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deformation at unconfined compression. The Young’s

modulus was 3.0±1.4 kPa in this region. The next linear

region was detected from approximately 56.69±9.91%

deformation, where the Young’s modulus was 89.4±13.2

kPa at unconfined compression; however, structural

changes occurred in the sample disks in this region.

Migration of dermal fibroblasts into the

collagen hydrogel from fibrin-coated vs

non-coated membranes
We prepared a construct consisting of a pristine, ie non-

coated, PLLA nanofibrous membrane or consisting of a

membrane coated with a thin nanofibrous fibrin mesh,

human dermal fibroblasts and the collagen I hydrogel.

The collagen hydrogel was prepared on the fibroblast-

seeded membrane after 3 days of cell cultivation. We

compared the ability of fibroblasts to migrate into the

collagen hydrogel from a non-coated membrane and

from a fibrin-coated PLLA membrane in four time

intervals (on days 1, 3, 7, and 14 after collagen prepara-

tion, ie on days 4, 6, 10, and 17 after cell seeding).

The cell proliferation and viability were determined by

measuring the activity of cell mitochondrial enzymes (ie cell

metabolic activity). We separately determined the metabolic

activity of the fibroblasts migrating in the collagen hydrogel

and the fibroblasts adhered on the membrane beneath the

hydrogel. Moreover, the metabolic activity of the fibroblasts

adhered on the control membranes (non-coated and fibrin-

coated membranes) without the collagen hydrogel was evalu-

ated in order to see the effect of the fibrin mesh on fibroblast

proliferation. There was greater metabolic activity of the cells

proliferating on the control fibrin-coated membrane (without

collagen) than on the control non-coated membrane (without

collagen) (Figure 3, the first pair of columns). We observed

these differences in all cultivation time intervals, with statisti-

cal significance on day 1. Similarly, the fibrin mesh also

increased the fibroblast proliferation on themembrane beneath

the collagen (Figure 3, the second pair of columns), with

statistical significance on days 1, 3 and 7 after the collagen

Figure 3 Mitochondrial activity of human dermal fibroblasts migrated into the collagen hydrogel from the non-coated PLLA membrane (Pristine) or from the fibrin-coated

(Fibrin) PLLA membrane on day 1 (A), day 3 (B), day 7 (C) and day 14 (D) after preparation of the collagen. Cell mitochondrial activity on the control membrane without

the hydrogel (PLLA, first pair of columns), separately on the membrane beneath the hydrogel (PLLA beneath gel, second pair of columns) and in the hydrogel (Gel, third pair

of columns). Arithmetic mean ± SD from 8 measurements, ANOVA, Student-Newman-Keuls method, statistical significance (p≤0.05): * compared with a non-coated

membrane (Pristine).

Abbreviation: PLLA, poly-L-lactide.
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hydrogel was prepared (Figure 3A–C). The metabolic activity

of the cells migrated into the collagen hydrogel from thefibrin-

coated membrane was significantly higher than the activity of

the cells migrated into the hydrogel from the non-coatedmem-

brane in all time intervals (Figure 3, third pair of columns).

The results for cell mitochondrial activity were confirmed

by visualization of the cells migrating from the membrane into

the collagen hydrogel using immunofluorescent confocal

microscopy. The cells migrating into the collagen hydrogel

and the cells adhering on the membrane beneath the hydrogel

were separately visualized in various time intervals of cell

migration (Figure 4). In addition, the fibroblasts adhered on

the control membranes (non-coated and fibrin-coated mem-

branes) without the collagen hydrogel were observed (Figure

5). Before the preparation of the collagen hydrogel on the

membrane after the 3rd day of cell cultivation, the cells were

almost in a confluent layer on the fibrin-coated membrane,

while on the non-coated membrane, the cells had reached a

lower population density (Figure 5, Day 0). On day 1 of cell

migration, the cells started to migrate into the collagen hydro-

gel only from the fibrin-coated membrane. On the non-coated

membrane, the cells remained attached to the membrane or to

the bottom of the hydrogel (Figure 4, Day 1). In other words,

the cells adhering and proliferating on the fibrin-coated mem-

brane started to migrate 1 day after the hydrogel had been

prepared, while the cells on the non-coated membrane started

migrating later. The supporting influence of the fibrin mesh on

the attachment of cells to the membrane and on their prolifera-

tion led to a higher number of cells migrating into the collagen

hydrogel in all time intervals (Figure 4, the 1st and 2nd rows).

In addition, the cells migrated deeper into the hydrogel from

the fibrin-coated membrane than from the non-coated mem-

brane, and this difference reached statistical significance on

day 3. The depth of the cell migration increased significantly

from the 3rd day to the 7th day (Figure 6). On day 14, the cells

migrated throughout the collagen hydrogel, and they formed a

confluent layer on top of the hydrogel, mainly in the case of the

fibrin-coated membrane (Figure 4, 1st and 2nd row).
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Figure 4 Human dermal fibroblasts in the collagen hydrogel migrated from a non-coated membrane (Gel PLLA) and from a fibrin-coated membrane (Gel PLLA F) for 1, 3, 7,

and 14 days, or human dermal fibroblasts proliferated on the non-coated membrane (PLLA beneath gel) or on the fibrin-coated membrane (PLLA F beneath gel) beneath the

collagen hydrogel for 4, 7, 10, and 17 days. The fibrin was stained by immunofluorescence (Alexa 488, green). The cells were stained with phalloidin-TRITC (red; F-actin

cytoskeleton) and with Hoechst #33,258 (blue; cell nuclei). Leica TCS SPE DM2500 confocal microscope, 20x/0.75 IMM CORR CS2 zoom 2x or obj. 40x/1.15 NA oil,

maximal intensity projection images.

Abbreviation: PLLA, poly-L-lactide.
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The cells that remained adhering on the membrane

beneath the collagen hydrogel were able to divide and

proliferate, and their population increased in time

(Figure 4, the 3rd and 4th rows). If we compare the

cell behavior on the membranes beneath the collagen

hydrogel (Figure 4, the 3rd and 4th rows) and on the

control membranes (without collagen, Figure 5), the

number of adherent cells was significantly higher on

the control membranes in all time intervals. On the

control fibrin-coated membrane, the cells gradually

degraded and reorganized the fibrin mesh. On day 14,

the fibrin mesh was almost degraded, and only residues

of it remained on the membrane (Figure 5, 2nd row),

while the fibrin coating on the membrane beneath the

hydrogel was only slightly altered by the cells (Figure

4, 4th row).

The collagen hydrogel was not considerably con-

tracted and shrunk by the fibroblasts migrating in the

collagen over a period of 14 days (Figure 7). The fresh

collagen hydrogel prepared on the fibroblast-seeded
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Figure 5 Human dermal fibroblasts on the control non-coated membrane (PLLA) and on the fibrin-coated membranes (PLLA F) without the collagen gel. The cells on the

membranes on the 3rd day after they were seeded and before collagen hydrogel preparation (Day 0), and cultivated for 1, 3, 7, and 14 additional days (ie 4, 7, 10,and 17 days

in total). The fibrin was stained by immunofluorescence (Alexa 488, green). The cells were stained with phalloidin-TRITC (red; F-actin cytoskeleton) and with Hoechst

#33258 (blue; cell nuclei). Leica TCS SPE DM2500 confocal microscope, objective 40x/1.15 NA oil, maximal intensity projection images.

Abbreviation: PLLA, poly-L-lactide.

Figure 6 Depth of migration of human dermal fibroblasts into the collagen hydrogel from the non-coated PLLA membrane (PLLA) or from the fibrin-coated PLLA

membrane (PLLA + F) on days 3, 7, and 14 of cell migration. Nonparametric Kruskal-Wallis One Way Analysis of Variance on Ranks, Dunn’s Method, statistical significance

(p≤0.05): *in comparison with the non-coated membrane (PLLA), # in comparison with day 3.
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membrane was approximately 8.9 mm in diameter.

After 14 days of cell migration, the diameter of the

hydrogel reached 8.4±0.3 mm (presented as a mean ±

standard deviation). In addition, there was no obvious

difference between the remodeling of the collagen

hydrogel by the cells migrating from the non-coated

membrane (hydrogel diameter was 8.3±0.4 mm) and

from the fibrin-coated membrane (hydrogel diameter

was 8.5±0.1 mm).

Creating the two-layer construct

consisting of dermal fibroblasts and

keratinocytes
A two-layer construct was prepared using a PLLA nanofi-

brous membrane coated with a thin nanofibrous fibrin

mesh and seeded with human dermal fibroblasts. The

collagen hydrogel prepared after 3 days of fibroblast seed-

ing allowed the fibroblasts to migrate inside the gel. The

human dermal keratinocytes were seeded on top of the

collagen hydrogel after 4 days of fibroblast migration.

Before the keratinocytes were seeded, the fibroblasts were

allowed to immigrate into the collagen hydrogel (Figure 8A

and B). Inside the hydrogel, the cells were spread, and showed

a spindle-like morphology with well-developed F-actin micro-

filaments (Figures 8 and 9), as we also showed in the previous

section in Figure 4. After the collagen hydrogel had been

seeded with keratinocytes, the fibroblasts continued proliferat-

ing inside the hydrogel and migrating through the hydrogel

from the bottom to the top (Figure 9). The keratinocytes were

able to attach to the collagen hydrogel, and to divide and

proliferate throughout the experiment, ie for 14 days. The

number of proliferating keratinocytes increased with cultiva-

tion time. The cells had already reached a confluent layer on

the whole surface of the collagen hydrogel 7 days after kera-

tinocyte seeding (Figure 9C and D). The keratinocytes had

well-developed filaments containing cytokeratin 14 (Figure 9).

Video S1 shows the keratinocytes and fibroblasts in the col-

lagen hydrogel in individual horizontal sections from the top

to the bottom of the collagen hydrogel. On the hydrogel sur-

face, the keratinocytes formed a suprabasal layer of large cells

frequently without cell nuclei and a confluent basal layer of

small cells that were still dividing and proliferating. The layer

of keratinocytes does not allow the fibroblasts to migrate

throughout the whole volume of the collagen hydrogel, thus

the fibroblasts remained inside the hydrogel without migrating

to the surface (Figure 9). If the keratinocytes were not seeded

on the collagen hydrogel, the fibroblasts migrated through the

whole thickness of the gel and formed a confluent layer on top

of the hydrogel (Figure 8E–H).

Figure 10 andVideo S2 show the entire two-layer construct

after 14 days of keratinocyte cultivation. The bottom of the

skin construct is composed of a nanofibrous membrane with a

confluent layer of proliferating fibroblasts (red) and with

Figure 7 The morphology of the collagen hydrogel with embedded human dermal fibroblasts migrated from the non-coated membrane (A) and from the fibrin-coated

membrane (B) for 14 days. The control collagen hydrogel without cells incubated at 37°C, 5% CO2 for 14 days (C). The measurement principle for hydrogel shrinkage (D):

the diameter of the hydrogel circle was measured on the gel contour marked with several points. The value of the diameter (Ø) of each hydrogel is displayed inside the

hydrogel image, and is presented as mean ± standard deviation.
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residues of the fibrin mesh (green) degraded by the fibroblasts.

The fibroblasts are homogeneously immigrated inside the col-

lagen hydrogel, and the keratinocytes are adhered in the con-

fluent layer on top of the collagen hydrogel (green).

Adding keratinocytes into the construct did not signifi-

cantly promote shrinkage of the collagen hydrogel. There

was a similar slight alteration in the morphology and in the

contraction of the collagen hydrogel during cell cultivation

when only fibroblasts were seeded into the construct, see our

comments in the previous section, and Figure 7.

Discussion
Many previous studies have shown that the 3D micro-

environment of hydrogels provides better physiological

conditions than 2D flat substrates for cell spreading,

proliferation, migration and differentiation.35 The cells

embedded in the hydrogels, especially fibroblasts and

other mesenchymal cells, tend to be more spread, with

a typical spindle-like morphology, and they form a net-

work with cell contacts in all three dimensions.16,17 On

Figure 9 Human dermal fibroblasts in the collagen hydrogel migrated from the fibrin-coated PLLA membrane, and human dermal keratinocytes seeded on top of the

hydrogel on day 4 of fibroblast migration. The fibroblasts migrated from the membrane into the collagen hydrogel for a period of 6 days (A and B), 11 days (C and D) and 18

days (E and F). The keratinocytes were cultivated for 2 days (A and B), 7 days (C and D) and 14 days (E and F). Both cell types were stained with phalloidin–TRITC for the

cell F-actin cytoskeleton (red), and with Hoechst #33258 for the cell nuclei (blue). The cytokeratin 14 in the keratinocytes was stained by immunofluorescence (Alexa 488,

green). Dragonfly 503 spinning disk confocal microscope with a Zyla 4.2 PLUS sCMOS camera, objective HC PL APO 20x/0.75 IMM CORR CS2.

Abbreviation: PLLA, poly-L-lactide.

Figure 8 Human dermal fibroblasts in the collagen hydrogel migrated from the fibrin-coated PLLA membrane, without the hydrogel being seeded with keratinocytes

(control samples). The fibroblasts migrated from the membrane into the collagen hydrogel for 4 days (A and B), 6 days (C and D), 11 days (E and F), and 18 days (G and H).

The fibroblasts were stained with phalloidin–TRITC for the cell F-actin cytoskeleton (red), and with Hoechst #33258 for the cell nuclei (blue). Dragonfly 503 spinning disk

confocal microscope with a Zyla 4.2 PLUS sCMOS camera, objective HC PL APO 20x/0.75 IMM CORR CS2.

Abbreviation: PLLA, poly-L-lactide.
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the other hand, keratinocytes with their apical-basal

polarity prefer a 2D structured surface of the hydrogels.

Fujisaki et al36 and many other researchers have

observed that collagen hydrogels, mainly collagen IV

and collagen I, support the adhesion, proliferation and

stratification of keratinocytes.17,36,37 In addition, the bio-

synthesis of ECM molecules by fibroblasts and kerati-

nocytes is enhanced by the physiological conditions of

the hydrogels, which is important for hydrogel remodel-

ing and for separating the two cell types by forming the

basement membrane.28,38,39 Although the encapsulated

fibroblasts are separated from the keratinocytes growing

on the surface, their communication continues to be

mediated by the cytokines and growth factors released

from the cells in a paracrine manner, or by cell-hydrogel

mechanosensation.40–43 The paracrine-based relationship

of the cells can be regulated by changing the perme-

ability and the structural properties of the cell-encapsu-

lating substances. For example, Chiu et al44 modulated

the permeability of fibrin constructs by varying the

concentration of fibrinogen and thrombin.44

Bader et al45 changed the keratinocyte-fibroblast para-

crine communication by gelatin-based semi-interpene-

trating networks.45 Moreno-Arotzena et al46

characterized the collagen hydrogel as a biomaterial

with a higher void ratio and higher permeability than

the fibrin hydrogel.46 One of the current approaches to

the construction of full-thickness skin substitutes there-

fore involves embedding dermal fibroblasts into 3D

hydrogels and cultivating epidermal keratinocytes on

the surface of hydrogels. Although these 3D co-culture

systems have been used for many years for in vitro

studies of epithelial-mesenchymal interactions,47 for ker-

atinocyte differentiation,36 for the dynamics of the base-

ment membrane38 and for many other applications, there

are many limitations on clinical applications that still

need to be overcome.

Although hydrogels have excellent biocompatibility and

biodegradability properties for wound healing applications,

they are not mechanically stable and their structure tends to

be contracted under the traction forces of the embedded

cells.27,48 The Young’s modulus of collagen hydrogels oscil-

lates around units of kPa, depending on temperature, pH,

duration of neutralization and many other conditions during

polymerization.49,50 In order to keep the cells alive during

polymerization of the collagen hydrogels, the conditions

have to be physiological for the cells, eg 37 °C, pH~7.4.

However, it has previously been observed that the collagen

hydrogels formed under physiological conditions are less

stiff than those polymerized at basic pH.49,51 However, the

stiffness of hydrogel fibers plays an important role in cell

behavior. Greater stiffness of the fibers suppressed cell adhe-

sion, spreading, proliferation and migration into the hydro-

gel, due to a lower ability of the cells to transfer their traction

forces to the hydrogel fibers.25,52

Many approaches leading to improved hydrogel stabi-

lity and improved mechanical properties have therefore

recently been studied. Braziulis et al21 used plastic

Figure 10 The two-layer construct of skin cells composed of the fibrin-coated PLLA membrane seeded with human dermal fibroblasts, the collagen hydrogel with

fibroblasts migrating inside the gel, and the keratinocyte layer on top of the hydrogel. Top-side view of the construct (A), and side-view of the construct (B). The fibroblasts

migrated from the membrane into the collagen hydrogel for a period of 18 days. Keratinocytes proliferated on the hydrogel for 14 days. The PLLA membrane with fibroblasts

and the collagen hydrogel with immigrated fibroblasts and keratinocytes on the top of hydrogel were stained separately. Both cell types were stained with phalloidin – TRITC

for the cell F-actin cytoskeleton (red), and with Hoechst #33258 for the cell nuclei (blue). The cytokeratin 14 in the keratinocytes and the fibrin mesh on the nanofibrous

membrane (at the bottom) were stained by immunofluorescence (Alexa 488, green). Dragonfly 503 spinning disk confocal microscope with a Zyla 4.2 PLUS sCMOS camera,

objective HC PL APO 20x/0.75 IMM CORR CS2.
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compression for a collagen type I hydrogel. Similarly, Kim

et al53 induced structural and mechanical changes to the

fibrin-collagen matrix by compressing it. Lotz et al48

reduced the fibroblast-mediated contraction of the collagen

hydrogel by cross-linking it with succinimidyl glutarate

polyethylene glycol. Another way to improve the mechan-

ical properties of hydrogels is to reinforce them by means

of biodegradable synthetic scaffolds.22 For example,

Franco et al23 combined PCL/PLGA membranes with

chitosan-gelatin hydrogels in an optimal ratio to achieve

appropriate biocompatibility and mechanical properties for

creating a two-layer construct of fibroblasts and keratino-

cytes. Hartmann-Fritsch et al31 incorporated nanofibrous

PLGA membranes or knitted meshes into a bovine col-

lagen I hydrogel with embedded fibroblasts and keratino-

cytes seeded on the surface. These authors obtained

optimal stability of tissue-engineered full-thickness skin

analogues by using a knitted mesh, where the epidermal

part was well-stratified and the dermal part was revascu-

larized in in vivo experiments. In the present study, we

stabilized the collagen hydrogel by underlaying it with a

nanofibrous fibrin-coated synthetic biodegradable PLLA

membrane, pre-seeded with skin fibroblasts. Our results

are in accordance with the recent studies which have

shown that the Young’s modulus of collagen hydrogels

formed in physiological conditions varied around units of

kPa.49,51,52 The collagen hydrogel disks returned to their

original state when compressed at low strain (up to 21%).

As the scaffolds had a composite character, the mechanical

response depended not only on the mechanical properties

of the collagen hydrogel but also on the nanofibrous PLLA

membrane. The results indicated that collagen hydrogel

and PLLA membrane form a serial mechanical connection

at compression in which the PLLA membrane start dom-

inating at higher strains (over 56%). In addition, at higher

strains, the collagen hydrogel undergoes structural

changes. Pre-seeding the membrane with fibroblasts

allowed the fibroblasts later to migrate into the collagen

hydrogel without significant contraction of the hydrogel.

The stability of the collagen hydrogel can be explained by

the optimal ratio between the degradation processes and

the remodeling processes mediated by the fibroblasts.

During collagen polymerization, the fibroblasts adhering

on the membrane were already in their proliferating phase,

and they might not generate the strong traction forces that

they generate while they are spreading. Moreover, after

collagen polymerization, the cells could start migrating

into the hydrogel by degrading it with matrix

metalloproteases, and by synthesizing their own ECM

proteins.16,17 In other words, we suppose that the traction

forces generated by fibroblasts migrating from the PLLA

membrane might be weaker than those generated by fibro-

blasts directly embedded into the collagen hydrogel. Direct

embedding of the fibroblasts into the hydrogel during

polymerization can be followed by cell spreading and by

generating the intensive cell traction forces that are trans-

mitted into the collagen fibrils. However, fibroblasts

migrating from the membrane gradually degrade and

remodel the collagen, which enables them to migrate

spontaneously into the hydrogel, and leaves the collagen

hydrogel relatively unchanged.

In order to increase the attractiveness of the PLLA

membrane for the adhesion, spreading and proliferation

of the fibroblasts pre-seeded on the membrane, we coated

the membrane with a homogeneous nanofibrous fibrin

mesh. In our previous study,10 we showed that a nanos-

tructured fibrin mesh apparently enhanced fibroblast adhe-

sion, proliferation and biosynthesis of ECM proteins,

mainly collagen I and fibronectin. In this study, we have

additionally found that the fibrin mesh significantly

increased the migration of fibroblasts into the collagen

hydrogel in comparison with the non-modified PLLA

membrane. Similar results were obtained by Fu et al13 in

experiments with fibrinogen-coated PCL nanofibers. They

reported that coating PCL membranes with fibrinogen

accelerated the migration of fibroblasts and stimulated

their differentiation to myofibroblasts in a transforming

growth factor (TGF)-β1 rich microenvironment.13 In addi-

tion, due to the greater adhesion and proliferation of the

cells caused by the fibrin mesh, a higher number of cells

might migrate into collagen hydrogel. In contrast to our

previous work,8 we observed that the fibrin mesh under the

collagen gel was not degraded, even on day 14 after

fibroblast seeding. This may have been caused by focusing

the fibroblasts on migrating and on remodeling the 3D

collagen hydrogel, rather than focusing on the degradation

and remodeling of the fibrin mesh, which was described in

detail in our previous studies.8–10

In order to create a two-layer cellular skin construct,

the collagen hydrogel enriched by spontaneously immi-

grated fibroblasts was seeded with primary dermal kera-

tinocytes. A monolayer of adhered keratinocytes, with

well-developed F-actin and basal cytokeratin 14 fila-

ments, was formed on the whole surface of the collagen

hydrogel after 7 days. The cells were able to divide for 14

days of cultivation, and they formed the basal layer with
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highly mitotically active cells and a suprabasal layer with

large cells frequently without cell nuclei. Our results

correlated with other similar studies focused on the culti-

vation of keratinocytes on a collagen gel,21,28,31,54 or on

other forms of collagen substrates.9,36,55 The previous

studies also reported that a PCL/collagen nanofibrous

membrane alone did not stimulate keratinocyte migra-

tion, while subsequently coating a membrane composed

of an ultrafine fibrous collagen network significantly

increased the cell motility.14 Our results and other studies

have proved that native collagen in the form of a hydro-

gel provides a physiological 3D microenvironment for

the optimal co-cultivation of fibroblasts and keratino-

cytes. Furthermore, the high void ratio and the high

permeability of collagen hydrogels enable paracrine com-

munication between cells.46

Conclusion
We have prepared a two-layer skin construct of fibroblasts

and keratinocytes composed of a nanofibrous fibrin-coated

PLLA membrane pre-seeded with human dermal fibro-

blasts, a collagen hydrogel and keratinocytes. The results

have shown that the fibroblasts were able to migrate from

the membrane upwards into the collagen hydrogel. The

PLLA membrane underlying the collagen hydrogel rein-

forced the whole skin construct, and served as a substrate

for the initial attachment, growth and subsequent sponta-

neous migration of fibroblasts. Moreover, coating the

membrane with a nanofibrous fibrin mesh further consid-

erably enhanced the migration of the fibroblasts into the

hydrogel. The fibroblasts did not mediate a significant

contraction of the collagen hydrogel during their migra-

tion, such as has been repeatedly observed when fibro-

blasts are directly embedded into a collagen hydrogel

during the gelling process. The keratinocytes seeded on

top of the collagen formed a homogeneous basal layer of

proliferating cells. This two-layer skin construct based on

a collagen hydrogel with spontaneously immigrated fibro-

blasts and reinforced by a fibrin-coated nanofibrous mem-

brane seems to be promising for the treatment of extensive

full-thickness skin wounds.
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Supplementary materials
Video S1 The horizontal sections through the collagen

hydrogel with keratinocytes adhered on the hydrogel

surface and fibroblasts homogeneously immigrated

inside the collagen hydrogel. The fibroblasts migrated

from the membrane into the collagen hydrogel for a

period of 11 days. Keratinocytes proliferated on the

hydrogel for 7 days. Both cell types were stained with

phalloidin–TRITC for the cell F-actin cytoskeleton

(red), and with Hoechst #33258 for the cell nuclei

(blue). The cytokeratin 14 in the keratinocytes was

stained by immunofluorescence (Alexa 488, green).

Dragonfly 503 spinning disk confocal microscope with

a Zyla 4.2 PLUS sCMOS camera, objective HC PL

APO 20x/0.75 IMM CORR CS2.

Video S2 This video shows the two-layer construct of

skin cells, depicted in Figure 10, in dynamic mode. The

construct was composed of the fibrin-coated PLLA mem-

brane seeded with human dermal fibroblasts, the collagen

hydrogel with fibroblasts migrating inside the gel, and the

keratinocyte layer on top of hydrogel. The fibroblasts

migrated from the membrane into the collagen hydrogel

for a period of 18 days. Keratinocytes proliferated on the

hydrogel for 14 days. The PLLA membrane with fibro-

blasts and the collagen hydrogel with immigrated fibro-

blasts and keratinocytes on the top of hydrogel were

stained separately. Both cell types were stained with phal-

loidin – TRITC for the cell F-actin cytoskeleton (red), and

with Hoechst #33258 for the cell nuclei (blue). The cyto-

keratin 14 in the keratinocytes and the fibrin mesh on the

nanofibrous membrane (at the bottom) were stained by

immunofluorescence (Alexa 488, green). Dragonfly 503

spinning disk confocal microscope with a Zyla 4.2 PLUS

sCMOS camera, objective HC PL APO 20x/0.75 IMM

CORR CS2.
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Background. Adipose tissue-derived stromal cells (ADSCs) have great potential for cell-based therapies, including tissue
engineering. However, various factors can influence the characteristics of isolated ADSCs. Methods. We studied the influence
of the harvesting site, i.e., inner thigh (n = 3), outer thigh (n = 7), and abdomen (n = 9), and of negative pressure, i.e., low
(-200mmHg) and high (-700mmHg), on the characteristics of isolated ADSCs. We counted initial yields of attached cells
after isolation. In subsequent passage, we studied the number, viability, diameter, doubling time, mitochondrial activity, and
CD surface markers of isolated ADSCs. Results. We revealed higher initial cell yields from the outer thigh region than from
the abdomen region. Negative pressure did not influence the cell yields from the outer thigh region, whereas the yields from
the abdomen region were higher under high negative pressure than under low negative pressure. In the subsequent passage,
in general, no significant relationship was identified between the different negative pressure and ADSC characteristics. No
significant difference was observed in the characteristics of thigh ADSCs and abdomen ADSCs. Only on day 1, the diameter
was significantly bigger in outer thigh ADSCs than in abdomen ADSCs. Moreover, we noted a tendency of thigh ADSCs
(i.e., inner thigh+outer thigh) to reach a higher cell number on day 7. Discussion. The harvesting site and negative pressure
can potentially influence initial cell yields from lipoaspirates. However, for subsequent in vitro culturing and for use in tissue
engineering, it seems that the harvesting site and the level of negative pressure do not have a crucial or limiting effect on
basic ADSC characteristics.

1. Background

Stem cells of various origin are fundamental elements for
cell-based therapies in regenerative medicine, particularly
for tissue engineering. Nowadays, tissue engineering tends
to use stem cells that (1) are pluripotent or multipotent, (2)
can be routinely harvested in large quantities, and (3) are sur-
rounded by fewer ethical issues than other types. Mesenchy-
mal stromal cells (MSCs) are multipotent plastic-adherent

fibroblast-like cells. They can be harvested predominantly
from adult organs and tissues, i.e., bone marrow, peripheral
blood, adipose tissue, skin, skeletal muscle, dental pulp,
brain, and endometrium [1]. Not only adult tissues but also
extrafoetal tissues, such as placenta, umbilical cord tissue,
amniotic membrane, and amniotic fluid can also serve as
sources of MSCs. The characteristics and the differentiation
of bone marrow-derived stromal cells (BMSCs) have been
widely studied, as they were the first MSCs to be described.
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BMSCs provide favourable differentiation characteristics.
However, the BMSC harvesting procedure is uncomfortable
for donors and adipose tissue-derived stromal cells (ADSCs)
provide similar yields of isolated cells, together with greater
subsequent proliferation capacity [2]. In recent years, ADSCs
have become an ideal target for tissue engineering and cell-
based therapies. A relatively easy harvesting procedure and
the multipotent characteristics of ADSCs make these stromal
cells suitable for various uses [3]. The possibility of autolo-
gous application in cell-based therapies can be a further
advantage of ADSCs.

The methods for isolating ADSCs from adipose tissue
can be divided into enzymatic and nonenzymatic approaches
[4, 5]. Until now, enzymatic digestion using collagenase has
been the most widely performed procedure. However, newer
alternative nonenzymatic techniques (e.g., vibration and
centrifuging) can also be applied, especially for clinical pur-
poses [6]. After enzymatic digestion and centrifugation, three
separated parts are obtained, namely, the upper oily part
containing adipocytes, the middle part consisting of
digested tissue, and the reddish stromal vascular fraction
(SVF) pellet at the bottom [7]. The SVF part is a mixture
of distinct cell types consisting of ADSCs and variably also
of pericytes, preadipocytes, endothelial precursor cells,
endothelial cells, macrophages, smooth muscle cells, fibro-
blasts, and lymphocytes [5].

A large number and range of studies focused on obtain-
ing ADSCs have been published. The studies have investi-
gated various fat-harvesting procedures, cell isolation
procedures, and donor factors. All these factors can influence
the viability, the yields, and the subsequent proliferation and
differentiation of the isolated cells. Tumescent liposuction is
used as one of the easiest procedures for harvesting adipose
tissue. The negative pressure (vacuum) that is used during
the liposuction procedure is an important factor that influ-
ences the quality and the amount of harvested tissue. Lee
et al. studied the effect of different negative pressures (i.e.,
-381mmHg and -635mmHg) on fat grafting [8]. In their
in vivo study, no significant differences in the weight or in
the histology of the fat grafts were observed; moreover,
higher negative pressure did not affect the viability of the
fat grafts [8]. Similarly, in a study by Charles-de-Sá et al.,
no significant differences, either in the viability of the adipo-
cytes or in the number of MSCs, were found in adipose tissue
obtained under various negative pressures [9]. However,
other studies have reported a significant influence of negative
pressure on cell characteristics. Mojallal et al. measured
greater cell yields in adipose tissue harvested under a lower
negative pressure (-350mmHg) than under a higher negative
pressure (-700mmHg) [10]. Similarly, Chen et al. reported
more than 2-fold higher cell numbers in SVF isolated from
adipose tissue harvested under a lower negative pressure
(−225mmHg ± 37mmHg) than under a higher negative
pressure (−410mmHg ± 37mmHg) [11]. They also reported
faster cell growth and higher secretion of some growth fac-
tors in cells obtained under lower negative pressure in the ini-
tial passages [11].

The harvesting site of the superficial adipose tissue seems
to be another important donor factor potentially influencing

the viability and the proliferation of the isolated cells. Jurgens
et al. compared the numbers of cells isolated from the abdo-
men area and from the hip/thigh area. They found a signifi-
cantly higher frequency of ADSCs in SVF isolates derived
from the abdomen area, but no significant differences were
found in the absolute numbers of nucleated cells [12]. How-
ever, the osteogenic and chondrogenic differentiation capac-
ity of the ADSCs was not affected by the harvesting site [12].
Padoin et al. observed higher cell yields from the lower abdo-
men and from the inner thigh than from other liposuction
areas (i.e., upper abdomen, flank, trochanteric area, and
knee) [13]. Differences in the viability and in the amount of
SVF and in the numbers of ADSCs after culturing, were also
studied by Tsekouras and coworkers. In their study, the SVF
from the outer thigh exhibited higher cell numbers [14]. This
tendency also continued in subsequent cell culturing, where
the outer and inner thigh samples both showed higher
numbers of ADSCs than the abdomen, waist, or inner knee
samples. Other studies reported no statistically significant
differences in the volumes of fat grafts [15, 16] or in adipo-
cyte viability [17] according to the donor sites.

Not only the negative pressure during liposuction and
in the donor harvesting site but also different harvesting
procedures [18] and other individual donor factors have
been found to influence the viability, proliferation, and dif-
ferentiation characteristics of ADSCs. Further factors
include body mass index (BMI), age, gender, intercurrent
diseases, such as diabetes mellitus, and also radiotherapy
and drug treatment [19].

There is a need to investigate and confirm the best har-
vesting conditions for ADSCs, which could help to bring
them into routine use in clinical practice. Until now, studies
have not been uniform and have been focused predomi-
nantly on different cell types (adipocytes, preadipocytes,
total SVF). The potential differences in the characteristics
of ADSCs seem to be nonnegligible and need to be further
clarified for future use in tissue engineering. The objective
of our study was to investigate the influence of negative
pressure during liposuction and also of the donor site on
the yields of initially attached cells and on subsequent cell
proliferation, achieved cell numbers, cell viability, diameter,
and phenotypic markers of isolated ADSCs when cultured
in in vitro conditions.

2. Materials and Methods

2.1. Group of Donors and Liposuction Procedure. A compar-
ative study was performed on samples of subcutaneous adi-
pose tissue from 15 healthy donors after informed consent
at Hospital Na Bulovce in Prague. The group of females
(n = 14) and one male (n = 1) underwent tumescent liposuc-
tion, whereby adipose tissue from the inner thigh (n = 3),
from the outer thigh (n = 7), and from the abdomen (n = 9)
was harvested. Harvesting was conducted in compliance with
the tenets of the Declaration of Helsinki on experiments
involving human tissues and under ethical approval issued
by the Ethics Committee of Hospital Na Bulovce in Prague
(August 21, 2014). The liposuctions were performed under
sterile conditions, using tumescence. The tumescent solution
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contained a 1000mL of physiological solution with adren-
aline (1 : 200,000) 1mL and bicarbonate 8.4% 20mL. In
order to protect the harvested stromal cells from possible
toxicity, no local anaesthetics were used. We used a lipo-
suction machine (MEDELA dominant) that enabled con-
tinuous negative pressure to be set, and we utilized
negative pressure of -200mmHg and -700mmHg. Superfi-
cial fat tissue was harvested using a Coleman Style blunt
cannula with 4 holes and an inner diameter of 3mm. Both
low negative pressure (i.e., -200mmHg) and high negative
pressure (i.e., -700mmHg) were used during liposuction in
selected harvesting sites for each donor. Specifically, in the
abdominal region, low pressure was used on one side of
the abdomen, while high pressure was applied on the
opposite side of the abdomen. Similarly, in the outer and
inner thigh regions, low pressure was applied on one leg
and the high pressure was applied on the contralateral
leg (Scheme 1). A different cannula and vacuum suction
container was used for low and high pressure harvesting
to prevent contamination of low pressure harvesting mate-
rial with high pressure harvesting material and vice versa.
The age range of the donors was 26–53 years (mean age
37:8 ± 7:8 years) and the BMI range was 19:60 – 36:17 kg/
m2 (mean BMI 25:44 ± 4:37 kg/m2) (Table 1). The donors
did not suffer from diabetes or from hypertension, and
they were not tobacco users.

2.2. Isolation of ADSCs. The isolation procedure was per-
formed in fresh lipoaspirates (within 2 hours after the lipo-
suction procedure) according to the isolation protocol by
Estes et al. [7]. However, we made some slight modifications,
as described in our previous study [20]. In brief, the lipoaspi-
rates were washed several times with phosphate-buffered
saline (PBS; Sigma-Aldrich). Then, the lipoaspirate was
digested, using PBS containing 1% (wt/vol) bovine serum
albumin (BSA; Sigma-Aldrich) and type I collagenase 0.1%
(wt/vol) (Worthington) for 1 hour at a temperature of
37°C. After the digestion procedure, the tissue was centri-
fuged, and the upper and middle layers were aspirated. The
obtained SVF was washed three times. A filter with pores
100μm in size (Cell Strainer, BD Falcon) was additionally
used to filter the cell suspension of SVF right before seeding

into culture flasks (75 cm2, TPP, Switzerland) in a density
of 0.16mL of original lipoaspirate/cm2. The isolated cells
were cultured in Dulbecco’s modified Eagle medium
(DMEM; Gibco), supplemented with 10% (vol/vol) foetal
bovine serum (FBS; Gibco), gentamicin (40μg/mL; LEK),
and recombinant human fibroblast growth factor basic
(FGF2; 10ng/mL; GenScript). The primary cells, referred to
as “passage 0,” were cultured until they reached 70%–80%
confluence. Then, the cells were passaged.

For the experiments that followed (Scheme 1), the cells
isolated from the lipoaspirate harvested under low negative
pressure (i.e., -200mmHg) are referred to as “low,” and the
cells isolated from the lipoaspirate harvested under high neg-
ative pressure (i.e., -700mmHg) are referred to as “high.” The
compared groups of cells are referred to as low inner thigh
(low I thigh), high inner thigh (high I thigh), low outer thigh
(low O thigh), high outer thigh (high O thigh), low abdomen,
and high abdomen.

2.3. Yields of Initially Attached Cells. For the primary culture
of isolated cells, as mentioned above, the seeding density was
0.16mL of original lipoaspirate/cm2. On day 1 after isolation
and seeding (passage 0), the culture medium was changed
with the fresh medium, and the unattached cells were washed
away. Then, the cell yields per 1mL of lipoaspirate were
counted from the number of attached cells, because only
these cells are relevant for potential use in tissue engineering.

(i) Low (−200 mmHg)
(ii) High (−700 mmHg)

Liposuction procedure:

(i) Inner thigh
(ii) Outer thigh

(iii) Abdomen
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Both pressures were used in each harvesting site.

Scheme of the experiment

Scheme 1: Scheme of the experiment. Sites in the abdomen, the inner thigh, and the outer thigh where liposuction at low negative pressure
(-200mmHg) and at high negative pressure (-700mmHg) was performed. After the cell isolation, the initial yields of attached cells were
counted. In subsequent passages, the number, viability, diameter, doubling time, mitochondrial activity (all in passage 1), and CD surface
markers (passage 2) of isolated ADSCs were evaluated.

Table 1: Donors included in our study. The group of females
(n = 14) and one male (n = 1; abdomen site) underwent tumescent
liposuction, in which adipose tissue was harvested from the inner
thigh (n = 3), from the outer thigh (n = 7), and from the abdomen
(n = 9). In each harvesting site, the lipoaspirate was obtained both
under low and under high negative pressure.

Donor site Age (years) BMI (kg/m2) No. of samples

Inner thigh 42:0 ± 4:6 27:70 ± 7:40 3

Outer thigh 35:4 ± 7:8 23:56 ± 2:45 7

Abdomen 38:3 ± 8:6 25:06 ± 4:08 9

Together 37:8 ± 7:8 25:44 ± 4:37 19 samples
from 15 donors
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Microphotographs of 4 to 6 randomly chosen microscopic
fields for each sample were taken by phase-contrast micro-
scope and were analysed by manual cell counting. Then, the
number of attached cells was compared depending on differ-
ent negative pressure or on the harvesting site.

2.4. Cell Number, Viability, Diameter, and Doubling Time.
The cells from each donor, harvested under low and high
negative pressure within the corresponding areas in the
abdomen or in the thigh, were cultured and then analysed.
The isolated cells in passage 1 were seeded into 12-well tissue
culture polystyrene plates (TPP, Switzerland; well diameter
2.1 cm) in a density of 14,000 cells/cm2 (i.e., 50,000 cells/well)
and were cultivated in DMEM+10% (vol/vol) FBS+10ng/mL
FGF2 for 7 days. The volume of the cell culture medium was
3mL/well. The cells were cultivated in a humidified air atmo-
sphere with 5% CO2 at a temperature of 37°C. On days 1, 3,
and 7, the cells were washed with PBS and were then
detached by incubation with Trypsin-EDTA Solution
(Sigma-Aldrich) for 4 minutes at 37°C. The effect of the
Trypsin-EDTA solution was subsequently inhibited by add-
ing a medium with FBS, and the cells were resuspended.
The number, the viability, and the diameter of the detached
cells in each well were measured using a Vi-CELL XR Cell
Viability Analyzer (Beckman Coulter). In this analyser, the
cell viability is evaluated by a trypan blue exclusion test.
From 5 to 8 independent samples for each experimental
group of a donor in each time interval were analysed. The
cell population doubling time (DT) was calculated from
the ADSC numbers, according to the following equation:
DT = t × ln ð2Þ/ðln ðNÞ – ln ðN0ÞÞ, where t represents the
duration of culture, N represents the number of cells on
day 3, and N0 represents the number of cells on day 1.

2.5. Cell Mitochondrial Activity. The activity of mitochon-
drial enzymes is generally measured in order to estimate
the cell proliferation activity. The isolated cells in passage 1
were seeded into 24-well tissue culture polystyrene plates
(TPP, Switzerland; well diameter 1.5 cm) in a density of
14,000 cells/cm2 (i.e., 25,000 cells/well) and were cultivated
in DMEM+10% FBS+10ng/mL FGF2 for 7 days. The volume
of cell culture medium was 1.5mL/well. On days 3 and 7, a
CellTiter 96® Aqueous One Solution Cell Proliferation Assay
(MTS; Promega Corporation) was performed according to
the manufacturer’s protocol. In brief, the principle of the
MTS assay is based on a colorimetric change of the yellow
tetrazolium salt to brown formazan. This change is brought
about by the activity of mitochondrial enzymes. The absor-
bance was measured at a wavelength of 490 nm, using a Ver-
saMax ELISA microplate reader (Molecular Devices LLC).
From 5 to 6 independent samples were measured for each
experimental group in each time interval.

2.6. Flow Cytometry. In passage 2, the cells were characterised
by flow cytometry, using antibodies against specific surface
CD markers. An evaluation was made of the percentage of
cells in the population that contained standard markers of
ADSCs, i.e., CD105 (also referred to as endoglin, a mem-
brane glycoprotein which is part of the TGF-β receptor com-

plex), CD90 (Thy-1, a thymocyte antigen belonging to the
immunoglobulin superfamily), and CD73 (ecto-5′-nucleo-
tidase, a glycosylphosphatidylinositol-anchored membrane
protein). Other evaluated markers included CD29 (integrin
β1, a component of receptors for collagen and fibronectin),
CD146 (a melanoma cell adhesion molecule, a receptor for
laminin), CD31 (also referred to as platelet-endothelial cell
adhesion molecule-1, PECAM-1), and hematopoietic cell
markers CD34 and CD45 [3]. In brief, the cells were washed
with PBS and were incubated with Trypsin-EDTA for 4
minutes at 37°C. Subsequently, the medium with FBS was
added and the cells were centrifuged (5min, 300 g). The
supernatant was aspired off, and the cells were resuspended
in PBS with 0.5% (wt/vol) BSA (Sigma-Aldrich). The cells
were equally divided into aliquots (i.e., 250,000 cells/aliquot).
FITC-, Alexa488-, Alexa647-, or PE-conjugated monoclonal
antibodies, i.e., against CD105, CD45 (Exbio Praha), CD90
(BD Biosciences), CD73, CD146, CD31 (BioLegend), CD29
and CD34 (Invitrogen), were added separately into aliquots.
The aliquots were incubated with the antibodies for 30
minutes at 4°C in dark conditions. Next, the stained cells
were washed three times with PBS with 0.5% (wt/vol) BSA
and were analysed with the Accuri C6 Flow Cytometer Sys-
tem (BD Biosciences). In each aliquot, 20,000 events were
recorded for each CD surface marker.

2.7. Microscopy Techniques. Phase-contrast microscopy was
used to visualise the process of attachment, spreading, and
growth in native ADSCs after isolation (passage 0). The
immunofluorescence staining of CD surface markers was
performed on native adhering ADSCs (passage 2) using PE-
CD90 (BD Science) and Alexa488-CD29 (Invitrogen) anti-
bodies. Cell nuclei in native cells were counterstained with
Hoechst 33342 (Sigma-Aldrich) for 30 minutes at room tem-
perature in the dark. Olympus microscope IX71 (objective
magnification 10x or 20x) was used to take representative
images.

2.8. Statistical Analysis. First, to evaluate the significance of
different negative pressures, the observed data (i.e., initial cell
yields, later cell numbers, and mitochondrial activity) were
presented as the ratio of low-pressure cells to high-pressure
cells for each donor. The Mann-Whitney Rank Sum test
was used to test the equality of the medians of the ratios on
different days of the experiment. Second, an unpaired two-
sample t-test (for parametric data) or a Mann-Whitney Rank
Sum test (for nonparametric data) was used to test the signif-
icance of the differences between the outer thigh area and the
abdomen area. The inner thigh region was not statistically
compared with other harvesting sites due to a relatively small
group of samples (i.e., from only 3 patients). All the mea-
sured data were tested for normality according to the
Kolmogorov-Smirnov test. Data which showed a Gaussian
distribution are expressed as mean ± SD. However, due to
the small sample size and the wide dispersion among the
donors, some of the data did not show a Gaussian distribu-
tion. The nonparametric data are expressed as the median
and the interquartile range (IQ range). The statistical analysis
was performed using SigmaStat Software (Systat Software
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Inc., USA); p < 0:001 (for flow cytometry) or p < 0:05 (for all
other methods) was considered statistically significant. The
plots were generated in R (programming language).

3. Results

3.1. Growth of Cells after Isolation and Cell Yields. In passage
0, we observed slight differences in the range of cell adhesion
and growth among the cells harvested from various donors.
However, the cells from all donors usually reached 70% or
80% confluence by day 10. Figure 1 shows representative
images of the process of adhesion and growth in ADSCs after
isolation from the same patient. On day 1 after isolation, the
number of attached cells per 1mL of lipoaspirate was
counted in each sample. The ratio of attached low-pressure
cells to attached high-pressure cells for each donor showed
a median level near to 1.0 for the outer thigh region,
which means a similar number of attached cells for both
pressures (Figure 2(a)). However, the median level of this
ratio (0.79) was significantly lower for the abdomen region
(Figure 2(a)) which indicates higher cell yields from high-
pressure lipoaspirates from this harvesting site. We observed
a significantly 2-fold or 3-fold higher number of attached
cells from the outer thigh region than from the abdomen
region (Figure 2(b)). The inner thigh region was not statisti-
cally compared with other harvesting sites due to the rela-
tively small group of samples.

3.2. Cell Number. The number of cells obtained from the cor-
responding areas of the abdomen or the thigh under low neg-
ative pressure and under high negative pressure for the same
donor was measured on days 1, 3, and 7. The ratio of the
number of low-pressure cells to the number of high-
pressure cells on a specific day of the culture from each donor
showed median levels near to 1.0 in cells from the inner
thigh, outer thigh, and abdomen areas (Figure 3). There were
no statistical differences in cell numbers between the outer
thigh and abdomen areas on days 1 and 3 (Figure 4). When
the groups of cells from the inner thigh and the outer thigh
were evaluated together, we observed higher cell number
in thigh ADSCs than in abdomen ADSCs (p = 0:048) on
day 7 (Figure 4).

3.3. Doubling Time. The doubling time was calculated
between days 1 and 3 (i.e., 48 hours of cell culture). There
were similar median values in all sample groups, from
24.99 hours (low abdomen) to 28.65 hours (high inner thigh)
(Figure 5). No significant differences were observed between
the sample groups.

3.4. Viability and Diameter. No significant differences were
found in the viability of the cells, measured by the trypan blue
exclusion test, on day 1 (from 88.0% for low abdomen to
93.6% for low outer thigh), on day 3 (from 93.5% for high
abdomen to 96.6% for high outer thigh), and on day 7 (from
90.3% for high inner thigh to 95.9% for high outer thigh)
(Table 2). We observed significantly larger diameter of outer
thigh ADSCs than of abdomen ADSCs (p = 0:038) on day 1.
However, no significant differences in diameter were
observed on day 3 and on day 7 (Table 3).

3.5. Cell Mitochondrial Activity. The activity of mitochon-
drial enzymes in ADSCs, considered as an indirect indicator
of cell proliferation activity, was measured on days 3 and 7
after seeding. The ratio of the mitochondrial activity of the
low-pressure cells to the mitochondrial activity of the high-
pressure cells on a specific day of the culture from each donor
revealed median levels near to 1.0 in cells from the inner
thigh, outer thigh, and abdomen areas, and no significant dif-
ferences were observed between the low-pressure cells and
the high-pressure cells (Figure 6). Similarly, there were no
significant differences in the mitochondrial activity of cells
from different donor sites on day 3 (Table 4). On day 7, we
observed a tendency toward lower mitochondrial activity of
inner thigh ADSCs than of other harvesting sites; however,
no statistical analysis was performed due to the relatively
small sample size.

3.6. Flow Cytometry. The percentage of cells positive for typ-
ical markers of mesenchymal stromal cells, i.e., CD105,
CD90, CD73, and CD29, was very high in ADSCs obtained
from all tested sources. No significant differences were found
in the presence of these markers in cells obtained from
lipoaspirates taken at different negative pressures and from
different harvesting sites (Table 5). However, slightly lower
and more variable values were obtained in abdomen-
derived ADSCs. Representative images of CD90 and CD29
immunostaining are shown in Figure 7(b). We also observed
variability in the percentage of CD146+ cells among the
donors (from 3.9% in low inner thigh and low outer thigh
to 10.9% in low abdomen) (Figure 7(a)). This variability
was slightly higher in ADSCs from the abdomen area and
was not dependent on negative pressure. The percentage of
cells bearing hematopoietic and endothelial cell markers,
namely, CD45, CD34, and CD31, was very low and showed
no significant differences between cells obtained at different
negative pressures and from different donor sites (Table 5).

4. Discussion

A set of experiments was performed to reveal the influence of
negative pressure and harvesting site on the characteristics of
isolated ADSCs from a number of donors. For future use in
tissue engineering, we were mainly interested in significant
differences in the basic adhesion and growth characteristics
of ADSCs in passages 1 and 2 after isolation. Our study pro-
vided an opportunity to compare isolated cells from the same
topographic area that had been harvested under low negative
pressure and under high negative pressure from each donor.
In passage 0, we observed slight differences in the rate of
attachment and spreading and in the growth of the ADSCs
of the donors after the cells had been isolated. These initial
interdonor differences may have been caused by differences
in ADSC frequency in the obtained SVF cells. Varying fre-
quencies of ADSCs, determined by a colony-forming unit
assay and/or by a limiting dilution assay, have been found
in the adipose tissue harvested from various donor sites
[12] or when different harvesting procedures are used [21].
Specifically, Jurgens et al. observed significantly higher fre-
quency of ADSCs isolated from adipose tissue harvested
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from the abdomen region than from the hip/thigh region
[12]. Oedayrajsingh-Varma et al. observed a significantly
higher frequency of ADSCs isolated from adipose tissue
obtained by resection and tumescent liposuction than from
tissue obtained by ultrasound-assisted liposuction [21]. In
those studies, the absolute number of nucleated cells in the
harvested adipose tissue and the number of viable cells in
the stromal vascular fraction were not affected by the ana-
tomical site or by the type of surgical procedure. However,

in other studies, the anatomical site did have an influence
on the total SVF and on the ADSC yields. Iyyanki et al.
observed significantly higher total SVF yields from the
abdominal harvesting site than from the flank and axilla har-
vesting sites; however, the ADSC yields did not differ signif-
icantly [18]. In a study by Fraser et al., the abdomen-
adipocyte yield was 1.7-fold higher than the hip-adipocyte
yield, and the adipocyte yields displayed large donor-to-
donor variabilities [22]. However, neither the nucleated cell

Low thigh High thigh Low abdomen High abdomen

Day 2

Day 5

Day 7

Figure 1: The process of attachment, spreading, and growth in ADSCs from the same patient on days 2, 5, and 7 after isolation. The ADSCs
were isolated from the inner thigh area and from the abdomen area, under low negative pressure (-200mmHg) and under high negative
pressure (-700mmHg). Passage 0. Scale bar 200 μm. Representative images are shown.
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Figure 2: Cell yields counted from the number of initially attached cells. (a) The ratio of the number of low-pressure cells to the number of
high-pressure cells for each donor on day 1 after isolation; passage 0. p < 0:05 (∗) is for harvesting area (outer thigh vs. abdomen)
significance testing. (b) The number of attached cells per 1mL of lipoaspirate; passage 0. p < 0:05 (∗) is for harvesting area significance
testing (outer thigh vs. abdomen). The inner thigh region was not statistically compared to the outer thigh and abdomen regions due
to the relatively small sample size.
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yields nor the preadipocyte yields differed significantly [22].
A large range of ADSC yields among donors was also
observed, and no statistical differences were found between
the abdomen, the thigh, and the mammary areas [21]. By
contrast, our study showed a potential influence of harvesting
site, as we observed a higher number of attached cells per
1mL of lipoaspirate for the outer thigh area than for the
abdomen area on day 1 after isolation in in vitro culture. Dif-
ferent results concerning the influence of harvesting site on
cell yields might be obtained because of the differences in
the target cell populations being studied in different papers.
For plastic surgery purposes, the cell yields of all nucleated
cells, adipocytes, preadipocytes, and SVF are also a subject
of interest. However, tissue engineering focuses more on
the yields of adherent ADSCs that can be further proliferated
and/or differentiated.

The total number of harvested cells can also be influ-
enced by the level of negative pressure used during the
liposuction procedure. In a study by Mojallal et al., a
lower negative pressure (-350mmHg) during liposuction
resulted in higher SVF yields than a higher negative pres-
sure (-700mmHg) [10]. Similarly, in a more recent study
by Cheriyan et al., higher counts and higher viability of
adipocytes were found in lipoaspirates obtained at a lower
negative pressure (-250mmHg) than at a higher negative
pressure (-760mmHg) [23]. However, each of these stud-
ies was performed on three patients only. In our study,
the number of attached cells after the isolation was similar
for low- and high-pressure cells from the outer thigh
region, whereas the abdomen region was characterised by
initial higher cell yields of attached cells for high pressure.

Although the initial SVF yields, adipocyte yields, and
ADSC frequency in lipoaspirates can vary, later differences
during in vitro ADSC culturing were of particular interest
to us. Our study was focused on the number, the mitochon-
drial activity, and the viability of the ADSCs in subsequent

passaging. We observed similar cell numbers and mitochon-
drial activity independently of low- and high-negative pres-
sure for a specific region. This means that the subsequent
proliferation of ADSCs was not affected by the negative pres-
sure used during the liposuction procedure. Chen et al.
observed initial higher proliferation activity (assessed by Cell
Counting Kit-8) in lower negative pressure SVF cells than in
higher negative pressure SVF cells from the abdominal area
in passages 1 and 2 [11]. However, these significant differ-
ences did not appear in passage 3 [11]. Similarly, our results
could also provide support for the theory that the differences
in proliferation activity between low-pressure cells and high-
pressure cells become less noticeable after passaging during
in vitro cultivation. Interestingly, other researchers have
reported that different apparatuses and different levels of
negative pressure during liposuction do not influence the
percentage and the viability of adipocytes and isolated mes-
enchymal stromal cells [9]. The discrepancies among the
comparative studies may also have arisen because different
cell populations were being studied. That is, negative pres-
sure techniques may have a bigger effect on adipocytes, due
to their bigger size, while they may have only a minimal effect
on smaller cells, including progenitor cells [22]. It is therefore
necessary to consider carefully which types of cells from adi-
pose tissue are to be harvested and used. In our study, the
outer thigh ADSCs were bigger in diameter in the cell sus-
pension on day 1 after seeding than the abdomen ADSCs.
However, the cells were of similar diameters on days 3 and 7.

The function and the representation of cell types in adi-
pose tissue vary among the topographic regions. Preadipo-
cytes and ADSCs obtained from subcutaneous, mesenteric,
omental, or intrathoracic fat depots display distinct expres-
sion profiles and differentiation capacity [24, 25]. Subcutane-
ous fat depots are easier to obtain than other fat depots.
Although the morphology of subcutaneous and visceral fat
did not differ significantly, the harvested subcutaneous
ADSCs displayed significantly higher cell numbers, a shorter
doubling time, and higher CD146 expression than for vis-
ceral ADSCs in later passages [26]. Moreover, within the sub-
cutaneous depots, superficial depots seem to have better
stemness and multipotency characteristics of the cells than
deep subcutaneous depots [27]. Until now, the harvesting site
of fat depots has usually been selected on the basis of actual
need or choice. However, the particular anatomic source of
adipose tissue harvesting can play a role in further recon-
structive surgery and cell-based therapies. The cells from dif-
ferent fat depots express different homeobox (Hox) genes.
This supports the idea that they are of different embryonic
origin, and so the donor and the host adipose tissue sites need
to be carefully matched [28]. Kouidhi et al. compared the
gene expression of human knee ADSCs with chin ADSCs
[29]. They found more enhanced expression of Pax3 (i.e., a
neural crest marker) in chin ADSCs than in knee ADSCs,
whereas the expression of most of the Hox genes that are typ-
ical for the mesodermal environment was higher in knee
ADSCs than in chin ADSCs. In later passages, chin ADSCs
also displayed higher self-renewal potential [29]. In our
study, we obtained similar numbers and similar viability of
ADSCs from the inner thigh area, the outer thigh area, and
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Figure 3: The influence of negative pressure on the number of
ADSCs. The ratio of the number of low-pressure cells to the
number of high-pressure cells for each donor. The measurements
were performed on ADSCs from the inner thigh (n = 3) area, from
the outer thigh (n = 7) area, and from the abdomen (n = 9) area on
day 1 (1D), day 3 (3D), and day 7 (7D); passage 2. No significant
differences among the groups were observed.
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Figure 4: The number of ADSCs. The ADSCs were harvested under low pressure and under high pressure from the inner thigh area, the outer
thigh area, and the abdomen area. Days 1, 3, and 7; passage 2. On day 7, the thigh ADSCs (i.e., inner thigh+outer thigh) reached significantly
higher (p = 0:048) cell numbers than the abdomen ADSCs. p < 0:05 (∗) is for harvesting area significance testing.
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Figure 5: Population doubling time. Population doubling time of low-pressure ADSCs and high-pressure ADSCs from the inner thigh (n = 3)
area, from the outer thigh (n = 7) area, and from the abdomen (n = 9) area. No significant differences were observed among the groups
investigated here.

Table 2: The viability of ADSCs. The viability of ADSCs harvested under low pressure and under high pressure from the inner thigh area,
from the outer thigh area, and from the abdomen area on days 1, 3, and 7 in passage 2. No significant difference was observed between
the outer thigh and the abdomen harvesting sites. The inner thigh region was not statistically compared to the outer thigh and abdomen
regions due to the relatively small sample size.

Group of cells Viability of ADSCs (%)
Day 1 Day 3 Day 7

Median IQ range Median IQ range Median IQ range

Low I thigh 91.7 90.5-94.6 96.2 93.1-96.5 93.2 92.7-95.8

High I thigh 91.9 89.9-93.2 94.8 92.7-95.3 90.3 88.6-94.6

Low O thigh 93.6 84.8-95.8 93.8 91.2-96.5 95.2 89.4-96.9

High O thigh 93.5 80.7-94.5 96.6 94.3-97.3 95.9 95.6-97.0

Low abdomen 88.0 87.5-90.0 94.6 90.8-95.3 94.8 91.7-97.1

High abdomen 92.4 90.3-93.7 93.5 92.4-95.0 95.2 93.2-97.0

8 Stem Cells International



the abdomen area on days 1 and 3. Thus, our results are in
accordance with studies by other researchers, in which simi-
lar growth kinetics were found in ADSCs from the abdomen
area and from the hip/thigh area [12, 30]. However, with sim-
ilar cell numbers on days 1 and 3, we observed a tendency of
thigh ADSCs (inner thigh+outer thigh) to reach higher
values than abdomen ADSCs on day 7 (p = 0:048). It there-
fore seems that there may be a significant difference in later
cell numbers between the harvesting sites for most of the
patients included in our study, though we observed large var-
iation among the donors. Interestingly, we also observed a
tendency toward lower mitochondrial activity of inner thigh

ADSCs than of outer thigh ADSCs and abdomen ADSCs on
day 7. These results may correspond with the slightly higher
cell numbers of inner thigh ADSCs on day 7, when the cells
have already reached confluence and have reduced their pro-
liferation activity. However, the smaller number of inner
thigh ADSC samples than in the case of other groups (i.e.,
outer thigh ADSCs and abdomen ADSC) may also have
affected the results. The harvesting site can also influence
the colony-forming unit (CFU) in isolated ADSCs. Fraser
et al. observed that the CFU was higher in hip ADSCs than
in abdomen ADSCs [22]. This finding could be in accordance
with a higher proliferation rate of hip/thigh ADSCs in later
time intervals of the culture [22].

During our experiments, we observed a nonparametric
distribution of the donors’ data. The interdonor variabilities
that were not dependent on the harvesting site or on negative
pressure may have been caused by other donor factors. Age
and BMI are other factors known to play a considerable role
in SVF and ADSC yields and characteristics [19]. However,
research findings regarding the influence of age and BMI
on ADSC yields are often contradictory [31–33]. For exam-
ple, in the study by de Girolamo et al., the cellular yield of
ADSCs was significantly greater from older patients than
from younger patients [31], while in the study by Faustini
et al., the patient’s age seemed not to influence the cell yield
[32]. Significant donor-to-donor variability has also been
reported in multilineage differentiation capacity, self-
renewal capacity, and immunomodulatory cytokine secre-
tion [34]. Although some of these variabilities can be
explained by a medical history of breast cancer and subse-
quent treatment, there were also significant differences
among donors who had not been diagnosed with cancer
[34]. Atherosclerosis is another donor factor which can alter
the secretome and reduce the immunomodulatory capacity
of ADSCs due to impaired mitochondrial functions [35]. In
addition, the ADSCs isolated from patients with renovascular
disease exhibited a higher level of DNA damage and lower
migratory capacity than ADSCs from healthy donors [36].
In another study, ADSCs isolated from patients suffering

Table 3: The diameter of ADSCs. The diameter of ADSCs was
measured using the Vi-CELL XR Cell Counter on days 1, 3, and 7;
p < 0:05 (∗) is for harvesting area significance testing (i.e., outer
thigh and abdomen). The inner thigh region was not statistically
compared to the outer thigh and abdomen regions due to the
relatively small sample size.

Group of cells Diameter of ADSCs (microns)
Day 1 Day 3 Day 7

Mean ± SD Mean ± SD Mean ± SD
Low I thigh 16:76 ± 0:74 14:67 ± 0:13 12:55 ± 0:38

High I thigh 15:73 ± 0:39 14:92 ± 0:26 12:91 ± 1:18

Low O thigh

⁎

16.32± 0.82 14:71 ± 1:46 12:97 ± 0:49

High O thigh 17.04± 0.80 14:52 ± 1:10 13:77 ± 0:68

Low abdomen 15.67± 1.33 14:52 ± 1:48 13:39 ± 0:87

High abdomen 15.70± 1.27 14:93 ± 1:43 13:86 ± 1:10
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Figure 6: The influence of negative pressure on the mitochondrial
activity of ADSCs. The ratio of the mitochondrial activity of low-
pressure cells to the mitochondrial activity of high-pressure cells
obtained for each donor. The measurements were performed on
ADSCs from the inner thigh (n = 3) area, from the outer thigh
(n = 7) area, and from the abdomen (n = 9) area on day 3 (3D)
and on day 7 (7D). No significant differences among the observed
groups were observed.

Table 4: The cell mitochondrial activity of ADSCs. The cell
mitochondrial activity of ADSCs measured on days 3 and 7. No
significant difference was observed between the outer thigh and
the abdomen harvesting sites. The inner thigh region was not
statistically compared to the outer thigh and abdomen regions due
to the relatively small sample size.

Group of cells
Cell mitochondrial activity

(absorbance)
Day 3 Day 7

Mean ± SD Mean ± SD
Low I thigh 0:38 ± 0:25 0:41 ± 0:22

High I thigh 0:34 ± 0:29 0:41 ± 0:31

Low O thigh 0:53 ± 0:17 0:69 ± 0:14

High O thigh 0:52 ± 0:24 0:62 ± 0:10

Low abdomen 0:51 ± 0:25 0:71 ± 0:29

High abdomen 0:47 ± 0:24 0:69 ± 0:29
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from scleroderma, an autoimmune connective tissue disease,
showed a lower proliferation rate and lower migration capac-
ity than in the control ADSCs from healthy donors [37].

Many papers have reported on various donor-to-donor
factors that have a potential impact on the characteristics of
mesenchymal stromal cells. In addition, it seems that there
are many cell-to-cell variations within the same donor. This
cell-to-cell heterogeneity can be manifested both in vitro
and in vivo by interclonal functional and molecular variation,
e.g., variable differentiation capacity, existing fast-growing
and slow-growing clones, and other differences in proteome
and transcriptome [38]. The percentage of various clones in
MSCs develops and changes during cell passaging. Even

within a single MSC clone, there is a growing body of evi-
dence that the intraclonal heterogeneity alters cell behaviour
and characteristics [38].

In most of the donors, we proved a high level of positivity
of the isolated cells for CD105, CD90, CD73, and CD29
(>80% in ADSCs) and a low level of positivity or absence of
CD45, CD31, and CD33 (≤2% in ADSCs), according to the
guidelines for characterizing ADSCs [39]. We observed no
significant differences in the presence of CD markers
depending on negative pressure or on harvesting site. Our
results are in accordance with those reported by other
researchers, who have found no differences in CD markers
in SVF harvested from different sites [12, 14, 30]. In another

Table 5: The percentage of CD surface markers in ADSCs. The percentage of CD105-, CD90-, CD73-, CD29-, CD146-, CD45-, CD31-, and
CD34-positive ADSCs. No significant difference was observed between the outer thigh and the abdomen harvesting sites. The inner thigh
region was not statistically compared to the outer thigh and abdomen regions due to the relatively small sample size.

Group of cells

CD markers (% positive cells)

CD105 CD90 CD73 CD29

Median IQ range Median IQ range Median IQ range Median IQ range

Low I thigh 99.9 99.2-99.9 99.5 99.5-99.7 99.9 99.8-100 99.8 99.2-100

High I thigh 99.9 94.1-99.9 99.6 99.3-99.8 99.9 99.9-100 99.8 99.8-100

Low O thigh 99.9 98.3-100 99.6 99.2-99.9 100 99.9-100 99.8 99.8-100

High O thigh 99.9 96.2-99.9 99.6 99.2-99.9 100 99.9-100 99.9 99.8-100

Low abdomen 99.5 82.3-99.9 99.4 97.5-99.8 99.8 99.6-99.9 99.6 90.5-99.8

High abdomen 98.9 89.1-99.8 99.5 97.3-99.8 99.8 99.6-99.9 99.6 95.1-99.8

Group of cells

CD markers (% positive cells)

CD146 CD45 CD31 CD34

Median IQ range Median IQ range Median IQ range Median IQ range

Low I thigh 3.9 2.9-4.5 4.3 3.9-4.7 0.5 0.3-1.0 0.4 0.3-0.7

High I thigh 6.0 2.5-7.4 3.3 2.9-4.0 0.8 0.4-1.0 0.8 0.4-1.7

Low O thigh 3.9 1.3-5.2 1.8 1.5-6.9 0.5 0.2-0.7 1.1 0.4-6.3

High O thigh 5.4 2.7-24.6 1.8 1.1-12.6 0.6 0.1-2.4 0.9 0.3-6.1

Low abdomen 10.9 3.4-35.4 5.2 4.5-7.5 0.3 0.2-0.5 1.0 0.5-1.6

High abdomen 4.7 2.6-28.5 4.1 3.1-5.4 0.4 0.2-1.0 0.9 0.5-1.7
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Figure 7: (a) The percentage of CD146-positive cells in each group of cells. No significant differences among the harvesting sites were
observed. (b) The immunofluorescence staining of CD29 and CD90 in ADSCs. Cell nuclei are counterstained with Hoechst 33342.
Olympus microscope IX71. Scale bar 200 μm (CD29) and 100 μm (CD90).
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study, the presence of pericytes, progenitor endothelial cells,
preadipocyte cells, and mesenchymal cells in SVF was not
influenced by different negative pressures [9]. In addition,
in the study by Chen et al., where higher negative pressure
had a negative influence on yields, on growth, and on the
secretion of growth factors, no differences in CD markers
were found [11]. Interestingly, we observed variability in
the presence of CD146 among the donors. The presence of
CD146+ cells in subcutaneous depots was also not negligible
in a study by Lee et al. [26]. CD146 positivity can be a sign of
pericytes. Pericytes are cells in contact with small vessels in
the adipose tissue, and they are also present in the harvested
SVF [40]. The origin of the pericyte is not the only possible
explanation. For a review of other theories explaining the
presence of CD146, see [41]. In MSCs, high expression of
CD146 is associated with a commitment towards vascular
smooth muscle cell lineage [42]. This commitment could be
interesting for vascular tissue engineering, when differentiat-
ing ADSCs towards vascular smooth muscle cells is required.
CD146+ cells in combination with human umbilical vein
endothelial cells (HUVECs) were also reported to support
the formation and the elongation of capillary-like tubular
structures [26]. Lee et al. also observed greater proliferation
of CD146+ cells than of CD146- cells; however, the percent-
age of CD146+ cells in an ADSC culture decreased with sub-
sequent subculturing [26]. It seems that the CD146
expression among ADSCs is relatively heterogeneous and
could play an important role in potential specific tissue engi-
neering applications. The presence of other hematopoietic
and endothelial cell markers (e.g., CD34, CD45, and CD31)
can influence future therapies using SVF or ADSCs. The
optimal ratio of ADSCs and hematopoietic stem cell progen-
itors in isolated SVF defined by specific CD surface markers
seems to be the key for successful stem cell therapies [43].

4.1. Limitation. The first limitation of our study is the rela-
tively small sample size, with uneven numbers of samples
from each donor site (i.e., inner thigh (n = 3), outer thigh
(n = 7), and abdomen (n = 9)). Due to the smallest sample
size of inner thigh ADSCs, we did not make a statistical com-
parison between this group of cells and outer thigh ADSCs or
abdomen ADSCs. A greater number of donors would be
desirable. However, we assume that for ADSC characteriza-
tion under in vitro culture conditions and for later tissue
engineering purposes, the sample size is sufficient.

The second limitation of the study is that it was primarily
focused on negative pressure and on the harvesting site and
not on other patient factors, such as age, gender, or BMI;
these other characteristics were therefore not completely uni-
form among the donors. Nevertheless, the studied groups
showed similar age and BMI parameters with normal data
distribution.

The third limitation of the study is that it was focused on
the later use of ADSCs in tissue engineering. Therefore, we
characterized only the fraction of isolated ADSCs that
adhered to the plastic culture flasks. The yields of ADSCs
were counted after they had adhered to the flasks, and their
characteristics (cell proliferation, flow cytometry analysis of
surface markers) were studied in subsequent passages. No

other cell types (i.e., adipocytes or all nucleated cells) were
analysed in this study with respect to their yields or their via-
bility. The conclusions concerning the influence of negative
pressure and harvesting site therefore refer only to plastic-
adherent ADSCs.

To characterize the ADSCs in in vitro culture conditions,
we chose passage 1 and passage 2 depending on specific anal-
yses. These passages were the same for all analysed ADSCs.
However, the growth dynamics of the cells is known to vary
from passage to passage, and this variability can also be spe-
cific in each isolated ADSC population.

5. Conclusion

In our study, we observed a significantly higher number of
initially attached cells per 1mL of lipoaspirate for the outer
thigh region than for the abdomen region on day 1 after iso-
lation. Different negative pressure was not the key determi-
nant factor for cell yields of the outer thigh region, whereas
high negative pressure had a positive influence on the cell
yields of the abdomen region. However, for the subsequent
culturing, no significant relationship was identified between
the characteristics of isolated ADSCs and the level of negative
pressure used during liposuction. In addition, the harvesting
site influenced the ADSCs only mildly in some parameters on
specific days of the culture (i.e., diameter on day 1). In gen-
eral, no significant influence of the harvesting site was
observed on the cell number, mitochondrial activity, viabil-
ity, diameter, or on the presence of CD markers. These thigh
ADSCs reached a higher cell number than for abdomen
ADSCs on day 7 only in cases where cells from the inner
thigh and outer thigh areas were evaluated together. How-
ever, we observed donor-to-donor variability in initial adhe-
sion, in absolute cell numbers, and in the expression of some
CD markers. Thus, our results could suggest that donor-to-
donor differences may be affected not only by the harvesting
site and by negative pressure but also by other factors. For
subsequent in vitro culturing and use in tissue engineering,
it seems that the harvesting site and the level of negative pres-
sure do not have a crucial or limiting effect on basic ADSC
characteristics. Nevertheless, it is necessary to make a thor-
ough investigation of the area from which ADSCs are to be
harvested and the specific liposuction procedure that is to
be used, with reference to the purpose for which the adipose
tissue is being harvested.
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A B S T R A C T

Stem cells can be defined as units of biological organization that are responsible for the development and the
regeneration of organ and tissue systems. They are able to renew their populations and to differentiate into
multiple cell lineages. Therefore, these cells have great potential in advanced tissue engineering and cell
therapies. When seeded on synthetic or nature-derived scaffolds in vitro, stem cells can be differentiated towards
the desired phenotype by an appropriate composition, by an appropriate architecture, and by appropriate
physicochemical and mechanical properties of the scaffolds, particularly if the scaffold properties are combined
with a suitable composition of cell culture media, and with suitable mechanical, electrical or magnetic stimu-
lation. For cell therapy, stem cells can be injected directly into damaged tissues and organs in vivo. Since the
regenerative effect of stem cells is based mainly on the autocrine production of growth factors, im-
munomodulators and other bioactive molecules stored in extracellular vesicles, these structures can be isolated
and used instead of cells for a novel therapeutic approach called “stem cell-based cell-free therapy”. There are
four main sources of stem cells, i.e. embryonic tissues, fetal tissues, adult tissues and differentiated somatic cells
after they have been genetically reprogrammed, which are referred to as induced pluripotent stem cells (iPSCs).
Although adult stem cells have lower potency than the other three stem cell types, i.e. they are capable of
differentiating into only a limited quantity of specific cell types, these cells are able to overcome the ethical and
legal issues accompanying the application of embryonic and fetal stem cells and the mutational effects associated
with iPSCs. Moreover, adult stem cells can be used in autogenous form. These cells are present in practically all
tissues in the organism. However, adipose tissue seems to be the most advantageous tissue from which to isolate
them, because of its abundancy, its subcutaneous location, and the need for less invasive techniques. Adipose
tissue-derived stem cells (ASCs) are therefore considered highly promising in present-day regenerative medicine.

1. Introduction

The need to replace or regenerate damaged tissues is ever-in-
creasing, due to age-related and other degenerative diseases, tumors,
trauma and congenital defects. The first choice in regenerative therapy
is to reconstruct damaged tissues using differentiated cells obtained by
biopsy, expanded in vitro and seeded on appropriate scaffolds, made of
artificial and/or natural materials. Differentiated cells have the correct
phenotype for a given application, and perform desired biological
functions, e.g. they produce the extracellular matrix (ECM) in correct
organization, secrete specific signaling molecules, and interact properly

with neighboring cells and tissues. However, the usage of differentiated
cells in tissue engineering applications is often limited by low quantity
of the harvested cells and by their low proliferation potential while they
are expanding in vitro. This is particularly true in aged and polymorbid
patients, who especially need regenerative therapies (for a review, see
Ikada, 2006; Shekkeris et al., 2012). Although some organs, e.g. the
liver, have a high regenerative capacity in vivo, the cultivation and
expansion of cells from these organs may be complicated in vitro (for a
review, see Atala, 2005).

Advanced regenerative therapies are therefore concentrated on stem
cells, which can be used (1) for direct application to damaged sites, i.e.
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for cell therapy, or (2) for tissue engineering, using appropriate scaf-
folds as carriers for these cells. The application of stem cells is con-
sidered to be more advantageous than the use of differentiated cells,
because stem cells can be obtained more easily and in larger quantities,
have a much higher proliferation capacity, withstand more passages,
undergo senescence later, can be differentiated into a wide range of
desired cell phenotypes, and also support the vascularization of scaf-
folds (for a review, see Shekkeris et al., 2012; Zhang et al., 2012;
Mizuno et al., 2013).

Stem cells can be defined as units of organization of biological
systems that are responsible for the regeneration and development of
organs and tissues. These cells can also be considered as units of evo-
lution via natural selection. Stem cells are undifferentiated cells with
clonogenic potential that are capable of self-renewal and differentiation
into multiple cell lineages (Weissman, 2000; Weissman, 2015; Dulak
et al., 2015). In tissue engineering in vitro, this differentiation can be
induced by growing the cells on scaffolds with an appropriate compo-
sition, architecture, physicochemical and mechanical properties. For
example, coating the growth supports with laminin and vitronectin
enhanced the differentiation of murine cardiovascular progenitor cells
(i.e., cells obtained by differentiation of stem cells from mouse em-
bryos) towards endothelial cells, while coating with fibronectin sup-
ported differentiation towards vascular smooth muscle cells (Gluck
et al., 2014). The three-dimensional architecture of nanofibrous scaf-
folds fabricated from poly(ε-caprolactone), i.e. PCL, stimulated the
differentiation of mesenchymal stem cells (MSCs), obtained from the
bone marrow of miniature pigs, into osteoblasts more successfully than
2D nanofibrous PCL scaffolds (Rampichova et al., 2013). Chondrogenic
differentiation of stem cells obtained from the adipose tissue of rats
(ASCs) was controlled by the hydrophilicity of PCL scaffolds, adjusted
by blending PCL with a triblock copolymer of PCL-polytetrahydrofuran-
PCL (Vaikkath et al., 2016). In chitosan-based scaffolds, the osteogenic
differentiation of ASCs was negatively correlated with the scaffold
porosity, i.e. it was the highest at the lowest porosity of 10%
(Ardeshirylajimi et al., 2018).

The stiffness of the scaffolds has also been shown to be an important
regulator of stem cell differentiation. On very soft collagen-coated
polyacrylamide gels (elastic modulus from 0.1 to 1.0 kPa), having me-
chanical characteristics similar to those of brain tissue, MSCs derived
from the bone marrow differentiated towards neurons. On stiffer gels
(elastic modulus from 8 to 17 kPa), mimicking the muscle tissue, the
cells became myogenic, and on the stiffest matrices (elastic modulus
from 25 to 40 kPa), the cells differentiated towards osteoblasts (Engler
et al., 2006; for a review, see Bacakova et al., 2011). Similar results
were also achieved with human umbilical cord stem cells cultivated on
collagen-coated polyacrylamide gels of varied stiffness (Witkowska-
Zimny et al., 2012). The substrate stiffness was also decisive for the
differentiation of ASCs towards adipocytes or osteoblasts. On poly-
dimethylsiloxane substrates, softer matrices supported adipogenic cell
differentiation, while the stiffer matrices were beneficial for osteogenic
cell differentiation, associated with a higher expression of the Ras
homolog family member A (RhoA), Rho associated coiled coil con-
taining protein kinase 2 (ROCK-1/-2), and proteins involved in the
Wnt/β-catenin signaling pathway (Zhang et al., 2018a). In crosslinked
hyaluronan hydrogel substrates, the matrix stiffness also markedly in-
fluenced the chondrogenic potential of ASCs (Teong et al., 2018).

Another important factor is a suitable composition of the cell cul-
tivation media, especially the presence of specific growth factors and
other biomolecules in this media. For example, differentiation of stem
cells towards endothelial cells requires the supplementation of vascular
endothelial growth factor (VEGF) (Colazzo et al., 2014; for a review, see
Dan et al., 2015). Vascular smooth muscle cell differentiation was sti-
mulated by the presence of transforming growth factor-β (TGF-β) (Park
et al., 2013a; for a review, see Dan et al., 2015), neurogenic differ-
entiation was stimulated by the presence of forskolin and valproic acid
(New et al., 2015), and osteogenic cell differentiation by the presence of

β-glycerol phosphate, ascorbic acid, dexamethasone (Juhasova et al.,
2011; Tirkkonen et al., 2013) and dihydroxyvitamin D3 (Olivares-
Navarrete et al., 2012; Logovskaya et al., 2013).

The third important factor promoting the differentiation of stem
cells in vitro towards a desired phenotype is mechanical stimulation,
mimicking the load to which the cells are exposed under physiological
conditions in vivo. For example, the differentiation of stem cells towards
endothelial cell phenotype is stimulated by laminar shear stress (Fischer
et al., 2009; Colazzo et al., 2014; for a review, see Dan et al., 2015),
differentiation towards smooth muscle cell phenotype is stimulated by
uniaxial cyclic strain (Lee et al., 2007; Park et al., 2012), differentiation
towards osteoblasts by vibrational stress (Prè et al., 2011) and towards
keratinocytes by pressure stress (Kobayashi et al., 2014) or by uniaxial
strain (Powell et al., 2010).

The effects of mechanical stimulation can be substituted, at least
partly, by electrical stimulation or stimulation by a magnetic field,
which has been used e.g. for differentiation of stem cells towards
neuronal cells (Jaatinen et al., 2015; Ma et al., 2016), cardiomyocytes
(Bekhite et al., 2013; Llucià-Valldeperas et al., 2015), skeletal myocytes
(Birk et al., 2014; Wan et al., 2016), endothelial cells (Sauer et al.,
2005), osteoblasts (Ross et al., 2015; Petecchia et al., 2015; Arjmand
et al., 2018), chondrocytes (Mardani et al., 2016) and tendon cells
(Gonçalves et al., 2016). In addition to these factors, which tend to be of
a physiological character, the differentiation of stem cells can also be
programmed by genetic manipulations. For example, ASCs transfected
by (sex determining region Y)-box 2 (Sox2) gene and cultured in a
neurogenic cell culture medium differentiated into neuron-like cells,
which expressed markers of neurogenic cell differentiation, e.g. genes
encoding microtubule-associated protein 2 (MAP2) and Tuj1 (class III
beta-tubulin) at mRNA and protein level (Qin et al., 2015).

In order to achieve a high level of stem cell differentiation towards a
desired phenotype, all the factors mentioned above have been applied
in various combinations, usually at least two of these factors con-
secutively (Ferroni et al., 2016) or, more frequently, at the same time
(Park et al., 2012; Birk et al., 2014; Colazzo et al., 2014; Zhang et al.,
2018a).

When stem cells are injected directly into damaged tissues and or-
gans in vivo, their regenerative effects are based mainly on the autocrine
production of a wide spectrum of bioactive molecules, e.g. growth
factors, cytokines, chemokines, antiapoptotic factors and im-
munomodulators in the form of proteins of small RNA species (Maumus
et al., 2013; Gallina et al., 2015; Kuo et al., 2016). The bioactive mo-
lecules synthesized in stem cells are stored in extracellular vesicles,
which can be collected from the media conditioned by stem cells and
administered systemically or locally into damaged tissues. This ap-
proach is referred to as stem cell-based cell-free therapy (Kupcova
Skalnikova, 2013; Baglio et al., 2015; Konala et al., 2016; Marote et al.,
2016; Prochazka et al., 2016).

The first, more general part of this review is focused on the sources
from which stem cells can be obtained, and on the potency of stem cells
from different sources, i.e., on their capability to differentiate into
specific cell types. The second, more specialized part of the review is
concentrated on ASCs, i.e. their cultivation, expansion, characteriza-
tion, differentiation and use in tissue engineering and in cell therapies,
including the shared experience of the members of the authorial team.

2. Sources and potency of stem cells

For purposes of tissue engineering and cell therapies, stem cells are
usually obtained from four basic sources. The main sources are (1)
embryonic tissue, (2) fetal tissues, such as fetus, placenta (i.e., amnion
and chorion), amniotic fluid and umbilical cord (Wharton jelly, blood),
(3) specific locations in the adult organism, e.g. fat, bone marrow,
skeletal muscle, skin or blood (for more details, see below), and (4)
differentiated somatic cells after they have been genetically repro-
grammed, i.e., iPSCs (Table 1).
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As is indicated in Table 1, these groups of stem cells are of different
potency, i.e. capability of gene activation, and they therefore vary in
the number of cell types towards which they can differentiate. Only
embryonic stem cells derived from morula are totipotent, i.e. capable of
differentiating into all types of cells present in the organism, including
placental cells (Kucia et al., 2007; Can, 2008). Embryonic stem cells
derived from blastocyst, i.e. a later stage of embryonic development,
are pluripotent, i.e. they can create any tissue in the body except the
placenta. Embryonic stem cells are identified by expressing the stage-
specific embryonic antigen (SSEA), and transcription factors Nanog
(named by Dr. Ian Chambers after a celtic legend “Tir na nOg”, i.e. Land
of Eternal Youth) and octamer-binding transcription factor-4 (Oct-4)
(Weissman, 2000; Kucia et al., 2007; Jean et al., 2013; Dulak et al.,
2015). Cells derived directly from fetus are usually multipotent, i.e.
able to differentiate only to a limited number of specialized cell types
(Chen et al., 2011; Jiao et al., 2012), although certain locations with
pluripotent cells have also been reported, e.g. testis (Kerr et al., 2008)
and lung (Hua et al., 2009). However, pluripotent cells can typically be
obtained from extrafetal tissues, particularly amnion, amniotic fluid,
chorion and umbilical cord. Cells derived from amnion and chorion
expressed SSEA-3 and SSEA-4 antigens, specific tissue-restricted anti-
gens, namely TRA- 1-60 and TRA- 1-81 (Bryzek et al., 2013), and also
Oct-4, Sox2, Nanog, Lin28 (i.e., gene encoding Lin-28 homolog A pro-
tein) and Krueppel-like factor 4 (Klf4) (Jaramillo-Ferrada et al., 2012)
which are markers of pluripotency. Markers of pluripotency were also
found in cells from amniotic fluid (Da Sacco et al., 2011) and in
Wharton jelly (Van Pham et al., 2016), while cells from umbilical blood
were rather multipotent (Jaing, 2014).

Somatic cells reprogrammed genetically are a further source of
pluripotent stem cells. They are referred to as induced pluripotent stem
cells (iPSCs). The iPSCs have typically been created by ectopic ex-
pression of four transcription factors, which was forced by viral vectors.
These transcription factors included c-Myc (cellular homolog of the
retroviral v-myc oncogene), Klf4, Sox2 and Oct3/4 (Takahashi et al.,
2007) or Sox2, Oct4, Lin28 and Nanog (Yu et al., 2007). In order to
eliminate the risk of mutation and potential tumorigenicity through
viral integration, alternative non-viral reprogramming factors (i.e., not
carrying aberrant genetic information) have been tested. These factors
include various cocktails of transcription factors, and various small-size
chemical molecules acting as inhibitors of specific signaling or epige-
netic regulators, such as valproic acid or sodium butyrate (i.e. inhibitors
of histone deacetylase), parnate (inhibitor of histone demethylase),
CHiR99021, i.e., an inhibitor of glycogen synthase kinase 3 (GSK-3), or
forskolin and D4476 (i.e., chemical “substitutes” for Oct4). Even
widely-used dietary supplements, such as vitamin C and other anti-
oxidants, have been found to improve the genomic and epigenomic

characteristics of iPSCs, when introduced into reprogramming media
(Rony et al., 2015; Singh et al., 2015). Nevertheless, the small chemical
molecules can also have adverse effects on cells and on developing
tissues, e.g. valproic acid, known to cause serious abnormalities in
embryo and fetus development. Other approaches to the creation of
iPSCs were therefore developed, such as treatment of cells with small
non-coding RNA molecules, referred to as microRNA (i.e., miRNA),
which play important roles in RNA silencing and post-transcriptional
control of the gene expression (Singh et al., 2015). Other possible
methods include nuclear transfer, i.e. transfer of the nucleus of somatic
cells into an oocyte, or even parthenogenesis of oocytes (Atala, 2005;
Kastenberg and Odorico, 2008; for a review, see Tan et al., 2014).

3. Reasons for applying adult stem cells in regenerative therapies

Adult stem cells (Table. 1) are located in practically all organs and
tissues of the adult organism, e.g. skin, brain, heart, blood vessels,
skeletal muscle, intestine, liver, kidneys, reproductive organs, adipose
tissue and bone marrow (for a review, see Ding et al., 2011; Zhang
et al., 2012; Zou et al., 2016; Visvader and Clevers, 2016; Varghese
et al., 2017), and they are also in body fluids, such as blood (including
menstrual blood; Ding et al., 2011) and urine (Schosserer et al., 2015).
Like stem cells obtained from extrafetal tissues, adult stem cells can
overcome the mutational and other adverse effects associated with
iPSCs. They are also not affected by the ethical and legal issues ac-
companying the use of stem cells obtained from human oocytes, em-
bryos and fetus (Mizuno, 2013; Nae et al., 2013; Tan et al., 2014).
Moreover, adult stem cells can be isolated and applied in autologous
form. In addition, stem cells derived from extrafetal tissues can be
isolated after the birth of an individual and stored for potential future
use, if this individual needs a regenerative therapy later in life. How-
ever, even in well-developed countries, this approach is not currently
used due to its relatively high cost, limited storage capacities, potential
loss of cell viability with time of storage, etc. These cells are therefore
more suitable for allogenous applications, i.e. as donor cells. However,
although the immunogenicity of stem cells (except that of iPSCs), is
generally considered to be low (Ong and Sugii, 2013; Patel et al., 2013),
a potential immune reaction against an allogeneic implant, and there-
fore the need for immunosuppressive therapy, cannot be excluded.
Therefore, from this point of view, adult stem cells can be considered as
the most advantageous stem cell type for the purposes of cell therapy
and tissue engineering.

Adult stem cells are usually multipotent (for a review, see Zhang
et al., 2012; Zou et al., 2016), though cells expressing markers of
pluripotency are also found among them, e.g. in bone marrow
(Jaramillo-Ferrada et al., 2012), where they are referred to as very

Table 1
Sources and potency of stem cells for regenerative therapies

Stem cells Source Potency Reference

Embryonic Morula Totipotent Kucia et al., 2007; Can, 2008
Blastocyst Pluripotent Weissman, 2000; Weissman, 2015; Kucia et al., 2007; Jean

et al., 2013; Dulak et al., 2015
Fetal Fetus Multipotent Pluripotent Chen et al., 2011; Jiao et al., 2012; Kerr et al., 2008; Hua

et al., 2009
Extrafetal tissues Placenta (amnion, chorion) Multipotent, pluripotent Bryzek et al., 2013; Jaramillo-Ferrada et al., 2012

Amniotic fluid Multipotent, pluripotent Da Sacco et al., 2011
Wharton jelly in the umbilical
cord

Multipotent, pluripotent Van Pham et al., 2016

Umbilical cord blood Multipotent Jaing, 2014; Witkowska-Zimny et al., 2012; Kargozar et al.,
2018

Adult Bone marrow mesenchymal stem cells
Other tissues and organs (adipose tissue, skin, skeletal
muscle, heart, liver, neural tissue, blood, etc.)

Multipotent, pluripotent Multipotent,
oligopotent, bipotent and unipotent

Jaramillo-Ferrada et al., 2012; Zuba-Surma et al., 2011;
Visvader and Clevers, 2016; Zou et al., 2016; Zhang et al.,
2012; Ding et al., 2011

Induced Somatic differentiated cells Pluripotent Takahashi et al., 2007; Yu et al., 2007; Tan et al., 2014; Rony
et al., 2015; Singh et al., 2015

L. Bacakova et al.



small embryonic-like stem cells (VSELs; Zuba-Surma et al., 2011).
However, some adult stem cells are oligopotent, bipotent or even uni-
potent, e.g. basal cells in the epidermis, spermatogonial stem cells and
satellite cells in skeletal muscles (Visvader and Clevers, 2016). Some
cells with limited potency are also referred to as progenitor cells. The
difference between typical stem cells and progenitor cells lies not only
in the potency of the cells, but also in the limited number of divisions of
progenitor cells and the higher level of differentiation of these cells
towards a specific cell type. Examples of progenitor cells include en-
dothelial progenitor cells (EPCs), which are promising for en-
dothelialization of blood vessel replacements in vitro (Melchiorri et al.,
2016) and particularly for spontaneous endothelialization of these re-
placements after they have been implanted in vivo. This is also referred
to as “self-endothelialization” or “in situ endothelialization”. The cap-
ture of EPCs from the blood stream, and the further growth and dif-
ferentiation of EPCs into mature endothelial cells can be achieved by
functionalization of vascular grafts with various biologically active
molecules or particles, such as oligopeptidic ligands for adhesion mo-
lecules of the integrin superfamily on EPCs (RGD, REDV or YIGSR),
growth factors (VEGF or fibroblast growth factor-2, FGF-2), antibodies
against specific molecules present on EPCs (CD 31, CD 133), nucleic
acid aptamers and peptide aptamers, and magnetic particles (for a re-
view, see Avci-Adali, 2013; Pang et al., 2015). Other examples of pro-
genitor cells are pancreatic progenitor cells, which are promising for
the treatment of type-1 diabetes mellitus (Tremblay et al., 2016), and
periosteal progenitor cells, which are able to differentiate into osteo-
blasts or chondroblasts (Huang et al., 2014). In some cells, the
boundary between stem cells and progenitor cells has not been clearly
established. These cells have therefore been referred to as stem/pro-
genitor cells, e.g. neural stem/progenitor cells, which are promising for
the treatment of Alzheimer’s disease (Tincer et al., 2016), and spinal
cord injury (Tashiro et al., 2016), and as liver stem/progenitor cells,
which are important for liver tissue regeneration (Liu et al., 2016).

4. Adipose tissue-derived stem cells

Among adult stem cells, adipose stem cells (ASCs) seem to be the
most advantageous for use in cell therapies and in tissue engineering.
The reason is that adipose tissue is available in relatively high quantity
in many patients, and due to its subcutaneous localization, it is rela-
tively easily accessible without significant donor site morbidity (Tobita
et al., 2011; Mizuno et al., 2013). In comparison with other types of
tissues in the human organism, ASCs in the adipose tissue are abundant,
so they can be isolated in large quantities. It has been reported that 500
times more stem cells can be obtained from adipose tissue than from
equal amounts of bone marrow (for a review, see Zhang et al., 2012;
Mizuno et al., 2013; Ong and Sugii, 2013).

In comparison with bone marrow mesenchymal stem cells
(BMMSCs), ASCs can be relatively easily harvested in higher quantities,
and with less discomfort and less damage to the donor site (Frölich
et al., 2014; Varghese et al., 2017). ASCs have also been reported to
undergo senescence later than BMMSCs (Kokai et al., 2014; Ding et al.,
2013), and have a higher proliferation capacity than BMMSCs (Barba
et al., 2013). ASCs are also more active in autocrine production of some
growth factors and immunomodulators than other types of stem cells.
For example, ASCs expressed higher levels of mRNA for vascular en-
dothelial growth factor-D (VEGF-D), insulin-like growth factor-1 (IGF-
1) and interleukin-8 (IL-8) than other mesenchymal stem cell popula-
tions, such as BMMSCs, dermal papilla cells and dermal sheath cells
(Hsiao et al., 2012). ASCs were more efficient in treating spinal cord
injury in rats than BMMSCs. This was attributed to greater migration
and proliferation activity of ASCs and more secretion of VEGF, brain-
derived neurotrophic factor (BDNF) and hepatocyte growth factor
(HGF) in these cells (Zhou et al., 2013) The secretion of im-
munomodulators, such as interleukin-6 (IL-6) and TGF-β1, was also
higher in ASCs than in BMMSCs for equal cell numbers (Melief et al.,

2013). However, as it was shown in our earlier study (Przekora et al.,
2017) and in studies by other authors (Kargozar et al., 2018), ASCs
were less active in osteogenic cell differentiation than BMMSCs.

Although ASCs were discovered relatively recently, in 2002 (for a
review, see Nae et al., 2013), they have been widely clinically applied
in human patients, particularly for reconstructive, corrective, aesthetic
and cosmetic purposes. These applications have included so-called cell-
assisted lipotransfer (CAL) for tissue augmentation, when autologous
ASCs were implanted together with an autologous fat graft in order to
enhance its survival and to reduce its postoperative atrophy or re-
sorption. This technique has been used e.g. for cosmetic breast en-
hancement and for facial contouring. In the form of local injections,
ASCs have been applied for rejuvenation of skin and for healing wounds
caused by radiation therapy (for a review, see Hanson et al., 2010;
Tobita et al., 2011; Nae et al., 2013; Kokai et al., 2014). ASCs were
successfully used in the treatment of Parry-Romberg syndrome, which
is characterized by progressive atrophy of the right hemiface
(Sterodimas et al., 2010). Due to their immunomodulatory and im-
munosuppressive effects, ASCs have been clinically tested and used in
treatments for inflammatory and autoimmune disorders, such as graft
versus host reaction, Crohn’s disease, and even multiple sclerosis, by
intravenous infusion of stem cells (Locke et al., 2009; Frölich et al.,
2014; Kokai et al., 2014). In treatment of patients with refractory
Perineal Crohn's Disease, good results were obtained by combined
therapy with ASCs, platelet-rich plasma and endorectal flaps (Wainstein
et al., 2018). The treatment of multiple sclerosis was also improved in
experiments in rats in vivo by the co-transplantation of ASCs and human
cells secreting neurotrophic factor (Razavi et al., 2018).

Another important clinical application of ASCs has been in the re-
pair of bone tissue, namely maxilla, where ASCs have been implanted
together with β-tricalcium phosphate incorporated with human re-
combinant bone morphogenetic protein-2 (BMP-2), and in repairing a
calvarial defect using ASCs with fibrin glue in a 7-year-old girl with a
severe head injury (for a review, see Kokai et al., 2014). ASCs have also
been used in treating patients with critical limb ischemia, e.g. during
diabetes. Multiple intramuscular injections of autologous ASCs into is-
chemic legs have improved their revascularization and the healing of
wounds on these legs (Lee et al., 2012; Bura et al., 2014). Therefore, the
ASCs could be used instead of BMMSCs, which have been relatively
widely applied for treating the diabetic foot (Vojtassák et al., 2006).
Infusion of ASCs pre-differentiated towards neuronal phenotype, to-
gether with hematopoietic bone marrow stem cells, was clinically used
for treating a patient with post-traumatic brachial plexus injury
(Thakkar et al., 2014) and patients with paraplegia after traumatic
spinal cord injury (Thakkar et al., 2016).

In recent studies performed on laboratory animals, administration
of ASCs generally improved the treatment of various disorders and in-
juries, such as pulmonary arterial hypertension in rats (Luo et al., 2018)
and injury of the optic nerve in rats (Li et al., 2018). ASCs prevented the
scaring of vocal folds in rats (Morisaki et al., 2018), and together with
platelet-rich plasma, these cells enhanced the neovascularization and
survival of fat grafts in mice (Xiong et al., 2018). Studies performed in
vitro showed that medium conditioned by ASCs protected cells from
death induced by cisplatin used for treatment of the head and neck
squamous cell carcinoma (HNSCC) (Chiu et al., 2018). When ASCs were
directly added to cultures of HNSCC cell lines, they did not increase the
number of HNSCC cells. Similarly in experiments performed on mice in
vivo, addition of ASCs to xenografts prepared from HNSCC cells did not
increase tumor growth (Danan et al., 2018).

In spite of all these encouraging results, the use of ASCs and other
mesenchymal stem cells in cancer therapy still remains controversial,
i.e. associated with the risk of supportive effects of these cells on tumor
growth and metastatic potential, mediated by production of a wide
spectrum of growth factors, cytokines, immune suppressors and other
bioactive molecules by stem cells. These cells can also stimulate epi-
thelial-mesenchymal transition involved in the onset and progression of
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tumor diseases (Mohr and Zwacka, 2018). In addition, some dis-
appointing results were obtained during 15-years of clinical application
of stem cells (including ASCs) for treatment of cardiac diseases. These
negative results can be attributed to the source and the type of stem
cells, heterogeneity of stem cell populations, cell isolation procedure,
and aging and senescence of stem cells, positively correlated with the
patient age and the time of cell cultivation (for a review, see Nigro
et al., 2018).

ASCs are cells of mesodermal origin which reside perivascularly
within white adipose tissue. These cells are a physiological source for
adipogenesis and expansion of the adipose tissue, which is needed
during an increased intake of energy by an organism (for a review, see
Ong and Sugii, 2013). Apart from adipogenesis, ASCs can be stimulated
under in vitro conditions to differentiate into many other mesodermal
cell types, e.g. osteoblasts (Logovskaya et al., 2013; Tirkkonen et al.,
2013; Catalano et al., 2017; Kargozar et al., 2018), articular and tra-
cheal chondrocytes (Mardani et al., 2016; Forget et al., 2016; Batioglu-
Karaaltin et al., 2015), nucleus pulposus-like cells (Zhou et al., 2018),
cardiomyocytes (Carvalho et al., 2013; Safaeijavan et al., 2014), ske-
letal myocytes (Forcales, 2015), vascular and visceral smooth muscle
cells (Wang et al., 2010; Park et al., 2012; Marra et al., 2011), en-
dothelial cells (Fischer et al., 2009; Marino et al., 2012; Bekhite et al.,
2014), and dermal fibroblasts (Sivan et al., 2016). In addition, ASCs are
capable of transdifferentiation towards cells of ectodermal origin, such
as keratinocytes (Chavez-Munoz et al., 2013; Sivan et al., 2014;
Ravichandran et al., 2013, Owczarczyk-Saczonek et al., 2017), neurons
(Chudickova et al., 2015; Jaatinen et al., 2015; New et al., 2015; Marei
et al., 2018), Schwann cells (De Luca et al., 2015), retinal pigment
epithelial cells (Alonso-Alonso and Srivastava, 2015), corneal epithelial
cells (Harkin et al., 2015), and towards cells of endodermal origin, such
as hepatocytes (Taléns-Visconti et al., 2006; Guo et al., 2017) and
pancreatic islet cells (Thakkar et al., 2015). ASCs were also used for
construction of bioengineered lungs in a dynamic bioreactor on scaf-
folds prepared by decellularization of non-transplantable lungs (Farré
et al., 2018).

However, the transdifferentiation of ASCs towards ectodermal and
endodermal cells is generally more difficult and often incomplete. It
usually requires combinations of several of the inductive factors men-
tioned in the Introduction, such as special composition of cell culture
media, appropriate scaffolds, mechanical or electromagnetic stimula-
tion, and also genetic reprogramming (Chudickova et al., 2015; Han
et al., 2015; Qin et al., 2015). Moreover, the differentiation of ASCs
towards some mesodermal cell types can also be difficult, namely to-
wards corneal endothelial cells (Harkin et al., 2015) and vascular en-
dothelial cells (Fischer et al., 2009; Bekhite et al., 2014). The reasons
could be lack of VEGF receptors on ASCs (for a review, see Dan et al.,
2015), methylation of CD31 and CD144 promoters (Boquest et al.,
2007), diabetes mellitus (Policha et al., 2014), and also polarization of
endothelial cells. These cells show apical-basal polarity, i.e. functional
specialization of their luminal and basolateral membranes (Roberts and
Sandra, 1993; Pelton et al., 2014), and planar polarity, which is im-
portant for endothelial cell movement, proliferation, angiogenesis and
response to shear stress (Ju et al., 2010; McCue et al., 2006), while ASCs
belong to the category of mesenchymal cells, i.e. mesodermal cells
which lack polarity. For this reason, the differentiation of ASCs into
mesenchymal cells, such as adipocytes, osteoblasts, fibroblasts or
muscle cells, is considered to be relatively easy.

In addition to direct differentiation into specific cell types, ASCs can
support the differentiation and phenotypic maturation of various cell
types indirectly, i.e. in a paracrine manner. In a study by Mead et al.
(2014), PCR array determined the gene expression of 84 growth factors
and their receptors. In a study by Otero-Ortega et al. (2015), proteomic
analysis of ASC secretome identified 2416 proteins. In a study by
Kalinina et al. (2015), more than 600 secreted proteins were detected in
culture media conditioned by ASCs. Finally, in a study by Riis et al.
(2016), mass spectrometry analysis indicated the presence of 3228

molecules in the ASC proteome, 98 molecules in the peptidome, and
342 molecules in the secretome. The molecules secreted by ASCs in-
cluded growth factors, such as platelet-derived growth factor (PDGF)-
AA and PDGF-AB/BB, nerve growth factor (NGF), neurotrophin-3 (NT-
3), brain-derived neurotrophic factor (BDNF), glial cell line-derived
neurotrophic factor (GDNF), (Salgado et al., 2010; Hsiao et al., 2012;
Mead et al., 2014), keratinocyte growth factor (KGF; Alexaki et al.,
2012; Owczarczyk-Saczonek et al., 2017), TGF-β, hepatoma-derived
growth factor, connective tissue growth factor (CTGF) (Kapur and Katz,
2013; Otero-Ortega et al., 2015), hepatocyte growth factor (HGF; Kilroy
et al., 2007; Salgado et al., 2010; Kapur and Katz, 2013), VEGF (Chung
et al., 2015; An et al., 2015; Thamm et al., 2015), insulin-like growth
factor-1 (IGF-1; Hsiao et al., 2012; An et al., 2015), FGF-1 and FGF-2
(Bhang et al., 2009; Hsiao et al., 2012; Kapur and Katz, 2013). Other
molecules secreted by ASCs include ECM molecules, e.g. collagen, fi-
bronectin, tenascin, osteonectin (Kapur and Katz, 2013; Frazier et al.,
2013), matrix metalloproteases, which prevent fibrosis of damaged
tissue (Kapur and Katz, 2013; Kalinina et al., 2015; Thamm et al.,
2015), hematopoietic factors, such as colony-stimulating factors for
macrophages (M-CSF), granulocytes and monocytes (GM-CSF), and IL-7
(Kilroy et al., 2007; Owczarczyk-Saczonek et al., 2017), and im-
munomodulatory factors, particularly IL-10, which acts as an anti-in-
flammatory factor (Kapur and Katz, 2013). Infusion of ASCs in mice
with experimental colitis decreased the level of proinflammatory cy-
tokines, namely tumor necrosis factor-α (TNF-α), specific interleukins,
i.e. IL-1β, IL-6 and IL-12, and interferon-γ (Kapur and Katz, 2013). A
culture medium conditioned by ASCs considerably restricted the in-
flammatory activation of microglia induced by bacterial lipopoly-
saccharide, manifested by cytokine secretion, expression of CD68, mi-
gration and proliferation of microglia, and this effect was mediated by
modulation of sphingosine kinase/S1P signaling (Marfia et al., 2016).
On the other hand, ASCs were also found to secrete proinflammatory
cytokines, such as interleukins 6, 8, and 11, TNF-α (Kilroy et al., 2007;
Salgado et al., 2010; An et al., 2015). Paracrine secretion of the men-
tioned factors in ASCs can be further modulated by hypoxia (Frazier
et al., 2013; Kapur and Katz, 2013; Park et al., 2013b; Bekhite et al.,
2014; An et al., 2015; Kalinina et al., 2015; Riis et al., 2016). In addi-
tion, the factors secreted by ASCs modulate the secretome in target
cells, e.g. in keratinocytes (Kapur and Katz, 2013) or in glial cells
(Marconi et al., 2013).

In spite of some negative results mentioned above, the direct dif-
ferentiation of ASCs towards desired cell types, and also their indirect
regenerative effects mediated by paracrine secretion, still hold great
promise for the treatment of serious disorders, such as cardiovascular
disorders (Fischer et al., 2009; He et al., 2010; Carvalho et al., 2013;
Policha et al., 2014), metabolic disorders, particularly diabetes mellitus
(Thakkar et al., 2015), neurological disorders, such as Huntington’s
disease, Parkinson’s disease, Alzheimer’s disease and amyotrophic lat-
eral sclerosis (Marconi et al., 2013; Chang et al., 2014; Forostyak et al.,
2016), damage to the brain (Tajiri et al., 2014), to the spinal cord
(Thakkar et al., 2016) and to the peripheral nerves (de Luca et al., 2015;
Thakkar et al., 2014), ischemia of the brain (Tian et al., 2012) and
damage to other tissues, e.g. those affected by systemic sclerosis
(Guillaume-Jugnot et al., 2016) or by osteoarthritis (Mardani et al.,
2016; Succar et al., 2016). They are also promising for wound healing
(Chavez-Munoz et al., 2013; Sivan et al., 2014; Sivan et al., 2016;
Ravichandran et al., 2013; Thamm et al., 2015) and treatment of skin
diseases, e.g. alopecia and vitiligo (Owczarczyk-Saczonek et al., 2017).

5. Our experience with ASCs

In our experiments, ASCs were isolated from lipoaspirates obtained
by liposuction from the abdominal region of patients (women, age 40-
43 years) at negative pressure -700 mmHg. The ASCs were harvested by
a method described by Estes et al. (2010), with slight modifications
reported in our earlier study (Przekora et al., 2017). In order to wash
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out the blood, the lipoaspirate was rinsed several times in phosphate-
buffered saline (PBS), digested by 0.1% type I collagenase in PBS for 1
hour at 37 °C, and centrifuged. The vascular-stromal fraction was wa-
shed several times, and was finally filtered using a filter with pores
100 μm in diameter (Cell Strainer) purchased from BD Falcon, USA).
The cells were seeded into tissue culture polystyrene flasks (75 cm2,
purchased from TPP, Trasadingen, Switzerland) at a density of 0.16ml
of the original lipoaspirate per cm2. The cells were cultivated at 37 °C in
Dulbecco’s modified Eagle’s Minimum Essential Medium (DMEM)
supplemented with 10% of fetal bovine serum (FBS), 40 μg/ml of
gentamicin and 5 ng/ml of FGF-2 in a humidified air atmosphere with
5% of CO2. After approximately 80% of confluence was reached, the
cells were passaged using a solution of trypsin and

ethylenediaminetetraacetic acid (EDTA) in PBS for 5 min. at 37 °C. In
passage 2, the cells were characterized by flow cytometry using anti-
bodies against specific cluster of differentiation (CD) markers (Fig. 1).

Flow cytometry revealed the presence of standard surface markers
of ASCs, namely CD 105 (endoglin), CD 90 (immunoglobulin Thy-1),
CD 73 (ecto-5'-nucleotidase), and also CD 29 (fibronectin receptor) and
CD 146 (melanoma cell adhesion molecule, receptor for laminin).
However, the ASCs were negative or almost negative for CD 31 (also
referred to as platelet-endothelial cell adhesion molecule-1, PECAM-1),
for CD 34 (an antigen of hematopoietic progenitor cells), and for CD 45
(protein tyrosine phosphatase receptor type C, a marker of hemato-
poietic cells). The presence or absence of these markers was also found
in earlier studies performed on ASCs by other researchers (for a review,

Fig. 1. CD markers on ASCs revealed by flow cytometry. Black curves: control cells without fluorescence-labelled antibodies; red curves: cells stained with fluorescence-labelled
antibodies against specific CD markers. Percentage of positivity: CD 105 - 99.7%, CD 90 - 99.7%, CD 73 - 99.7%, CD 29 - 99.5%, CD 146 - 66.9%, CD 34 - 0.1%, CD 31 - 0.0%, CD 45 -
3.0%. Cells in passage 2, BD AccuriTM C6 plus flow cytometer.
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see Tobita et al., 2011; Zhang et al., 2012; Baer et al., 2013; Barba et al.,
2013; Mizuno, 2013; Nae et al., 2013; Ong and Sugii, 2013; Kokai et al.,
2014; Camilleri et al., 2016; Owczarczyk-Saczonek et al., 2017;
Varghese et al., 2017). However, in some studies, ASCs were found to
be positive for CD 34, although this antigen is not currently present in
ASCs. This antigen has been reported in non-passaged ASCs or in ASCs
in low passages, and disappeared with repeated passaging (for a review,
seeBaer, 2014).

The identity of the ASCs was further evaluated by their ability to
differentiate into adipocytes. As a medium supporting adipogenic cell
differentiation, DMEM medium (with 10% of FBS) supplemented with
dexamethasone (1mM), indomethacin (60mM), 3-isobutyl-1-methyl-
xanthine (0.5 mM, hydrocortisone (0.5 mM) and insulin (10mg/ml),
was applied (Naderi et al., 2014; for a review, seeZhang et al., 2012).
Adipogenic cell differentiation was evaluated by staining the cells with
Oil Red O, which stains lipids. This staining revealed that in the adi-
pogenic culture medium, the cells developed multiple lipid-containing
droplets inside the cells, while in the control conventional DMEM
medium without adipogenic supplements, the number of these droplets
was minimal (Fig. 2). Adipogenic differentiation of ASCs and adipose
tissue engineering is highly important for plastic and reconstructive
surgery of soft tissue defects induced by trauma, congenital abnorm-
alities or surgical resection, as mentioned above, such as facial con-
touring, breast augmentation, healing of chronic wounds, e.g. wounds
caused by radiation (for a review, seeSterodimas et al., 2010; Hanson
et al., 2010; Tobita et al., 2011; Nae et al., 2013; Kokai et al., 2014;
Naderi et al., 2014; Zhan et al., 2016).

Secondly, we attempted to differentiate ASCs towards osteoblastic
phenotype. As has been mentioned above, ASCs are mesenchymal cells,
i.e. mesodermal cells which lack polarity. Differentiation of ASCs into
osteoblasts, which also lack polarity, is therefore considered to be re-
latively easy. After reaching subconfluence, the cells were exposed to an
osteogenic medium, i.e. DMEM with FBS (10 %) and gentamicin
(40 μg/ml), further supplemented with 10−8 M dexamethasone
(393 ng/ml), 10 mM β-glycerolphosphate (2.16 mg/ml), 2 mM L-glu-
tamine (292 μg/ml), 10−6 M dihydroxyvitamin D3 (385 ng/ml) and
ascorbic acid (50 μg/ml) (Zhang et al., 2012; Logovskaya et al., 2013;
Tirkkonen et al., 2013; Ferroni et al., 2016) for 14 days. Then, the
mineralization of the matrix deposited by the ASCs, which is a marker

of their differentiation towards the osteogenic phenotype, was assessed
by staining with Alizarin Red S, which visualizes calcium deposits (Prè
et al., 2011; Ferroni et al., 2016). It was clearly seen that the ASCs
cultured in the osteogenic medium formed large calcium-containing
deposits, while the control cells cultured in standard DMEM with 10%
of FBS did not form these deposits (Fig. 2). The ASCs cultured in the
osteogenic medium in our studies also increased their content of type I
collagen, alkaline phosphatase (ALP) and osteocalcin, which are con-
sidered as early, medium-term and late markers of osteogenic cell dif-
ferentiation, respectively, as estimated by measuring the intensity of
the fluorescence of these molecules after they have been immuno-
fluorescence stained (Krocilova et al., 2015). However, in our recent
study on human ASCs cultured on composite chitosan/glucan/hydro-
xyapatite scaffolds, the production of osteocalcin, a marker of fully
differentiated osteoblasts, was lower in ASCs than in human BMMSCs,
although the production of Runx2 and of type I collagen, i.e., early
indicators of cell differentiation towards the osteogenic phenotype,
were comparable in both cell types (Przekora et al., 2017).

Other molecules supporting osteogenic cell differentiation include
bone morphogenic protein-2 (Levi et al., 2011), simvastatin (Zhang
et al., 2018b) or whey protein (Douglas et al., 2018). These molecules
can be incorporated into the scaffolds (Levi et al., 2011; Zhang et al.,
2018b) or added into the cell culture media (Douglas et al., 2018). The
osteogenic differentiation of ASCs cultured in presence of osteogenic
molecules can be further enhanced by electromagnetic stimulation
(Ferroni et al., 2016), by acoustic stimulation using extracorporeal
shockwaves (ESWs; Catalano et al., 2017) or by mechanical stimulation,
such as vibrational stress (Prè et al., 2011).

In the third set of experiments, we attempted to differentiate ASCs
towards vascular smooth muscle cells (VSMC) for potential re-
construction of the tunica media in vascular replacements. For this
purpose, fibrin layers were developed on flexible silicon substrates by a
method described earlier (Riedel et al., 2009; Filova et al., 2014). Fibrin
is a provisional ECM molecule, playing a key role in the regeneration of
damaged tissues. Fibrin was expected to improve the suitability of si-
licon, which is a rather bioinert material, for the attachment, spreading
and proliferation of cells. The silicon substrates were seeded with ASCs
in DMEM with FBS (10%) and gentamicin (40 μg/ml). After 2 days of
static cultivation (necessary for proper attachment and spreading of the

Fig. 2. Adipogenic (A, B) and osteogenic (C, D) differ-
entiation of ASCs (passage 3 and 4) induced by specific
culture media. A, B: ASCs were grown for 9 days in a
standard medium (A) or in an adipogenic medium (B), and
were then incubated with Oil Red O, which stains lipids. C,
D: ASCs were grown for 14 days in a standard medium (C)
or in an osteogenic medium (D), and were then incubated
with Alizarin Red S, which stains the mineral deposits.
Olympus IX 71 microscope, DP 70 digital camera. Scale bar
is 100 μm (A, B) or 500 μm (C, D).
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cells), the cells were exposed to uniaxial stretching in the STREX dy-
namic cultivation system (B Bridge International, Ltd, USA; Fig. 3).

The ASCs reacted to dynamic cultivation under uniaxial stretching
in the STREX system by changing their orientation and by a change in
the intensity of the fluorescence of α-smooth muscle actin (α-SMA), a
contractile protein and a marker of early differentiation towards VSMC,
and also vinculin, which is a protein of focal adhesions, associated with
integrin adhesion molecules and taking part in the adhesion of cells to
either artificial or nature-derived materials. After 1 day of stretching at

a frequency of 0.5 Hz and at an amplitude of 5%, immunofluorescence
staining of vinculin revealed that the cells became oriented in parallel
and perpendicular to the direction of stretching, while the control cells
cultivated under static conditions became randomly oriented on the
cultivation substrate (Fig. 4 A, B). The cells sustained their parallel
orientation during stretching, and after 3 days of stretching at a fre-
quency 0.5 Hz and at an amplitude of 5%, they were still oriented in
parallel. (Fig. 4 C, D). In addition, the intensity of the immuno-
fluorescence of α-SMA in the cells (Fig. 4 E, F) increased with increasing
time of stretching (the cells were first stretched at a frequency of 0.5 Hz
for 1 day, and then at a frequency of 1 Hz for 3 days or 6 days).
Therefore, the combination of soft flexible material with appropriate
stretching of ASCs can induce differentiation of these cells towards the
VSMC phenotype. Similar results, i.e. enhanced expression of α-SMA
and myosin heavy chain (MHC) were obtained in strain-stimulated
human ASCs cultured on elastic nanofibrous scaffolds (Park et al.,
2012). However, in a study by Lee et al. (2007), uniaxial cyclic strain
alone (amplitude 10%, frequency of 1 Hz for 7 days) decreased the
expression of α-SMA and h1-calponin, i.e. another early marker of
VSMC differentiation. These markers increased only after the addition
of TGF-β1 into the cultivation media (Lee et al., 2007). Other factors
supporting the differentiation of ASCs towards VSMC phenotype were
angiotensin II (Kim et al., 2008a), bradykinin (Kim et al., 2008b),
thromboxane A2 (Kim et al., 2009), sphingosine 1-phosphate (Nincheri
et al., 2009), bone morphogenetic protein-4 (BMP-4; Wang et al.,
2010), retinoic acid (Park et al., 2012) and epidermal growth factor
(EGF; Lachaud et al., 2014).

Fig. 3. The STREX dynamic cultivation system (B Bridge International, Ltd., USA) with
flexible silicon chambers for coating with various biomaterials and cell seeding.

Fig. 4. ASCs cultured in the STREX dynamic cultivation
system. A, B: Immunofluorescence staining of vinculin in
the control static 1-day-culture (A) or under stretching at a
frequency of 0.5 Hz and at an amplitude of 5% for 1 day
(B). C, D: Orientation of the cells after 3-day cultivation in
control static cultures (C) or under stretching at a frequency
of 0.5 Hz and at an amplitude of 5% for 3 days (D). The cells
were visualized with Texas RedTM C2 Maleimide (which
stains proteins of the cell membranes and cytoplasm; red
fluorescence) and Hoechst #33258 (which stains the DNA
of the cell nuclei; blue fluorescence). E, F:
Immunofluorescence of α-SMA in cells cultured at the
stretching frequency of 0.5 Hz for 1 day and then at 1 Hz for
3 days (E) or for 6 days (F). Olympus IX 71 (A, B) and
Olympus IX 50 (C, D, E, F) microscopes, DP 70 digital
camera, obj. 10x, with the exception of D, where obj. 20x
was used. Scale bar 200 μm.
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As has been mentioned above, the differentiation of ASCs towards
vascular endothelial cells is relatively difficult. However, these cells can
support the vascularization of damaged tissues and their regeneration in
vivo (Bhang et al., 2009; Lee et al., 2012; Bura et al., 2014; for a review,
see Salgado et al., 2010), or vascularization of tissue-engineered re-
placements of these tissues in vitro (Sánchez-Muñoz et al., 2015; Chung
et al., 2016; Shishatskaya et al., 2016; for a review, see Pill et al., 2015).
In our fourth set of experiments, ASCs were co-cultured with human
umbilical vein endothelial cells (HUVECs) in the EGM-2 medium
(Lonza, Cat. No. CC-3162), containing EGF, VEGF, IGF-1, FGF-β, FBS
(final concentration 2%) and antibiotics. Endothelial cells in the co-
culture with ASCs self-assembled into vascular sprouts that became
interconnected into a vascular network. This organoid culture system
enabled us to study both vasculogenesis and angiogenesis. To simulate
vasculogenesis, i.e. the formation of blood vessels de novo, HUVECs
were seeded in a suspension into the ASC culture. Angiogenesis, i.e.
sprouting newly-formed blood vessels from pre-existing blood vessels,
was simulated using a bead assay. For this purpose, Cytodex 3 micro-
carrier beads (GE Healthcare Life Sciences, Cat. No. 17048501) were
coated with HUVECs and were then added to the culture of ASCs. In this
way, endothelial sprouting took place from one point, i.e. from the
bead, which in this setting simulated the parental blood vessel. After 7
days in culture, ASCs that were in close contact with capillaries stained
positively for α-SMA, an important marker of cell differentiation to-
wards VSMCs or towards pericytes (Merfeld-Clauss et al., 2010), sta-
bilizing the vessel wall (Fig. 5). This organoid system enables a study to

be made of extracellular matrix deposition, and also vascular lumen
formation.

Similar results were achieved in a study byRohringer et al. (2014),
in which the proximity of ASCs and vascular endothelial cells in co-
cultures in fibrin gels stimulated the formation of a vascular network.
ASCs in fibrin-based or matrix-free co-culture systems expressed mar-
kers of pericytes, e.g. α-SMA (Merfeld-Clauss et al., 2010) and neural/
glial antigen 2 (NG-2;Natesan et al., 2011; Rohringer et al., 2014), and
provided a layer of mural cells necessary for stabilizing the newly-
formed blood vessels (He et al., 2010). After transplantation of ASCs
into ischemic hind limbs of mice in vivo, most of the transplanted ASCs
were localized as adjacent to the microvessels (Bhang et al., 2009). The
differentiation of ASCs toward pericytes and their tubulogenic activity
can occur without growth factor stimulation (Natesan et al., 2011), but
differentiation has also been attributed to the secretion of VEGF-A and
VEGF-D and other angiogenic factors by ASCs (Bhang et al., 2009;
Hsiao et al., 2012). Similar behavior was also observed in ASCs in direct
contact with neurons. ASCs in co-cultures with dorsal root ganglia
neurons differentiated towards Schwann cells and improved the re-
generation of these neurons (de Luca et al., 2015).

In our fifth set of experiments, we concentrated on the potential use
of ASCs for skin tissue engineering. These cells can be directly differ-
entiated towards keratinocytes. However, this is difficult, due to the
need for transdifferentiation of mesodermal cells to ectodermal cells
and polarization of keratinocytes (Chavez-Munoz et al., 2013;
Ravichandran et al., 2013; Sivan et al., 2014). ASCs can also be

Fig. 5. Fig. 5. Formation of tubular structures in a co-cul-
ture of HUVECs and ASCs. A, B: blood vessel formation by
vasculogenesis (A) and by angiogenesis (B). HUVECs are
stained against VE-cadherin, i.e. an adhesion molecule
taking part in cell-cell adhesion and a marker of endothelial
cell layer continuity (green fluorescence). C: ASCs stabi-
lizing a newly formed blood vessel and differentiating to-
wards VSMCs or pericytes positive for α-SMA (red fluor-
escence). D: vascular lumen surrounded by HUVECs
positive for VE-cadherin (green) and differentiating ASCs
positive for α-SMA (red). E: Basal lamina formation. Type
IV collagen, a component of the basal lamina, is stained in
red; VE-cadherin in HUVECs is stained in green. Nikon Ti-E
inverted fluorescence microscope with a CARV II confocal
scanner. Objective Nikon CFI Plan Fluor 20X, DIC, 20x/0.5
NA, WD=2.1mm, scale bar 100 μm (A, B). Objective
Nikon CFI S Fluor 40X Oil, DIC, 40x/1.3 NA,
WD=0.22mm, scale bar 50 μm (C–E).
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differentiated towards dermal fibroblasts, another important cell type
in tissue-engineered skin constructs (Sivan et al., 2016; Shishatskaya
et al., 2016). Another option is to use ASCs as feeder cells instead of
currently-used fibroblasts, particularly xenogeneic mouse 3T3 fibro-
blasts, in order to promote phenotypic maturation of keratinocytes
(Trottier et al., 2008; Monfort et al., 2013; Gutiérrez-Rivera and Izeta,

2015) and vascularization of skin constructs (Sánchez-Muñoz et al.,
2015; Chung et al., 2016; Shishatskaya et al., 2016). In our experi-
ments, ASCs were isolated from lipoaspirates obtained by liposuction
from the abdominal region of patients at higher or lower negative
pressure, i.e. at−700mmHg, or at−200mmHg, respectively. The cells
were cultured on nanofibrous membranes made of poly(L-lactide)

Fig. 6. Adhesion and proliferation of ASCs isolated from lipoaspirates obtained by liposuction at a lower negative pressure (−200mmHg, ASC-LOW) or at higher negative pressure
(−700mmHg; ASC-HIGH) in 1-day-old and 3-days-old cultures on nanofibrous PLLA meshes modified with fibrin prepared according protocol 1 (a fine homogeneous fibrin mesh on the
membrane surface+ coating of the individual fibers in the membrane with fibrin; upper row), according to protocol 2 (only coating of the individual fibers in the membrane with fibrin;
middle row) and a non-modified PLLA membrane (pristine; lower row). Fibrin was visualized by immunofluorescence staining using a secondary antibody conjugated with Alexa Fluor
488 (green fluorescence). The F-actin in the cells was stained with phalloidin conjugated with TRITC (red fluorescence), and the cell nuclei were stained with Hoechst #33258 (blue
fluorescence). Confocal microscope Leica TCS SPE DM2500, obj. 40x/1.15 NA oil. Scale bar 50 μm.

Fig. 7. AFM morphology of pristine PLLA and PLLA modified with argon plasma at 3W and exposure time of 50 and 300 s. Ra values represent the arithmetic roughness of the sample.
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(PLLA) in DMEM with 10% of FBS, 40 μg/ml of gentamicin and 5 ng/ml
of FGF-2. To improve cell adhesion and growth, the membranes were
modified with fibrin according to two different protocols. In the first
protocol, fibrin formed a fine homogeneous nanofibrous fibrin mesh on
the surface of the PLLA membrane, and at the same time, it surrounded
each individual fiber of the membrane. In the second protocol, fibrin
surrounded only the individual fibers of the membrane. The cell ad-
hesion, growth and morphology were then evaluated in two time in-
tervals, i.e., on days 1 and 3 after seeding. We found that the numbers
of ASCs obtained at higher negative pressure (ASC-high) on the control
non-modified membrane and on both types of fibrin-modified mem-
branes were higher than the number of ASCs obtained at lower negative
pressure (ASC-low). At the same time, both ASC-high and ASC-low
adhered better and proliferated faster on PLLA membranes modified
with fibrin than on the control non-modified membranes. Membranes
modified according the first protocol, i.e. with a fine fibrin mesh cov-
ering the PLLA membrane and fibrin embedding the individual fibers,
provided a more suitable substrate for the attachment, spreading and
proliferation of both ASC-high and ASC-low than the membranes
modified according the second protocol, where only the individual fi-
bers were surrounded with fibrin (Fig. 6). The membranes modified
according the first protocol also provided better support for cell mi-
gration inside the membranes, which was more apparent in ASC-high.
Thus, abdominal ASCs isolated from lipoaspirates obtained at a higher
negative pressure (−700mmHg) seem to be more advantageous for
application in skin tissue engineering. Also in our earlier study, ab-
dominal ASC-high proliferated more quickly than ASC-low, although
their osteogenic differentiation, estimated by the intensity of the
fluorescence of type I collagen, ALP and osteocalcin, was lower than in
ASC-low (Krocilova et al., 2015). Other factors that can influence the

yield, adhesion, growth, differentiation, viability and senescence of
ASCs are various patient factors, such as age, body mass index, gender,
menopausal status, donor site, and also intercurrent diseases, such as
diabetes mellitus, infection with human immunodeficiency virus, and
cancer with its therapies, including radiotherapy, chemotherapy and
tamoxifen usage (for a review, see Choudhery et al., 2014; Owczarczyk-
Saczonek et al., 2017; Varghese et al., 2017).

In studies on cell-material interaction, it is generally accepted that
the adhesion, growth, viability, differentiation and other functions of
cells, including ASCs, are strongly influenced by the physicochemical
characteristics of the substrate surface, particularly its chemical com-
position, wettability, electrical charge and conductivity, morphology,
roughness and topography. These properties can be advantageously
modulated by various physical or chemical techniques, such as irra-
diation with ions, ultraviolet light, laser, and particularly by plasma
treatment (for a review, see Bacakova et al., 2011; Slepicka et al.,
2015). These techniques activate the polymers for further grafting with
biologically-active chemical functional groups, molecules and nano-
particles (for a review, see Slepicka et al., 2015). In our last set of ex-
periments, PLLA foils were treated with argon plasma (power 3 or 8W,
exposure time 50, 120 or 300 s) and were characterized by several
methods, such as reflection goniometry, electrokinetic analysis, X-ray
photoelectron spectroscopy (XPS) and atomic force microscopy (AFM).
Reflection goniometry revealed that the wettability of the samples in-
creased immediately after plasma treatment, but decreased in aged
samples, and this decrease was positively correlated with the power of
the plasma, and particularly with the time of exposure to the plasma.
Nevertheless, the water drop contact angle, which is a measure of the
wettability of the material surface, still remained in the range favorable
for the adhesion and proliferation of cells (approx. from 56° to 75°;

Fig. 8. Images of stem cells isolated from lipoaspirates
(acquired at higher negative pressure - ASC HP, or at lower
negative pressure - ASC LP) cultured for 7 days on PLLA and
on PLLA modified with argon plasma (exposure time 120 s
at 3 or 8W). The proteins of the cell membrane & cyto-
plasm were stained using Texas RedTM C2 Maleimide, and
the DNA in the cell nuclei was stained using Hoechst
#33258. Olympus IX 50 microscope, digital DP 70 camera,
obj. 20x, scale bar 200 μm.
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Slepickova Kasalkova et al., 2017). It has been revealed that the cell
adhesion, migration and proliferation reached optimum values on
surfaces with moderate wettability (for a review, see Bacakova et al.,
2011), and also with a suitable surface charge determined by electro-
kinetic analysis (Kolska et al., 2014). XPS revealed a decreased content
of oxygen in the superficial layer of the modified PLLA (which corre-
lates well with decreased wettability of the polymer) but an increase in
the content of nitrogen, which is most probably caused by the reaction
of the plasma-activated PLLA surface with air. Finally, AFM revealed an
increase in the amount of crystallites and in nanoscale surface rough-
ness with exposure time (Fig. 7). The changes in the physicochemical
properties of the material surface induced by plasma treatment in
general had positive effects on the growth of ASCs isolated from li-
poaspirates obtained by liposuction at low or high negative pressure
(ASC LP and ASC HP, respectively). In 7-day-old cultures, the cell po-
pulation density was markedly higher on plasma-treated PLLA than on
untreated PLLA (Fig. 8). After exposure time of 120 s, the cells were
more homogeneously distributed on samples treated with plasma
treated at 3W power, whereas on samples treated at 8W, the cells
formed clusters or did not cover the entire surface of the sample. A
more homogeneous distribution was found in ASC LP, which also grew
in a more orderly manner and in a uniform direction (Slepickova
Kasalkova et al., 2017).

6. Conclusion

Stem cells, defined as organization units of biological systems that
are responsible for both the development and the regeneration of or-
gans and tissues, are an indispensable tool in advanced tissue en-
gineering and cell therapies. There are four main sources of these cells,
namely embryonic tissue, fetal tissues (i.e., directly the fetus or extra-
fetal tissues), adult tissues (e.g. fat, bone marrow, blood, skin or skeletal
muscle), and differentiated somatic cells after they have been geneti-
cally reprogrammed, i.e., induced pluripotent stem cells (iPSCs). On the
one hand, embryonic stem cells, fetal stem cells and iPSCs have a higher
potency to differentiate towards numerous cell phenotypes than adult
stem cells, i.e., they are totipotent or pluripotent, while adult stem cells
are only multipotent, i.e. able to differentiate to only a limited number
of cell types. On the other hand, adult stem cells are able to overcome
the ethical and legal issues accompanying the use of human oocytes,
embryos and fetus as sources of stem cells, and also the mutational and
other adverse effects associated with iPSCs. Last but not least, adult
stem cells can be obtained and applied in autologous form. For tissue
engineering, adult stem cells can be seeded on synthetic or nature-de-
rived scaffolds and differentiated towards a desired phenotype by
combinations of appropriate composition, architecture, mechanical
properties and physicochemical properties of the scaffolds, appropriate
composition of the cell culture media, and appropriate mechanical and/
or electromagnetic stimulation. For cell therapies, stem cells can be
directly applied to damaged tissues, or they can be used in the form of
extracellular vesicles, containing bioactive molecules produced by these
cells in an autocrine manner, particularly growth factors and im-
munomodulatory molecules. Among adult stem cells, adipose tissue
stem cells seem to be the most promising cell types, because they can be
accessed relatively easily and non-invasively, and are available in
considerable quantities.
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ABSTRACT: Engineering artificial skin constructs is an ongoing
challenge. An ideal material for hosting skin cells is still to be
discovered. A promising candidate is low-cost cellulose, which is
commonly fabricated in the form of a mesh and is applied as a
wound dressing. Unfortunately, the structure and the topography
of current cellulose meshes are not optimal for cell growth. To
enhance the surface structure and the physicochemical properties
of a commercially available mesh, we coated the mesh with wood-
derived cellulose nanofibrils (CNFs). Three different types of mesh
coatings are proposed in this study as a skin cell carrier: positively
charged cationic cellulose nanofibrils (cCNFs), negatively charged
anionic cellulose nanofibrils (aCNFs), and a combination of these
two materials (c+aCNFs). These cell carriers were seeded with
normal human dermal fibroblasts (NHDFs) or with human adipose-derived stem cells (ADSCs) to investigate cell adhesion,
spreading, morphology, and proliferation. The negatively charged aCNF coating significantly improved the proliferation of both cell
types. The positively charged cCNF coating significantly enhanced the adhesion of ADSCs only. The number of NHDFs was similar
on the cCNF coatings and on the noncoated pristine cellulose mesh. However, the three-dimensional (3D) structure of the cCNF
coating promoted cell survival. The c+aCNF construct proved to combine benefits from both types of CNFs, which means that the
c+aCNF cell carrier is a promising candidate for further application in skin tissue engineering.

1. INTRODUCTION

Cellulose is frequently used in the production of biomaterials
as a scaffold material to carry other molecules, supporting cell
adhesion and promoting cell proliferation. Cellulose is an
affordable biocompatible material that can be processed into
cellulose nanofibrils (CNFs) and nanocellulose-based matrices
with precisely controlled physical and chemical properties.
Wood-derived CNFs are manufactured from wood pulp

using mechanical techniques alone or in combination with
chemical and enzyme-assisted pretreatments.1 The physico-
chemical parameters of CNFs, such as swelling, are affected by
hydrogen bonding and can be tuned by modifying the CNF
dimensions or the charge density.2,3 The common length of
CNFs is within the micrometer range, whereas the width of
CNFs is in the nanometer range,2,4 which mimics the
dimensions of extracellular matrix (ECM) components, such
as collagen fibrils.5 Moreover, CNFs form multiple types of
solids, such as hydrogels, aerogels, and films with the stiffness
range of the dermis and epidermis.3 These materials absorb
significant quantities of water, which is a desired property of
wound dressings. The surface properties of wound dressings
also have an effect on cellular behavior. The CNF surface has a

weak negative charge in an aqueous solution in the unmodified
form, which is not optimal for the growth of mammalian cells.6

To enhance the cell−surface interactions, the CNF surface can
be chemically modified to adjust the hydrophilicity or the
surface charge, depending on the requirements of different cell
types.6−8 It has been reported that the modifications of CNFs
with cationic or anionic functional groups promoted cell
adhesion, proliferation,6,9 cytocompatibility,10,11 cell growth
directionality,12 water solubility, and bonding of other
bioactive molecules,7 such as collagen13 and other peptides
and proteins.6 The beneficial effect of CNF hydrogels is
especially emphasized in three-dimensional (3D) cell culti-
vation.11,14,15 The application of CNFs as a wound dressing
has also recently reached the clinical evaluation phase,16 and it
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has been examined as a promising scaffold under in vitro
conditions.9,17,18

There are two common chemical modifications that change
the charge of the cellulose chain: (1) grafting of anionic
2,2,6,6-tetramethylpiperidine-1-oxyl (TEMPO) oxidation19

and (2) grafting of cationic glycidyltrimethylammonium
chloride (GTMAC).6 The benefit of these modifications is in
adjusting the desired surface properties of CNFs, e.g., for
controlled adsorption of bioactive molecules, which can be
further stabilized by cross-linking, driven by chemical func-
tional groups introduced into the cellulose molecule.7

TEMPO-mediated oxidation also allows low-energy mechan-
ical disintegration of oxidized fibers.19 TEMPO-oxidized
anionic CNFs (aCNFs) promote cell adhesion and growth.12

GTMAC-modified cationic CNFs (cCNFs) effectively adsorb
negatively charged compounds,10,20 including cell adhesion-
mediating proteins,6,21 mediate the binding and the release of
hydrophobic drugs,22 have an antimicrobial effect,23 and
facilitate cell attachment through electrostatic interactions.8

The attachment of anchorage-dependent cells to CNFs is
essential for a newly developed skin cell carrier. The cell
adhesion can be regulated by modulating the roughness and
the stiffness,24,25 the surface chemistry,24,26 the wettability,3,27

or the electrostatic forces of the substrate.26

The present work enhances knowledge about the behavior
of cells on promising charged CNF coatings of commercial,
economical, and environmentally friendly cellulose meshes. To
find an appropriate cell carrier for tissue engineering and
wound healing applications, 3D and two-dimensional (2D)
coatings of cationic (cCNF), anionic (aCNF), and combined
(c+aCNF) nanocellulose were deposited on commercially
available cellulose meshes. Since the proposed materials are to
be used for skin applications, the CNF-coated meshes were
tested in vitro with normal human dermal fibroblasts (NHDFs)
and with hypodermal human adipose-tissue-derived stem cells
(ADSCs).

2. MATERIALS AND METHODS
2.1. Production of Cellulose Nanofibrils. The CNF production

and characterization were performed according to the study by
Skogberg et al.12 Both anionic and cationic CNF grades were
produced from once-dried bleached birch kraft pulp. Anionic CNFs
(aCNFs) were produced using TEMPO-mediated oxidation, as
described by Saito et al.;28 see Supporting Methods (S1.1). Cationic
CNFs (cCNFs) were produced by introducing a positive charge using
2,3-epoxypropyl trimethylammonium chloride (EPTMAC; Raisacat,
Chimagate, Lapua, Finland); the protocol is described in detail in our
earlier study.12 CNF materials were received from VTT Technical
Research Centre (Espoo, Finland).
2.2. Preparation of CNF-Coated Meshes. PurCotton highly

pure spunlace nonwoven cotton fabric (Winner Industrial Park,
Shenzhen, China) was cut into 1.5 × 1.5 cm2 samples (further
referred to as “noncoated meshes”). The meshes were fixed into
CellCrown inserts (Scaffdex Ltd., Tampere, Finland), which were
inserted into 24-well cell culture plates (TPP, Trasadingen, Switzer-
land).
The CNF gels were diluted to a 0.15% (w/v) solution in Milli-Q

water, sonicated for 2 min at 20% amplitude, and centrifuged at
10 000g for 60 min.12 The CNF-coated meshes were prepared using
either 150 or 600 μL of cCNF and aCNF supernatants (further
referred to as “c150, c600, a150, a600”) and by a combination of these
supernatants (c+a), as described in Supporting Methods (S1.2). A
pristine noncoated mesh was used as the control. The CNF-coated
samples were dried for 24 h in a laboratory dryer (Binder, Tuttlingen,
Germany) at 50 °C (Scheme 1). The sterilization included UV-C

irradiation of both sides of the sample in a flow box for 20 min. The
samples were sterilized twice in inserts in a sterile Petri dish before the
CNF coatings were prepared and then after the CNF coatings had
been dried.

2.3. Characterization of the Noncoated and CNF-Coated
Meshes. The CNF-coated meshes were characterized by scanning
electron microscopy (SEM; Section 2.3.1) and atomic force
microscopy (AFM; Section 2.3.3). Noncoated meshes were also
imaged by microCT (S1.3). In addition, the physicochemical
properties, i.e., the wettability (S1.4), the swelling ratio (Section
2.3.2), and the surface stiffness (Section 2.3.3), were studied.

2.3.1. Topography of CNF-Coated Meshes Using SEM. Front and
side views of the CNF-coated meshes (c150, c600, a150, a600, and c
+a) and noncoated meshes were acquired using SEM (ULTRAplus,
Carl Zeiss, Oberkochen, Germany). The samples were attached to
aluminum SEM stubs using a carbon tape and carbon-coated to avoid
charging during the SEM studies. The front view was scanned from
the surface of the CNF-coated or noncoated meshes, while the side
view was scanned from the cut edges.

2.3.2. Swelling Ratio Measurements. The swelling ratio was
measured either on a600, c600, and c+aCNF-coated and noncoated
meshes (n = 3) or the corresponding glass coverslips (600 μL, n = 3).
The initial dry weight (W0) was measured before the samples were
immersed in deionized water (dH2O) or in Dulbecco’s modified Eagle
medium (DMEM) at 37 °C. The swollen samples were weighed (Ws)
at two time points: after 20 min and after 20 h. After being weighed at
time point 1 (20 min), the samples were returned into dH2O or
DMEM and incubated at 37 °C. The water uptake, subsequently
referred to as the swelling ratio (SR), was determined as SR = (Ws −
W0)/W0. The data was presented as the arithmetic mean ± standard
deviation (SD) from three parallel samples for each experimental
group.

2.3.3. Surface Mapping and Characterization of Mechanical
Properties Using AFM. AFM data were acquired only for the samples
coated with c600, a600, and c+a. The coatings were prepared by
gradual application of 600 μL of CNF solution on both sides of the
cellulose mesh. The first step is described in Supporting Methods
(S1.2). 3D printed tubes fitted on the CellCrown inserts from the
outer side were utilized for applying the CNF solution in the second

Scheme 1. Schematic Picture of the Preparation of the
Different Coating Topographies on the Cellulose Meshes
Using cCNF and aCNF Solutions
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step. Young’s modulus and the surface arithmetic average roughness
(Ra) were determined on the coating from the outer side of the
samples. The samples in the inserts were mounted into a custom
holder and mapped using an Olympus IX 81 camera (Japan) linked
with a JPK NanoWizard 3 AFM microscope (JPK, Berlin, Germany).
Roughness maps of the dry samples were mapped in the hybrid

acquisition mode (Quantitative Imaging mode, QI) with an SNL-10A
probe (tip radius 2 nm, cantilever spring constant 0.361 N/m,
sensitivity 15.4 nm/V; Bruker AFM Probes, Billerica, MA). QI images
were acquired. The dry samples were further examined for their
mechanical properties in the same setup as the roughness mapping
but with an MPP-12120-10 probe (tip radius 8 nm, cantilever spring
constant 5.05 N/m, sensitivity 13.1 nm/V; Bruker AFM Probes,
Billerica, MA); for details, see Supporting Methods (S1.5).
The mechanical properties of the wet samples were probed at time

points of 20 min and 17 h after immersion in Dulbecco’s modified
Eagle’s medium (DMEM; Sigma-Aldrich Co., St. Louis, MO, Cat. no.
D2902). In addition, the probe was replaced by a CP-qp-CONT-SiO
colloidal probe (tip diameter 6.62 μm, cantilever spring constant
0.391 N/m, sensitivity 45.23 nm/V; NanoAndMore, Wetzlar,
Germany); see Supporting Methods (S1.5).
All measurements were preceded by a calibration process. Two

parallel samples (eight measurements in total) were used for each
experimental group, and the data were presented as the median
(Mdn) and the interquartile range.
2.4. Evaluation of Cell Behavior on CNF-Coated Meshes.

Two cell types (Section 2.4.1) were cultured on meshes coated with
each of the CNF coatings and on the noncoated meshes (Section
2.4.2) to compare the dependence of the cell behavior on the
parameters of the sample. The proliferation (Section 2.4.3), the
morphology (Section 2.4.4), and the protein-mediated adhesion
(Sections 2.4.5, 2.4.6, and S1.12) of the cells were evaluated.
2.4.1. Cell Models and Culture Conditions. Neonatal normal

human dermal fibroblasts (NHDFs, Lonza, Basel, Switzerland, Cat.
no. CC-2509) were cultivated in the DMEM medium with 10% fetal
bovine serum (FBS; Thermo Fisher Scientific, Gibco, Waltham, MA,
Cat. no. 10270-106) and 40 μg/mL gentamicin (LEK, Ljubljana,
Slovenia). Adipose-tissue-derived stem cells (ADSCs) were isolated
from lipoaspirates after donors’ confirmed written informed consent
had been obtained, in compliance with the Declaration of Helsinki,
and under ethical approval by the Ethics Committee at Na Bulovce
Hospital in Prague. The isolation procedure for the ADSCs was
performed according to Estes and co-authors,29 with slight
modifications as previously described.30,31 The pooled ADSCs (for
details, see Supporting Methods S1.6) were cultured in the DMEM
medium and supplemented with 10% FBS, 40 μg/mL gentamicin, and
10 ng/mL recombinant human basic fibroblast growth factor (FGF2;
GenScript, Piscataway, NJ).
2.4.2. Cultivation of Cells on CNF-Coated Meshes. The CNF-

coated and noncoated meshes, fixed into CellCrown inserts and
placed into 24-well cell culture plates (see above), were seeded with
NHDFs and ADSCs in passage 3 at a density of 20 000 cells/insert
(i.e., approx. 25 000 cells/cm2) in 1 mL/well of the cell culture
medium. An amount of 0.5 mL/well was added after 2 h of cultivation
into the final volume of 1.5 mL/well. The cells were cultivated for 7
days in a cell incubator at 37 °C in a humidified air atmosphere with
5% CO2. The behavior of the cells was evaluated in three time
intervals (days 1, 3, and 7), and the culture wells of 24-well
polystyrene plates (PS) were used as a control material.
2.4.3. Metabolic Activity of the Cells on CNF-Coated Meshes

(Resazurin Assay). The level of metabolic activity of the NHDFs and
ADSCs on cellulose meshes with all CNF coatings was measured as
an indirect marker of the cell number in three time intervals (days 1,
3, and 7) using the conversion of resazurin sodium salt (Sigma-
Aldrich Co., St. Louis, MO, Cat. no. R7017) into resorufin by
mitochondrial enzymes (for details, see Supporting Methods S1.7).
Four parallel samples were used for each experimental group and each
time interval. The data were presented as the arithmetic mean ±
standard deviation and were used for constructing growth plots to
view the overall growth dynamics of the cells.

2.4.4. Fluorescence Staining and SEM Imaging of the Cells on
CNF-Coated Meshes. The morphology of NHDFs and ADSCs
seeded on the cellulose meshes with all CNF coatings was visualized
in three time intervals (days 1, 3, and 7) by staining filamentous actin
(F-actin) and vinculin, an important protein of focal adhesion
plaques. Vinculin was stained to indicate the level of specific receptor-
mediated cell adhesion and cell spreading. The detailed staining
protocol and the imaging setup are presented in Supporting Methods
(S1.8).

The morphology of the cells on the CNF-coated and noncoated
meshes was further assessed by SEM on day 3 after cell seeding. The
dehydrated samples, see Supporting Methods (S1.8) for details, were
fixed on aluminum stubs using a carbon tape, followed by gold
coating.

2.4.5. Protein Adsorption on CNF-Coated Meshes (Pierce BCA
Protein Assay Kit). The investigated materials were preadsorbed with
proteins derived from blood serumFBS or bovine serum albumin
(BSA)which modulate the cell adhesion. The total amount of these
proteins adsorbed on the CNF-coated (c600, a600, c+a) and
noncoated meshes was evaluated by the Pierce BCA Protein Assay
Kit (Pierce BCA Protein Assay, Rockford, IL); for details, see
Supporting Methods (S1.9). Four parallel samples (eight measure-
ments in total) were used for each experimental group, and the data
were presented as the arithmetic mean ± standard deviation of the
adsorbed proteins (mg/sample), calculated from the BSA calibration
curve according to the manufacturer’s protocol. The data were further
expressed as the ratio of the adsorbed proteins (mg/sample) to the
concentration of the total proteins in 1.5 mL of added FBS and BSA
solutions and given as a percentage.

2.4.6. Cell Adhesion on cCNF Coatings Preadsorbed with
Proteins. To explain the cell behavior on cCNF coatings, meshes
(see S1.10) and glass coverslips (see S1.11) with cCNF coatings were
used for evaluating the dependence of the cell adhesion on the
composition of the preadsorbed proteins. The initial cell adhesion on
the c600 coatings was observed by fluorescence staining of the cells, as
described above (Section 2.4.4). The treated group of cCNF coatings
was preadsorbed with proteins for 2 h before cell seeding, while the
cCNF coating control group was seeded with cells and proteins
simultaneously (Scheme S1).

2.5. Statistical Analysis. The statistical significance of the data
measured by AFM was evaluated using the nonparametric analysis of
variance (Kruskal−Wallis), with Tukey’s posthoc test for pairwise
comparison. Values of p ≤ 0.05 were considered significant. If not
stated otherwise, the data postprocessing and statistical testing were
performed in Matlab 2019a (MathWorks Inc., Natick, MA). The
parametric data from the measurements of the swelling ratio, the cell
metabolic activity, and the protein adsorption were evaluated using
parametric analysis of variance (ANOVA) with Tukey’s posthoc test
for pairwise comparison. Values of p ≤ 0.05 were considered
significant.

3. RESULTS

3.1. Structural Characterization of the Noncoated
and CNF-Coated Meshes. According to the MicroCT
analysis (Figure S1), the average fiber thickness of the
noncoated mesh was 7.2 ± 1.97 μm (max. 16.1 μm), while
the average void thickness was 44.3 ± 36.3 μm. The noncoated
mesh possessed high porosity of 84.9%.
The topography of the noncoated and CNF-coated meshes

was analyzed using SEM (Figure 1). Depending on the volume
applied on the surface of the cellulose mesh and on the charge
of the CNFs, the CNF solutions either penetrated into the
pores of the mesh, mimicking the 3D structure of the mesh, or
formed an almost flat layer on top of the mesh (Figure S1).
The CNF solutions with a volume of 150 μL (a150, c150)
covered the individual fibers of the mesh and filled the pores
between them (see the first column in Figures 1 and S1), while
a volume of 600 μL (c600, a600) formed a thin film on the
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surface of the mesh (see the second column in Figures 1 and
S1). At the same time, the cCNFs, mainly c600 and c+a,
showed a tendency to form a flat, 2D film-like coating on the
mesh surface, while the aCNFs, predominantly a150, covered
the individual mesh fibers and filled the pores between them,
which created a more pronounced 3D microtopography. As a
result, the best-developed 3D microtopography was obtained
using 150 μL of aCNFs, and the most pronounced film-like 2D
microtopography was observed when 600 μL of cCNFs or c
+aCNFs was used (Figures 1 and S1).
The surface roughness was determined using AFM. The

results show that the Ra median of a600 was 9.04 nm and the
Ra median of c600 was 10.20 nm The Ra median of c+a was
55.76 nm (Figure 1). Groups c600 and a600 were significantly
different from group c+a (p = 0.025) (Figure S1).
3.2. Swelling Ratios and Contact Angles of CNF

Coatings. The swelling ratios of the noncoated and c600,
a600, and c+aCNF-coated meshes were determined after 20 h
in deionized water (dH2O) and DMEM. The highest swelling
ratio was measured in dH2O in the c600 coatings. However,
there was no significant difference between CNF-coated and
noncoated meshes in DMEM (Figure 2A). Due to the
considerable water uptake of the underlying meshes, the
CNF coatings were prepared on glass coverslips and the
swelling ratio in DMEM was measured (Figure 2B). The
swelling ratio of the c600 coatings was significantly higher than
those of the a600 and c+a coatings after 20 min in DMEM, but
after 20 h, there was no additional water uptake by the c600
coatings (Figure 2B). However, the water uptake by the a600
coatings increased with time, and the values after 20 h were
significantly higher (p = 0.03) than the values after 20 min
(Figure 2B). The swelling ratio of the c+a coatings increased
slightly between 20 min and 20 h (Figure 2B). The swelling
ratios of the noncoated meshes in DMEM and dH2O were
comparable (Figure 2A), and they remained relatively
unchanged during the incubation period in DMEM (Figure
2B). The measured contact angles are reported in the
Supporting Information (Figure S2).
3.3. Stiffness of the CNF Coatings Measured Using

AFM. The average stiffness values (arithmetic mean ± SD) of

c600, a600, and c+aCNF-coated meshes in the dry state were
0.572 ± 0.24 GPa (Mdn = 0.640), 0.683 ± 0.45 GPa (Mdn =
0.538), and 0.315 ± 0.10 GPa (Mdn = 0.275), respectively.
Although there was a significant difference in coating stiffness
between a600 and c+a (p = 0.034), the mean Young moduli
reached the same order of magnitude, and the confidence
interval demonstrated only a negligible difference (Figure 2C).
The average stiffness values of the CNF-coated meshes after

wetting in DMEM for 20 min were 121 ± 16 kPa (Mdn =
116), 342 ± 101 kPa (Mdn = 326), and 241 ± 83 kPa (Mdn =
230) (Figure 2D0 h). Young’s moduli in the wet state
(Figure 2D) are, on an average, three orders of magnitude
lower than that in the dry state (Figure 2C), which indicates
considerable softening of the materials after wetting. The c600
coatings were significantly (p = 0.002) softer than the a600
coatings, while the stiffness of the c+a coatings was between
them after 20 min in DMEM (Figure 2D, 0 h).
The average stiffness values of the CNF-coated meshes after

17 h in DMEM were 131 ± 37 kPa (Mdn = 121), 173 ± 117
kPa (Mdn = 194), and 219 ± 174 kPa (Mdn = 221),
respectively (Figure 2D, 17 h). Although the median values of
a600 and c+a stiffness were higher than the c600 stiffness
values, no significant difference between the tested groups was
found (Figure 2D, 17 h). There was a significant difference (p
= 0.034) within the a600 coatings, depending on the time
scale, while Young’s moduli of the c600 (p = 0.999) and c+a (p
= 0.848) coatings did not differ significantly after 17 h from the
situation after 20 min. The stiffness of the a600 coatings
decreased with time (Figure 2C), while the water uptake
increased with time (Figure 2A), which means that a600
coatings become softer during incubation in DMEM.

3.4. Cell Behavior on CNF-Coated Meshes. 3.4.1. Over-
all Growth Dynamics of Cells on CNF-Coated Meshes. The
growth of NHDFs and ADSCs on the CNF-coated and
noncoated meshes was evaluated at three time intervals by
measuring the cell metabolic activity using the resazurin assay.
The values of the cell metabolic activityan indicator of the
cell numberwere used for constructing growth plots to
evaluate the overall growth dynamics of the cells within a 1-
week period (Figure S3).

Figure 1. Topography and roughness. Front view and side view (inset image) of SEM images of c150, c600, a150, a600, and c+aCNF-coated and
noncoated meshes (left and center). The roughness of the c600, a600, and c+aCNF-coated meshes was measured by AFM (right).
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The dynamics of the cell growth on meshes coated with
aCNFs or c+aCNFs were comparable to the dynamics on
standard tissue culture PS, while on the cCNF-coated meshes,
it was similar to the dynamics on the noncoated meshes.
Interestingly, these differences were more apparent in NHDFs
than in ADSCs (Figure S3). This motivated a deeper analysis
of the mechanisms behind these phenomena. The initial
adhesion of the two cell types on the CNF-coated and
noncoated meshes (Figure 3) and the adsorption of serum-
derived proteins (Figure 4) were characterized on day 1 after
cell seeding. The proliferation and the morphology of the cells
were observed on day 3 when the cells were fully spread and
their morphology was well developed (Figures S5 and 5). The
final status of the colonization of the CNF-coated cellulose
meshes with cells was evaluated on day 7 (Figures S6 and 6).
3.4.2. Day 1: Initial Adhesion of Cells on CNF-Coated

Meshes. We observed that the metabolic activity and the
morphology of the NHDFs and the ADSCs on the cCNF-
coated and aCNF-coated meshes differed (Figure 3). The
metabolic activity of the NHDFs was significantly lower on the
cCNF coatings than that on the aCNF and c+aCNF coatings
(Figure 3A). Conversely, the metabolic activity of ADSCs on
the cCNF coatings was mostly similar to, or even slightly better
than, on the aCNF coatings (Figure 3B). The cell metabolic
activity of both cell types on c+a coatings reached almost the
same level as on polystyrene (PS = 100%; Figure 3A,B).
Similarly, the visualization of the cell morphology revealed

that NHDFs on c600 coatings was often rounded and
nonspread (Figure 3C), while the adhesion and spreading of
ADSCs were almost the same as those on the a600 and c+a
coatings (Figure 3D). The 3D topography of the a150 CNF-
coated meshes supported the attachment and physiological
elongation of both cell types. The flat c600, a600, and c+a
coatings were more suitable for cell spreading into a polygonal
shape, as they provided the cells with a more homogeneous flat
area (Figure 3C,D). Vinculin was homogeneously dispersed

throughout the cells, and no distinct focal adhesion sites were
observed in the cells on any type of the CNF coating (Figure
3C,D), even at higher magnification (objective 40×; data not
shown).

3.4.3. Day 1: Adsorption of Serum-Derived Proteins on
CNF-Coated Meshes. To explain the differences in the initial
cell attachment and spreading on the CNF-coated meshes on
day 1, c600, a600, c+a and noncoated meshes were
preadsorbed with serum-derived proteins modulating cell
adhesion (Figure 4). When the samples were pretreated with
1.5 mL of 10% FBS in DMEM, a significantly greater amount
of proteins was adsorbed on the c600 and c+a coatings than
that on the a600 coatings and on the noncoated meshes
(Figure 4A). To estimate the adsorption of non-cell-adhesive
BSA from 10% FBS, the samples were pretreated with 1.5 mL
of 0.25% BSA in DMEM, which theoretically corresponds to
the average concentration of BSA in 10% FBS. Interestingly,
the absolute amount of adsorbed BSA on the c600 coatings
was lower than that of the absolute amount of proteins
adsorbed from 10% FBS (Figure 4A). However, the percentage
of BSA (15.6%) adsorbed on c600 from the BSA solution was
higher than the percentage of proteins (13.1%) adsorbed from
10% FBS (Figure 4B). In contrast, the percentage of BSA
(5.5%) adsorbed from the BSA solution on the a600 coatings
was lower than that of the percentage of proteins (6.9%)
adsorbed from the 10% FBS (Figure 4B). On the c+a coatings,
the BSA (12.4%) adsorbed from the BSA solution in a similar
proportion to the proteins (12.5%) adsorbed from the 10%
FBS (Figure 4B). These results indicate that the c600 and c+a
coatings adsorbed more non-cell-adhesive BSA from the FBS
than the a600 coatings and noncoated meshes adsorbed. This
may explain the lower cell adhesion on the cCNF coatings than
that on the aCNF coatings.

3.4.4. Day 1: Adhesion of Cells on cCNF Coatings
preadsorbed with Serum-Derived Proteins. Due to the
differences in attachment between the cells on cCNFs (Figure

Figure 2. Swelling ratio and stiffness. Swelling ratio of CNF-coated meshes after 20 h in dH2O and DMEM (A). Swelling ratio of CNF-coated glass
coverslips after 20 min in DMEM and after 20 h in DMEM (B). Arithmetic mean ± SD from three independent samples, ANOVA, Tukey’s
method, and statistical significance (p ≤ 0.05). Young’s modulus before wetting with DMEM (dry state; C) and after wetting with DMEM (wet
state; 0 h; 17 h; D). Median and interquartile range from eight measurements, Kruskal−Wallis, Tukey’s method, and statistical significance (p ≤
0.05).
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3) and due to the adsorption of the serum-derived proteins
predominantly on the cCNFs (Figure 4A,B), the initial
adhesion of cells on preadsorbed serum-derived proteins was
studied only on the cCNF coatings.
On the cCNF-coated meshes preadsorbed with FBS, the

ADSCs and NHDFs adhered in low numbers, and their shape
after 24 h was abnormal and nonphysiological (Figure 4C,D).
However, when the cells were seeded in DMEM supplemented
with FBS on pure cCNF-coated meshes, the adhered ADSCs
were almost confluent and were well-spread after 24 h. In
contrast, the number of adhered NHDFs remained low, and
their morphology was comparable with the NHDFs on the
cCNF coatings preadsorbed with FBS. Similar results were
observed in BSA, although this protein is nonadhesive for cells.
On meshes preadsorbed with BSA, both cell types were unable
to spread after 2 h. However, when the cells were seeded on
pure cCNF-coated meshes in DMEM supplemented with BSA,
the ADSCs adhered in greater numbers than the NHDFs and
showed some tendency to spread after 2 h of cultivation
(Figure 4C,D).
In addition to the investigation into cCNF-coated meshes,

the response of NHDFs and ADSCs to the preadsorbed

proteins was investigated on cCNF-coated glass coverslips to
eliminate the effect of the underlying mesh and to enable live-
cell imaging. The results were basically similar to those
obtained on the cCNF-coated meshes, i.e., (1) poor adhesion
and spreading of both cell types on glass coverslips
preadsorbed with FBS or BSA, (2) almost equally poor
adhesion and spreading of NHDFs seeded on pure glass
coverslips in a medium supplemented with FBS or BSA, but
(3) relatively good adhesion and spreading of ADSCs seeded
on glass coverslips in a medium with FBS or BSA (Figure S4).
These results suggest that ADSCs adhere more quickly than

NHDFs; that is, mostly before the adsorption of non-cell-
adhesive albumin, which is contained in FBS. This assumption
was confirmed by live-cell imaging using cell trackers.
Simultaneous seeding of NHDFs (red) and ADSCs (green)
on a cCNF-coated glass substrate in DMEM with 10% FBS
revealed that the attachment and spreading of ADSCs was
quicker than the attachment of NHDFs, which were much
slower in their attachment and were not able to spread
properly (Supporting Video).

3.4.5. Day 3: Proliferation and Morphology of Cells on
CNF-Coated Meshes. Measurements of cell metabolic activity

Figure 3. Metabolic activity (A, B) and the morphology (C, D) of NHDFs and ADSCs on CNF-coated and noncoated meshes on day 1 after cell
seeding. (A, B) Metabolic activity of the cells on CNF-coated and noncoated meshes is displayed as a value relative to the metabolic activity of the
cells on polystyrene (PS = 100%; red lines). Arithmetic mean ± SD from eight measurements made on four independent samples, ANOVA,
Tukey’s method, and statistical significance (p ≤ 0.05). N, No significant difference in comparison with the noncoated mesh (mesh). (C, D) F-
actin in the cell cytoskeleton is stained in red and vinculin is stained in green. A confocal microscope with an objective magnification of 20×. Scale
bar = 50 μm.
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after 3 days of cultivation (Figure S5A,B) revealed that aCNF-
coated meshes (a150, a600) significantly increased the
proliferation capacity of both cell types compared to the
noncoated meshes (mesh) and the cCNF-coated meshes
(c150, c600). The metabolic activity of NHDFs on cCNF-
coated meshes (c150, c600) was almost at the same level as on
noncoated meshes, and it remained at almost the same level as

on day 1 (cf. Figures S5A and 3A). The negative influence of
cCNFs on cell behavior started to be visible also in ADSCs
(Figure S3). However, the metabolic activity of the ADSCs
was still slightly higher on the c150 and c600 coatings than the
metabolic activity of the NHDFs (Figure S5A,B). Similarly to
day 1 (Figure 3A,B), the metabolic activity of both cell types
on the c+aCNF-coated meshes was comparable with the values

Figure 4. Adsorption of proteins on the cCNF-coated meshes measured by the Pierce BCA Protein Assay Kit (A, B), and initial adhesion of
NHDFs and ADSCs on the cCNF-coated meshes with and without preadsorbed proteins (C, D). (A) Adsorption of 1.5 mL of 0.25% BSA (2.5
mg/mL) and 10% FBS (3.64 mg/mL of proteins) displayed in mg/sample. (B) Relative adsorption of 0.25% BSA (3.75 mg = 100%) and 10% FBS
(5.46 mg = 100%) displayed as a percentage. Arithmetic mean ± SD from eight measurements made on four independent samples, ANOVA,
Tukey’s method, and statistical significance (p ≤ 0.05). N, No significant difference compared to the noncoated mesh (mesh). Adhesion and
spreading of NHDFs (C) and ADSCs (D) on cCNF-coated meshes with (FBS ads_24h and BSA ads_2h) and without (with FBS_24h and
BSA_2h) preadsorbed proteins after 2 h and 24 h of cell cultivation. F-actin in the cell cytoskeleton is stained in red. Nonspecific binding of the
secondary antibody on cCNF coatings and vinculin in the cells are indicated by green. A confocal microscope with an objective magnification of
20×. Scale bar = 50 μm.

Figure 5. Morphology of NHDFs (A) and ADSCs (B) on CNF-coated and noncoated meshes on day 3 after cell seeding, acquired by SEM. Scale
bar = 20 μm.
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on the control polystyrene (PS = 100%) but was significantly
lower than the values on the a600 CNF-coated meshes (Figure
S5A,B).
After 3 days of cultivation, the cells were mostly spread, and

the morphology and the orientation of both cell types were
guided by the surface topography of the CNF-coated meshes.
The flat 2D surface of the c600 coatings markedly supported
the growth of ADSCs (Figure 5B), while the NHDFs were
poorly spread and started to detach from the c600 coatings
(Figure 5A). However, this rounded morphology of the
NHDFs was slightly improved by the 3D topography of the
c150 coatings, where the cells acquired a more physiological
spindle-like morphology (Figure 5 and S5C). Similarly,
although the number of both cell types was higher on the
2D surfaces of the a600 coatings, more elongated cells were
observed on the 3D surface of the a150 coatings. The cells on
noncoated meshes were round and were barely attached
(Figures 5 and S5C,D).
3.4.6. Day 7: Final Colonization of the CNF-Coated

Meshes with Cells. The metabolic activity of ADSCs on all
types of tested materials was generally lower than the
metabolic activity of the NHDFs (Figure S3). However, the

proliferation of both cell types on the cCNF-coated and
noncoated meshes was significantly lower than that on the
aCNF- and c+aCNF-coated meshes. Despite the overall low
growth capacity of the cells on the cCNF coatings, the
numbers of both cell types were higher on c150 than those on
c600 (Figure S6A,B). On a600 and c+a, both cell types
reached confluence and colonized almost the entire surface
(Figure S6C,D). On day 7, the cell growth capacity on the 3D
surface of a150 was equalized with the cell growth capacity on
a600 and on c+a, especially in the case of NHDFs (Figure S6).
The 3D projections of microscopy images of cells on the

CNF-coated meshes revealed that the 2D coatings (a600 and c
+a) enhanced the proliferation and spreading of both cell types
only in the xy directions, while the 3D coatings (a150)
supported elongation of the cells on the mesh fibers and
between them in all xyz directions (Figure 6). Therefore, the
3D surface of the a150 coatings provided more space for cell
elongation and proliferation (Figures 6 and S6). The negative
effect of cCNF, mainly of c600 coatings, on cell attachment
was manifested by the formation of clusters of ADSCs and
spheroids of NHDFs (Figures 6 and S6).

Figure 6. Morphology of NHDFs (A) and ADSCs (B), guided by the topography of the CNF-coated meshes after 7 days of cultivation. 3D
projection of microscopy images (front view and side view) of the cells on CNF-coated meshes. F-actin of the cell cytoskeleton is stained in red,
and vinculin in the cells is stained in green. A confocal microscope with an objective magnification of 40×.
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The interaction of the cells with the material surface
topography and the formation of vinculin-containing focal
adhesion sites were evaluated from 3D projections of
microscopy images (Figure 6). During 1 week of cultivation,
the interactions between the cells and the surface topography
features were established, and a positive effect of the 3D
topography of the a150 coatings and also of the c150 coatings
on cell growth was observed (Figures 6 and S6C,D). The cells
detaching from the c600 CNF-coated meshes showed vinculin
dispersed throughout the cell without creating any focal
adhesions, except for the spheroidal structures, where vinculin
seems to be located in the cell−cell contacts. On the c150
CNF-coated meshes, vinculin was more visible in the cells, but
only a few barely detected focal adhesions were observed
(Figure 6). On the aCNF-coated meshes, the cells were spread
in all three dimensions and grew along the directions of the
mesh fibers, and focal adhesions were clearly visible (see a150
in Figure 6). On the predominantly 2D surface of the a600
coatings, a higher vinculin signal was observed in the cells that
were migrated upward to the top of the protruding aCNF-
coated mesh fibers (see a600arrows in Figure 6).

4. DISCUSSION
4.1. Properties of CNF-Based Coatings. In this study,

we prepared nanocellulose-based coatings on a microfibrous
cellulose mesh to improve its properties as a cell carrier in skin
tissue engineering and wound healing applications.
Based on the amount of the CNF solutions that was applied,

two different coating microtopographies were formed. A
greater volume of the CNF solution (600 μL) resulted in
the formation of a flat film-like coating on the surface of the
cellulose mesh, while a lower suspension volume (150 μL)
resulted in a coating that covered the individual fibers of the
mesh. Although the topographies can be regulated by the
volume of the solutions, the cCNF solution predominantly
formed a film-like coating on the surface of the cellulose mesh,
while the solution of aCNFs leaked into the mesh pores more
easily and predominantly covered the individual mesh fibers
(Figures 1 and S1). This behavior can be explained by the
presence of larger fibrils in the cCNF solution than in the
aCNF solution.32,33 The larger cCNF fibrils were accumulated
on top of the mesh fibers and prevented further penetration of
the cCNF solution into the mesh pores, which resulted in a
thin film on the mesh surface. This phenomenon was utilized
in the preparation of the c+aCNF coatings, where the cCNF
solution was first applied on the mesh followed by the
application of aCNF and then by mixing of the two solutions.
The larger cCNF fibrils blocked the pores and prevented
penetration of the aCNFs. The aCNFs formed ionic cross-
linking with the oppositely charged sidechains of the cCNFs, as
the trimethylammonium (−N(CH3)3

+) group of cCNFs can
form ionic bonding with carboxyl (−COO−) groups of
aCNFs.34

To describe the functionality of the CNF coating at the cell
perception level, the surface roughness of the CNF coating was
measured. The roughnesses of the c600 (Ra ∼ 9.04 nm) and
a600 (Ra ∼ 10.2 nm) 2D coatings were similar (Figures 1 and
S1). The greater variation in the roughness of c600 is probably
due to the locally distributed larger fibers present in the cCNF
solution.12,33 The greater roughness of c+a (Ra ∼ 55.76 nm)
could be due to strong ionic cross-linking between the anionic
−COO− and cationic −N(CH3)3

+ groups that probably
formed the local aggregation of the nanofibrils.

The different surface chemistries of the CNF coatings
influence the wettability and the water uptake, which results in
the different swelling properties and the different softening
dynamics of the coatings. The more hydrophilic surface of
aCNFs presents −COO− and hydroxyl (−OH) functional
groups that enable hydrogen bonding.23 Thus, the aCNF
coating binds more water on the surface, resulting in a lower
contact angle (31°) with water than that on the surface of the
cCNFs, which contains not only hydrophilic −OH groups but
also more hydrophobic methyl (−CH3) groups. The −CH3
groups do not form hydrogen bonds.23 This renders the cCNF
surface more hydrophobic, resulting in a higher contact angle
on cCNFs (65°) with water. The hydrogen-bonding capacity
may also influence the penetration of the fibrils into the mesh
pores, as discussed above. The cellulose mesh has more
hydrogen-bonding sites for −COO− and −OH groups of
aCNFs than those for the −CH3 of the cCNFs.23 HPTMA
functionalization of the −OH group in C2 of the cCNF
cellulose backbone23,35 resulted in a larger functionalized
moiety than that in the case of the smaller COO−-
functionalized −OH group in C6 of aCNFs. Thus, the
cCNFs form a more branched and spongier structure (see the
structures in Chaker and Boufi23), which enables cCNFs to
take up more water36 than aCNFs. The positively charged
−N(CH3)3

+ groups interact with dipolar substituents,37

enabling solvation even though the −CH3 groups make the
cCNFs more hydrophobic.
The swelling ratio and the changes in surface stiffness were

measured with time. The surface stiffness of all wetted CNF
coatings was dramatically reduced in comparison with the
coatings in a dry state. The greater stiffness of the aCNF
coatings in comparison with that of the cCNF coatings at the
beginning can be explained by the capacity of oxidized
nanofibrils to build up a strong network held together by
hydrogen bonding,23 while the presence of the 2-HPTMA
chloride moiety of the cCNFs reduces hydrogen bonding and
thus weakens the cohesion of the network.23 The softening of
aCNFs with time could also be due to displacement of the
hydrogen bonding between the −COO− and −OH groups by
the hydrogen bonding between the −COO− and H2O
molecules. In addition, the charged groups of CNFs should
also increase the hydrophilicity of the material. It has been
reported that TEMPO oxidation increases the negative charge,
resulting in electrostatic repulsion between the fibrils in a wet
state; thus, the high negative charge of TEMPO-oxidized
CNFs causes low water resistance38 and high swelling.28 The
surface charges of our aCNF and cCNF coatings are probably
similar to the reported ζ-potential values for the corresponding
grades of CNFs, which were −69.5 mV (for aCNFs) and +41
mV (for cCNFs).33,39 The negative surface charge, in
combination with hydrogen bonding to the water molecules,
could explain the swelling and softening of aCNF coatings over
time, while the branched sponge-like structure of −N(CH3)3

+

groups could contribute to the higher total water uptake of
cCNF coatings. The swelling of cCNFs decreased slightly,
while the mean stiffness increased slightly. This is particularly
apparent during the immersion of cCNFs in DMEM. The ions
present in DMEM may enable ionic cross-linking to some
extent, which reduces the water uptake and increases the
strength of the material, which was observed for cCNFs over
time. In summary, the general trend in stiffness follows the
general trend of the swelling of the coatings. There was a
significant difference in swelling of c600 between water and
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DMEM (Figure 2A). Unlike the deionized water used in our
experiments, DMEM contains a variety of ions that can
interact with the positively charged moieties of c600, and
subsequently, fewer water molecules are occupied around these
sites, resulting in less water uptake than that in the case of the
samples soaked in deionized water (Figure 2A).
The microtopographical structure of the c+a combination is

similar to that of the cCNFs, while the contact angle, swelling,
and stiffness properties more closely resemble those measured
on the aCNF coatings. The roughness of the c+aCNF coating
differs from the roughness of both cCNFs and aCNFs. The
values of contact angle and the swelling of c+aCNFs are closer
to the values of aCNFs than to the values of cCNFs. This is
probably due to strong ionic cross-linking between c+aCNFs,
which prevents the water from penetrating into the structure.
However, the c+aCNF coating contains more hydrophilic
hydrogen-bonding groups than the cCNF coatings, which may
also have an effect on the swelling and stiffness. The stiffness of
the c+aCNFs coating did not decrease over time, as was
observed with the aCNF coatings. This can be explained by
strong ionic cross-linking, which can reduce the interactions of
hydrogen-bonding groups with water molecules. The c+aCNF
combination, therefore, offers an interesting set of properties,
which might be further adjusted to create not only film-like
coatings for cell cultivation but also 3D cross-linked CNF gels
for cell embedding and for 3D printing.
4.2. Cell Behavior Influenced by the Properties of

CNF Coatings. A comparison was made between two coating
microtopographiesthe 2D film-like topography and the 3D
coating topographyfor differences in cell−material inter-
actions. Our results suggest that the flat substrates of c600,
a600, and c+a, where the cells formed monolayers, can be
suitable for cell sheet technology. This technology enables the
creation of self-standing, mechanically resistant, continuous
cell sheets that can be replanted on other substrates, such as
tissue-engineered skin constructs in vitro or wound beds in
vivo. The cell sheets can be released from cellulose substrates
by cellulase enzymes, which are not cytotoxic. In addition,
unlike proteolytic enzymes such as trypsin or collagenase, they
preserve the cell-to-cell connections and the ECM proteins
within the sheets.40 The 3D substrates of c150 and a150,
where the cells penetrated into the material, are also promising
for tissue engineering and for future clinical applications. 3D
substrates made of a CNF-coated cellulose mesh might provide
sufficient space for the cells for in vitro long-term cell
cultivation and might allow for better diffusion of nutrients
than the widely used hydrogels.41

Not only the microtopography of the material but also the
cell−material interactions can also be modulated by the
elasticity, roughness, and surface chemistry of the material. The
elasticity of natural tissues varies from 0.2 to 1 kPa for soft
tissues, such as brain or fat, via medium-soft tissues such as
skin (10−30 kPa), to hard tissues of more than 105 kPa, e.g.,
for bone.42,43 The stiffness of our CNF coatings is close to the
stiffness of native tissues such as fibrotic tissue (100 kPa),
cartilage, and tendon (approaching 103 kPa).25,42 By
comparison, Kummala et al. introduced 0.1 mm thick CNF
films with Young’s modulus between 1 and 60 kPa.3 Although
the CNF substrates used in this study were much softer than
the conventional cell culture substrates (GPa),42 they can be
considered as relatively stiff substrates at the cell perception
level. For example, Achterberg et al. determined Young’s
modulus of native human dermis using AFM between 0.1 and

10 kPa, depending on the location, which is at least 10 times
softer than our CNF substrates.44

Not only the stiffness but also the roughness is important at
the cell perception level, especially for initial cell attachment,
because the cell focal adhesions are in the nanoscale range
from 2 to 200 nm.45 Alterations in material surface roughness
can influence the adhesion and further proliferation of
fibroblasts, as described by Bourkoula et al., and also the
spreading and differentiation of mesenchymal stem cells, as
observed by Hou et al.46,47 While the aCNF and cCNF
coatings showed relatively low roughness, the c+aCNF
combination showed a rougher surface (see Ra ∼ 55.76 nm
in Figure 1), which corresponds to the least rough surface
measured by Hou et al.47 These authors revealed that the
substrates with the lowest studied roughness (Ra ∼ 31.49 nm)
supported cell adhesion and spreading, but the cell−substrate
tension and osteogenesis were only moderate in comparison
with the substrates with intermediate roughness (Ra ∼ 183.16
nm).47

Although the studied CNF surfaces differ in many
parameters, including the microtopography, roughness, swel-
ling ratio, and Young’s modulus, we assume that the main cell
adhesion-modulating factor is the surface chemistry of CNFs,
which governs the surface charge and wettability. The surface
chemistry can determine the composition of proteins adsorbed
on CNF surfaces and the speed with which various serum
proteins are adsorbed and the cells are adhered.24 It is
generally known that cells adhere to material substrates
through the proteins adsorbed to the material surface from
the biological fluids. Adhesion-mediating proteins, such as
fibronectin, vitronectin, collagen, and laminin, contain specific
amino acid sequences (e.g., RGD) that can be recognized by
integrin receptors on cells, while albumin is nonadhesive for
cells due to the lack of these specific adhesion sequences in its
molecule. However, albumin can improve the geometric
conformation of the cell adhesion-mediating proteins for
binding by cell adhesion receptors.21 Based on the Vroman
effecti.e., the dynamics with which proteins adsorb and
interchange in timewe can assume that the NHDFs and
ADSCs adhered to a layer of proteins that differ in their
composition.48

We have demonstrated that cCNFs with positively charged
−N(CH3)3

+ tails adsorb more proteins, predominantly BSA,
than aCNFs with negatively charged −COO functional groups
(Figure 4). Similar results were achieved by Attwood et al.50

with well-defined positively charged −N(CH3)3
+- and

−COO−-terminated self-assembled monolayers (SAMs) and
also by Courtenay et al., who quantified the proteins adsorbed
from FBS, specifically BSA, on positively charged GTMAC-
modified cCNF scaffolds.49,50 They revealed increasing protein
adsorption with increased cationization. The greater affinity of
BSA to positively charged surfaces could be due to the negative
character of the BSA at the physiological pH of DMEM.51,52

We could expect that the negatively charged proteins in FBS,
such as fibronectin, vitronectin, and BSA, have the same
electrostatic affinity to the positively charged surfaces at the
physiological pH of DMEM due to their similar theoretical
isoelectric points.26 However, the concentration of BSA at a
level between 35 and 50 mg/mL in FBS is 100−1000 times
higher than the concentration of other proteins,26,27 which
makes BSA the most abundant adsorbed protein on positively
charged substrates. Furthermore, Hoshiba et al.26 revealed that
the absolute amount of adsorbed proteins on chemically

Biomacromolecules pubs.acs.org/Biomac Article

https://dx.doi.org/10.1021/acs.biomac.0c01097
Biomacromolecules 2020, 21, 4857−4870

4866



modified charged methacrylates (MA) is less important than
the protein composition of the most superficial layer. In their
study, positively charged −N(CH3)2

+-terminated MA ad-
sorbed more proteins from FBS than were absorbed by
negatively charged −COO−-terminated MA. However, the
most superficial layer of −COO−-terminated MA contained
more cell adhesion-mediating proteins, mainly vitronectin, and
also fibronectin in its more suitable conformation for cell
adhesion.26 In general, the positive effect of negatively charged
−COO− termination on cell adhesion, spreading, and
proliferation of various substrates has been confirmed by
many other research groups.6,26,53

The abundant yields of BSA on the surface of the cCNF-
coated meshes probably reduced the amount of attached
NHDFs, but it did not influence the attachment of the ADSCs.
Based on Courtenay et al.’s work, we hypothesize that the
ADSCs were attracted by the positive charge on the surface of
the cCNFs, and their attachment can be classified as protein-
independent electrostatically mediated adhesion.6,8 Unlike
Courtenay et al., we observed this phenomenon with ADSCs
not only in a serum-free medium but also in a serum-
containing medium (Figure S4 and the Supporting Video).8

This could be due to a higher adhesion speed of ADSCs than
that of NHDFs, which enabled them to adhere before the
adsorption of BSA took place. This was clearly visible
especially on the ADSCs that were not able to adhere to the
cCNF coatings, which were preadsorbed with FBS or
nonadhesive BSA (Figure 4). Although ADSCs adhered to
the cCNF coatings in large numbers, their cell adhesion forces
were rather weak, as was manifested by the suppression of
proliferation and by the formation of clusters and spheroids.
Courtenay et al. reported similar findings, revealing that there
was greater cell adhesion on cationic nanocellulose than on
anionic nanocellulose in the serum-free medium, while the
cells in the serum-containing medium responded in the
opposite way.6 This confirms that the cells in a serum-free
medium adhered to positively charged substrates via integrin-
independent electrostatic interactions, while cell adhesion was
suppressed in the serum-containing medium by the adsorption
of the proteins in an inappropriate spectrum and conformation.
Negatively charged substrates therefore seem to be more
suitable for cells due to the presence of stronger protein-
mediated integrin-dependent adhesions and also weak electro-
static cell−material interactions.26,53 In addition, this specific
integrin-mediated cell adhesion is capable of delivering
appropriate signals to cells, ensuring the viability, proliferation,
and other functions of the cells.
The adsorption of proteins and further cell adhesion is also

mediated by the hydrophilicity or hydrophobicity of the
surfaces.27,50,53 Although both CNF coatings were expected to
be hydrophilic due to the charged −COO− and −N(CH3)3

+

functional groups,50 the cCNFs (contact angle 65°) were more
hydrophobic than the aCNFs (contact angle 31°). The
presence of neutral −CH3 groups on the surface of cCNFs
probably reduced the hydrophilicity, which made the surface
less attractive than the surface of aCNFs for the cells in a
serum-containing medium. Similar results were achieved by
McClary et al. and Faucheux et al. with −CH3- and −COO−-
terminated SAMs.53,54 In addition, Arima and Iwata27

described how moderately hydrophilic SAMs enhanced cell
adhesion even though they were preadsorbed with BSA, while
hydrophobic SAMs preadsorbed with BSA inhibited cell
adhesion. This was due to the strongly adsorbed BSA on

hydrophobic SAMs, which cannot be replaced by cell
adhesion-mediating proteins as effectively as on hydrophilic
SAMs, where the proteins interchanged due to the Vroman
effect.27,48 We could assume that both aCNFs and c+aCNFs
were suitable for cell adhesion and growth due to their
hydrophilic surface character. Although the level of adsorbed
BSA on c+aCNFs was comparable to the level of less
hydrophilic cCNFs (Figure 4), the hydrophilic surface
character of c+aCNFs probably enabled BSA to be replaced
by the cell adhesion-mediating proteins in the most superficial
layer of the adsorbed proteins. However, the less adhesive
cCNF coatings for cells can also occupy an important place in
tissue engineering. As indicated by Figures 6 and S6, these
surfaces can be used for generating three-dimensional
multicellular spheroids, similar to the albumin-coated surfaces
in a study by Okuyama et al.55

5. CONCLUSIONS AND FURTHER PERSPECTIVES

In this study, we have developed novel electroactive coatings
on a cellulose mesh based on cationic nanofibrils (cCNFs) or
based on anionic cellulose nanofibrils (aCNFs) or based on a
1:1 mixture of both types of nanofibrils (c+aCNFs). When
seeded with normal human dermal fibroblasts (NHDFs) or
human adipose-tissue-derived stem cells (ADSCs), the
negatively charged aCNFs, and also the mixture of c+aCNFs,
appeared to provide better substrates for cell adhesion and
growth than the positively charged cCNFs. This was
demonstrated mainly with NHDFs. The most likely explan-
ation for this finding is that the positively charged cCNFs were
more hydrophobic and they preferentially adsorbed albumin,
which is nonadhesive for cells. However, negatively charged
aCNFs and combined c+aCNFs were hydrophilic, and they
adsorbed more serum proteins mediating cell adhesion, such as
vitronectin and fibronectin. In addition, cCNFs attracted the
cells via electrostatic forces, and this non-integrin-mediated cell
adhesion is less efficient in maintaining the viability and the
growth activity of cells. Nevertheless, all three types of CNF
coatings can be utilized in specific biomedical applications, e.g.,
in skin tissue replacement, using cell sheet technology in the
case of aCNFs and c+aCNFs, and the generation of cell
spheroids, in the case of cCNFs. In addition, c+aCNFs provide
an interesting combination of the properties of cCNFs and
aCNFs: the microtopographical structure is similar to that of
cCNFs, while the contact angle, swelling, and stiffness
properties more closely resemble the values for aCNF coatings.
In the future, the properties of the c+aCNF combination can
be further adjusted to create not only film-like coatings for cell
cultivation but also 3D cross-linked CNF gels for cell
embedding and 3D printing.
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1 Supporting Methods 

S1.1 Production of cellulose nanofibrils 

Before the TEMPO and EPTMAC chemical pretreatments, the pulp was disintegrated and 

cleaned using mild alkaline washing and autoclaving. Alkaline washing was performed twice 

using 0.1 M NaOH. The pulp was autoclaved and then washed with MilliQ water. 

The TEMPO-modified oxidation was carried out for 100 g pulp batch, which was suspended in 

water containing 2.09 g (0.13 mmol) of TEMPO and 47.84 g (4.65 mmol) of NaBr at 1% 

consistency. Then, 178.7 mL (240 mmol) of NaClO was slowly added while stirring at room 

temperature. The pH was kept at 10.3 by adding 1 M NaOH during the reaction. When the pH 

stopped decreasing, the reaction was stopped by adding 350 mL ethanol into the oxidized pulp 

suspension. Finally, the pH was adjusted to 6.5 by adding 1 M HCl. The oxidized pulp was 

washed with deionized water by filtration and stored in a fridge before further fibrillation.  

S1.2 Preparation of CNF-coated meshes 

The dry weight of the CNF supernatants (Section 2.1.2) was determined from the freeze-dried 

aCNF and cCNF solutions, and it reached the values of 0.147% (w/v) and 0.145% (w/v), 

respectively. These CNF supernatants were used for preparation of the CNF-coated meshes 

(further referred to as “c150, c600, a150, a600, c+a”). A volume of 150 μL (c150, a150) was 

pipetted on the top of the mesh to create three-dimensional (3D) coating, and a volume of 600 μL 

(c600, a600) was used in order to form two-dimensional (2D) film-like coating (Scheme 1). In 

the case of the cCNFs and aCNFs combination (c+a), a volume of 300 μL of cCNFs was firstly 

applied to the mesh surface and 300 μL of aCNFs was subsequently added. The cCNF and aCNF 

solutions were immediately mixed directly on the mesh surface by pipetting both solutions 

several times. The c+a coatings were prepared only in the final volume of 600 μL. The pristine 

noncoated mesh was used as the control group (Scheme 1). 

S1.3 Characterization of noncoated meshes using microCT   

The noncoated meshes were imaged with X-ray microtomography (microCT) at MicroXCT-

400 (X-ray tube voltage of 40 kV and a current of 250 μA; Carl Zeiss X-ray Microscopy, Inc., 

Pleasanton, CA). The 3D microCT images were reconstructed from 1601 projections with a 4-

sec exposure time (20× objective, binning 2, pixel size 1.15 μm) using the microCT software 
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tool XMReconstuctor. 3D image stacks were manually thresholded for the 3D analysis. The 

mean fiber thickness and the mean void thickness with standard deviations, volume fraction, and 

porosity were calculated by BoneJ Fiji plugin.1,2 The data visualization was realized using Avizo 

2019.3 software (Thermo Fisher Scientific, Waltham, MA). 

S1.4 Wettability of CNF layers 

The wettability of dry aCNF, cCNF and c+aCNF layers was measured on the layers prepared 

on microscopy glass coverslips (n = 3). The volume of 600 μL of CNF solution was spread on a 

glass coverslip and evaporated (up to 24 h at 60°C). The wettability was then analyzed by the 

sessile drop method using an OCA-15 plus optical goniometer (Dataphysics Instruments GmbH, 

Filderstadt, Germany). A 2 μL drop of deionized water (dH2O) or Dulbecco’s modified Eagle 

medium (DMEM) was dispensed on the CNF surfaces and the side profile photographs of the 

resulting droplets were captured with the goniometer for 15 sec at 0.2-sec intervals to determine 

the static contact angle. The average of approximately 5-sec periods was taken as the final value. 

S1.5 Surface mapping and characterization of mechanical properties using AFM 

The QI images of dry samples were acquired at randomly selected places after visual 

inspection for artefacts (Olympus IX 81, Tokyo, Japan). The size of each scanned area was 10 x 

10 μm2 with the resolution of 128 x 128 pixels. The curves were post-processed in Gwyddion 

software ver. 2.44 to obtain roughness maps represented by the Ra parameter.3  

The force-distance curves of dry samples were acquired by changing the mode to force 

spectroscopy mapping and scanning the samples at the grid size of 25 x 25 μm2, with a 

resolution of 8 x 8 pixels. 

The set point value for mechanical measurements of wet samples was 50 nN relative to the 

baseline value, and the speed of the probe was set to 10 μm/s. The absolute value of Young’s 

modulus was determined4 by fitting the force-distance approaching curves using the Maugis 

model5 in AtomicJ software.6 

For all measurements, the laser was set to maximize the reflection sum followed by centering 

the laser detector. The thermal noise method was used to return the cantilever stiffness. The data 

were recorded with the active closed loop at the 5 kHz sample rate.   
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S1.6 Characterization of isolated adipose-tissue-derived stem cells (ADSCs) 

In order to decrease the variability in the cell behavior between individual donors, the ADSCs 

from 10 female patients (age 26 – 47), harvested from lipoaspirates obtained from thighs under 

negative pressure of -200 mmHg, were mixed in passage 1. The pooled ADSCs were 

characterized in passage 2 by a flow cytometry analysis (Accuri C6 Flow Cytometer, BD 

Biosciences, San Jose, CA) for the positivity of the CD surface markers specific for adult 

mesenchymal stem cells; that is, CD105 (98.9%), CD90 (98.7%), CD73 (99.9%) and CD29 

(99.6%), and for the negativity of endothelial and hematopoietic markers, such as CD146 (1.5%) 

and CD45 (2.5%). Other endothelial and hematopoietic markers CD34 and CD31 were 

analyzed in cells from individual donors only, and the average values from all 10 donors were 

2% for CD34 and 0.5% for CD31. 

S1.7 Metabolic activity of cells on the CNF-coated meshes (Resazurin Assay) 

The stock solution of resazurin (40 mM) was diluted in a DMEM medium without phenol red, 

supplemented with 10% fetal bovine serum (FBS), to a final concentration of 40 μM according 

to the manufacturer’s protocol. The CNF-coated and noncoated meshes (n = 4) in CellCrown™ 

inserts were transferred to fresh 24-well plates in order to avoid interference of additional 

metabolic activity of cells growing on the well bottoms around and under the samples. After 

washing with phosphate-buffered saline (PBS; Sigma-Aldrich Co., St. Louis, MO), 1 mL of the 

resazurin solution of was added into each well. The cells were incubated with resazurin solution 

for 4 h at 37°C. Then 100 μL of this solution was pipetted into a 96-well plate in duplicates, and 

the fluorescence (Ex/Em = 530/590 nm) was measured by a spectrophotometer (Synergy™ HT 

Multi-Mode Microplate reader; BioTek, Winooski, VT). Background noise of the resazurin 

solution was removed based on the signal from each control sample without cells. 

S1.8 Fluorescence staining of cells on the CNF-coated meshes 

The cells were fixed with 4% paraformaldehyde (Sigma-Aldrich Co., St. Louis, MO) at room 

temperature for 20 min. Then, the solution of 0.1% Triton X-100 (Sigma-Aldrich Co., St. Louis, 

MO), diluted in PBS, was applied on samples at room temperature for 20 min in order to 

permeabilize the cell membrane by dissolving its lipid component. The nonspecific binding sites 

for antibodies on the samples were blocked with a solution of 1% bovine serum albumin and 

0.1% Tween 20 in PBS (all chemicals from Sigma-Aldrich Co., St. Louis, MO) at room 
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temperature for 20 min. The cells were stained with a primary antibody to human vinculin 

(monoclonal mouse antibody, clone hVIN-1, Sigma-Aldrich Co., St. Louis, MO, Cat. no. V9131) 

diluted in a blocking solution (1% albumin and 0.1% Tween 20 in PBS) at a ratio of 1:200. The 

primary antibody was incubated with the samples at 37°C for 1 h. After washing, the samples 

were incubated for 1 h at room temperature with a secondary antibody; that is, goat anti-mouse 

F(ab')2 fragments of IgG (H+L) conjugated with Alexa Fluor® 488 (Thermo Fisher Scientific, 

Molecular Probes, Waltham, MA, Cat. no. A11017), diluted in the blocking solution at a ratio of 

1:400. Finally, cytoskeletal F-actin was stained with phalloidin conjugated with 

tetramethylrhodamine isothiocynate (TRITC) fluorescent dye (Sigma-Aldrich Co., St. Louis, 

MO, Cat. no. P1951), diluted in PBS to a final concentration of 5 μg/mL, at room temperature 

for 1 h. The incubations with fluorescent dyes were performed in the dark; for example, in 

samples covered with aluminum foil. PBS was used for washing the samples between each 

individual step. The samples were imaged with a spinning disk confocal system Dragonfly 503 

(Andor, Belfast, UK) with Zyla 4.2 PLUS sCMOS camera (Andor, Belfast, UK), mounted on a 

microscope Leica DMi8 (Leica Microsystems, Wetzlar, Germany) with objective HC PL APO 

20×/0.75 IMM CORR CS2; Free Working Distance = 0.66 mm or HC PL APO 40×/1.10 W 

CORR CS2; Free Working Distance = 0.65 mm. 

For scanning electron microscopy (SEM) imaging, the cells on samples were fixed in 4% 

paraformaldehyde in PIPES buffer (pH ~ 7, Sigma-Aldrich Co., St. Louis, MO). The samples 

were dehydrated in the standard gradient of ethanol solutions (30 min in each concentration of 

30%, 50%, 70%, 96%, and 100%). The 100% ethanol was gradually replaced by the following 

series of drying solutions: 1:1 ethanol/acetone, 100% acetone (Sigma-Aldrich Co., St. Louis, 

MO), 1:1 acetone/hexamethyldisilazane (HMDS, Sigma-Aldrich Co., St. Louis, MO), 100% 

HMDS, with each step taking 30 min. The samples were evaporated in air for 48 h and scanned 

using SEM (ULTRAplus, Carl Zeiss, Oberkochen, Germany). 

S1.9 Protein adsorption on the CNF-coated meshes (Pierce™ BCA Protein Assay Kit) 

The noncoated meshes and meshes coated with 600 μL of CNF (c600, a600, c+a) – a volume 

that ensured homogeneous coatings – were incubated in 1 mL of DMEM without phenol red 

(Sigma-Aldrich Co., St. Louis, MO). The medium was supplemented either with 10% (v/v) of 

FBS or with bovine serum albumin (BSA, Sigma-Aldrich Co., St. Louis, MO) in a final 

concentration of 2.5 mg/mL. The samples in DMEM without any supplements were used as a 
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control. The total concentration of the proteins in 1.5 mL of DMEM supplemented with 10% 

(v/v) FBS was 3.64 mg/mL and in 1.5 mL of of DMEM supplemented with 0.25% (v/v) BSA 

was 2.5 mg/mL. After 24 h of incubation with the proteins at 37°C, the samples were rinsed with 

PBS in order to wash out the nonadsorbed or only weakly adsorbed proteins. In order to avoid 

the interactions of the meshes with proteins adsorbed on the CellCrowns™, the samples were cut 

from CellCrowns™ and placed into a fresh 24-well plate. The final solution of 600 μL of the 

working reagent and 75 μL of PBS was applied on each sample and incubated for 30 min at 

37°C. The volume of 225 μL of the final solution, taken from each sample, was then pipetted 

into a 96-well plate in two parallels, and the absorbance (562 nm) was measured using a 

VersaMax ELISA Microplate Reader spectrophotometer (Molecular Devices Corporation, 

Sunnyvale, CA). 

S1.10 Cell adhesion on the cCNF-coated meshes preadsorbed with proteins 

The treated group of c600 CNF-coated meshes was preadsorbed with cell adhesion-modulating 

serum-derived proteins by incubating in DMEM supplemented either with 10% (v/v) FBS or 

with 0.25% (w/v) BSA (referred to as “FBS ads” and “BSA ads”, respectively) for 2 h before the 

cell seeding. The cells were seeded subsequently at a density of 20 000 cells/insert (that is, 

approx. 25 000 cells/cm2) in 1 mL/well of DMEM without any supplements. In the control group 

of c600 CNF-coated meshes, the cells suspended in DMEM supplemented with 10% FBS or 

0.25% BSA (referred to as “with FBS” and “with BSA”, respectively), were seeded directly on 

the meshes at the same time, in the same seeding density and in the same volume of the medium 

as the cells in the treated group. The samples of both groups with BSA were fixed after 2 h of 

cultivation, while the samples with FBS were fixed after 24 h of cultivation (Scheme S1). 

S1.11 Cell adhesion on the cCNF-coated glass coverslips preadsorbed with proteins 

In addition to the cCNF-coated cellulose meshes, the cell adhesion was studied on cCNF-

coated glass coverslips to evaluate the effect of pure CNFs on cells without the influence of the 

underlying cellulose mesh. The adhesion of NHDFs and ADSCs on c600 CNF-coated glass 

coverslips was compared after 2 h and 24 h of cultivation by fluorescence staining, as described 

in Section 2.4.4. On glass coverslips, the protein preadsorption and the cell seeding with and 

without proteins were performed in the same manner as in the experiment with cCNF-coated 

meshes (see S1.10). In addition, the treated group of c600 CNF-coated glass coverslips was 
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preincubated in pure DMEM (referred to as “DMEM ads”), and the cells in the control group 

were seeded directly on the substrate in pure DMEM (referred to as “with DMEM”). All samples 

with BSA and with pure DMEM were fixed after 2 h, while one half of samples with FBS were 

fixed after 2 h and the other half after 24 h of cultivation (Scheme S1). 

 

Scheme S1. Schematic picture of the cell seeding on cCNF coatings with or without 
preadsorption of serum-derived proteins. The proteins from 10% (v/v) FBS, 0.25% (w/v) BSA 
and pure DMEM were preadsorbed on cCNF-coated glass coverslips or meshes for 2 h before 
cell seeding (treated group – FBS ads, BSA ads, DMEM ads, respectively), or were added 
directly into DMEM with cells (control group – with FBS, with BSA, with DMEM, respectively). 
The cCNF-coated glass coverslips and meshes were seeded with NHDFs and ADSCs and 
cultivated for 2 h (all samples) and 24 h (only “FBS ads and with FBS” samples). 

S1.12 Live-cell imaging of NHDFs and ADSCs in coculture on cCNF-coated glass 

The speed of adhesion of NHDFs and ADSCs was evaluated on cCNF-coated glass substrate 

by fluorescence live-cell imaging. The reason for using glass substrates was their transparency, 

which made it possible to observe the living cells in an inverted microscope. The cCNF coating 

was prepared on a 20 mm micro-well cover glass of 35 mm glass bottom dish (Cellvis, Mountain 

View, CA) using 600 μL of cCNF solution. Both cell types, stained by different fluorescent dyes, 

were seeded simultaneously on a single sample. NHDFs were stained by CellTracker™ Red 

CMTPX, while ADSCs were stained by CellTracker™ Green CMFDA (both from Thermo 

Fisher Scientific, Invitrogen, Waltham, MA). The staining procedure was done according to the 
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manufacturer’s protocol before cell seeding. Equal numbers of the stained NHDFs and ADSCs 

(105 cell/0.5 mL for each cell type) were mixed in 1 mL of DMEM supplemented with 10% FBS 

and seeded directly on the cCNF-coated glass coverslip. The recording of the adhesion and 

spreading of the cells in coculture was started 10 min after cell seeding, and the images were 

acquired at 10-min intervals for the first four h, and then at 30-min intervals for the remaining 18 

h. Live-cell imaging was performed using Nikon TiE microscope (Nikon, Tokyo, Japan) 

equipped with a CARVII (Crestoptics S.p.A., Rome, Italy) spinning disk confocal system (in 

widefield regime), Orca-R2 camera (Hamamatsu, Shizuoka, Japan) and with Nikon ELWD 20× 

objective (N.A. = 0.45). 

Supporting Figures 

Figure S1 

 

Figure S1. Topography of noncoated and CNF-coated meshes created by ImageJ (Interactive 
3D surface plot) from SEM images, MicroCT image of noncoated mesh and plots of roughness 
(Ra) values measured by AFM. 
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Figure S2 

 

Figure S2. Contact angles of the c600, a600, c+a CNF-coated glass coverslips measured in 
dH2O and DMEM. 

 

Figure S3 

 

Figure S3. Metabolic activity of NHDFs (A) and ADSCs (B) measured by resazurin on CNF-
coated meshes and on noncoated meshes on days 1, 3, and 7 after cell seeding. Arithmetic mean 
± SD from eight measurements made on four independent samples for each experimental group 
and time interval. 
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Figure S4 

 

Figure S4. Adhesion and spreading of NHDFs (A) and ADSCs (B) on cCNF-coated glass 
coverslips with or without preadsorbed proteins after 2 and 24 h. The treated group of cCNF 
coatings was preadsorbed with proteins in DMEM (FBS ads_2h, FBS ads_24h and BSA ads_2h) 
or with pure DMEM (DMEM ads_2h). The control group of cCNF coatings was seeded with 
cells in DMEM with proteins (with FBS_2h, with FBS_24h and with BSA_2h) or in pure DMEM 
(with DMEM_2h). F-actin in the cell cytoskeleton was stained with phalloidin-TRITC (red), cell 
nuclei with DAPI (blue) and the vinculin in the cells was stained by immunofluorescence using a 
secondary antibody conjugated with Alexa Fluor 488 (green). The cCNF coatings were 
visualized by nonspecific adsorption of the secondary antibody conjugated with Alexa Fluor 488 
(green). A confocal microscope with an objective magnification 20×. Scale bar = 50 μm. 
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Figure S5 

 

Figure S5. The metabolic activity (A, B) and the morphology (C, D) of NHDFs and ADSCs on 
CNF-coated and noncoated meshes on day 3 after cell seeding. (A, B) Metabolic activity of the 
cells on CNF-coated and noncoated meshes is displayed as a value relative to the metabolic 
activity of the cells on polystyrene (PS = 100%; red lines). Arithmetic mean ± SD from eight 
measurements made on four independent samples, ANOVA, Tukey’s method, statistical 
significance (p ≤ 0.05). N, No significant difference in comparison with the noncoated mesh 
(mesh). (C, D) F-actin in the cell cytoskeleton is stained in red, and vinculin is stained in green. 
A confocal microscope with an objective magnification 20×. Scale bar = 50 μm. 
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Figure S6 

 

Figure S6. The metabolic activity (A, B) and the morphology (C, D) of NHDFs and ADSCs on 
CNF-coated and noncoated meshes on day 7 after cell seeding. (A, B) Metabolic activity of the 
cells on CNF-coated and noncoated meshes is displayed as a value relative to the metabolic 
activity of the cells on polystyrene (PS = 100%; red lines). Arithmetic mean ± SD from eight 
measurements made on four independent samples, ANOVA, Tukey’s method, statistical 
significance (p ≤ 0.05). N, No significant difference in comparison with the noncoated mesh 
(mesh). (C, D) F-actin in the cell cytoskeleton is stained in red, and vinculin is stained in green. 
A confocal microscope with an objective magnification 20×. Scale bar = 50 μm. 
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Video. Adhesion and spreading of NHDFs (red tracker) and ADSCs (green tracker) in coculture 
on cCNF-coated glass (phase contrast) during the first 22 h after cell seeding. 
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Abstract: Dermal injuries and chronic wounds usually regenerate with scar formation. Successful
treatment without scarring might be achieved by pre-seeding a wound dressing with cells. We aimed
to prepare a wound dressing fabricated from sodium carboxymethylcellulose (Hcel® NaT), combined
with fibrin and seeded with dermal fibroblasts in vitro. We fabricated the Hcel® NaT in a porous
and homogeneous form (P form and H form, respectively) differing in structural morphology and
in the degree of substitution of hydroxyl groups. Each form of Hcel® NaT was functionalized with
two morphologically different fibrin structures to improve cell adhesion and proliferation, estimated
by an MTS assay. Fibrin functionalization of the Hcel® NaT strongly enhanced colonization of the
material with human dermal fibroblasts. Moreover, the type of fibrin structures influenced the ability
of the cells to adhere to the material and proliferate on it. The fibrin mesh filling the void spaces
between cellulose fibers better supported cell attachment and subsequent proliferation than the fibrin
coating, which only enwrapped individual cellulose fibers. On the fibrin mesh, the cell proliferation
activity on day 3 was higher on the H form than on the P form of Hcel® NaT, while on the fibrin
coating, the cell proliferation on day 7 was higher on the P form. The Hcel® NaT wound dressing
functionalized with fibrin, especially when in the form of a mesh, can accelerate wound healing by
supporting fibroblast adhesion and proliferation.

Keywords: fibrin; sodium carboxymethylcellulose; wound dressing; wound healing; dermal
fibroblasts; skin

1. Introduction

Cellulose-based materials have been widely applied in clinical practice as a wound dressing
for treating acute and chronic wounds (for a review, see [1]). Cellulose is a biopolymer suitable
for medical use due to its biocompatibility, non-cytotoxicity, low cost and good availability [2].
Cellulose can be modified into several forms, e.g., regenerated cellulose, oxidized cellulose, acetate
cellulose, methylcellulose, hydroxypropylcellulose, carboxymethylcellulose and others, which differ in
physicochemical properties [3,4]. Carboxymethylcellulose is prepared by carboxymethylation of any
of the three hydroxyl groups in the glucose molecule. The average number of substituted hydroxyl
groups is referred to as the degree of substitution. The degree of substitution influences the ability of
the material to absorb water and to form a hydrogel. In addition, in the body, the degree of substitution
and the molecular weight affect the absorbability of the material. The higher the degree of substitution
of the material, the greater the amount of water that the material can absorb, and the longer the time
that the water absorption takes [5]. Carboxymethylcellulose, or carboxymethylcellulose in the form of a
sodium salt, successfully supports wound healing, prevents infection and promotes homeostasis [5–7].
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Although a wide range of tools are available for wound treatment nowadays, scientists are still
aiming to achieve faster and less painful healing with better aesthetic outcomes. In clinical practice,
carboxymethylcellulose wound dressings are applied only to cover a healing wound, without seeding
of the skin cells. However, successful healing is ensured by the cells migrating from the wound
edge, producing specific growth factors and synthesizing extracellular matrix (ECM) proteins [8,9].
In the case of deep wounds, the natural healing process can be limited. The result may be a chronic
non-healing wound, or extensive scar formation. Pre-seeding the wound dressing with skin cells can
contribute to successful healing [10–13]. The colonization of a scaffold with cells depends strongly on
the physical and chemical properties of the materials. In their pristine state, many synthetic and natural
polymers used as carriers of skin cells fail to provide sufficient support for cell adhesion, growth and
ECM deposition [14]. These materials can be combined with biomolecules physiologically present in
the natural skin tissue (e.g., collagen, fibronectin), or occurring during wound healing (fibrin), in order
to enhance colonization of the material with cells.

Fibrin is a protein resulting from the coagulation cascade. Blood plasma contains fibrinogen,
a soluble protein which is converted to insoluble protein fibrin after an injury. This conversion is
catalyzed by the enzyme thrombin. Fibrin forms a network in which the blood platelets and immune
cells are trapped, and they form a blood clot together [14]. By producing growth factors (mainly
platelet-derived growth factor), the platelets stimulate the fibroblasts to migrate into the wound,
to proliferate and to form a new ECM composed mainly of collagen I and fibronectin [15,16]. In current
clinical practice, fibrin is widely used to support wound healing in the form of a glue, a gel or a
sealant seeded by dermal fibroblasts [16]. Promisingly, fibrin can also be used in the form of micro-
and nanostructures. Micro- or nanostructured scaffolds mimic better the natural matrix environment
for cell life. However, a fibrin scaffold as a self-supporting matrix for cells has weak mechanical
strength and a fast rate of degradation. The mechanical stability of a fibrin scaffold can be improved by
combining fibrin with other natural or synthetic polymers [17]. In our previous studies, we deposited
fibrin on degradable polylactide nanofibers, and we observed improved adhesion and proliferation of
dermal fibroblasts and enhanced synthesis of ECM proteins by these cells [18–20].

The aim of this study is to improve a clinically used carboxymethylcellulose wound dressing
(Hcel® NaT) by coating with fibrin and pre-seeding with dermal fibroblasts in order to create a cell
carrier with potential to deliver skin cells into skin wounds. This novel cell-enriched wound dressing
is expected to improve the healing ability of deep wounds.

The Hcel® NaT was prepared in two forms that differed in structural morphology and degree
of substitution. We functionalized these materials with fibrin of two different structures. The first
fibrin structure, referred to as the fibrin mesh, coated the material fibers and formed a fine mesh
among the fibers. The second structure, referred to as the fibrin coating, only coated the cellulose fibers.
The purpose of our study was to investigate the effect of Hcel® NaT morphology on cell proliferation
and on the preparation of the fibrin structures, and also to evaluate the effect of fibrin and its structures
on the adhesion and growth of primary human dermal fibroblasts. We supposed that the properties of
Hcel® NaT would influence the formation of the fibrin structures on the material and the behavior of
dermal fibroblasts. We further expected an enhancing effect of fibrin functionalization on cell adhesion
and proliferation. Moreover, we hypothesized that different morphology of fibrin structures would
result in distinct cell behavior.

2. Materials and Methods

2.1. Material Preparation

A nonwoven textile made of sodium carboxymethylcellulose was prepared at the Holzbecher
Bleaching & Dyeing Plant in Zlic (Zlic, Czech). This material is a commercially available product
known as Hcel® NaT. The highly pure cotton product PurCotton® in a hydroentangled (i.e., spunlaced)
textile structure was carboxymethylated and converted to a sodium salt. Two nonwoven textile forms
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with different structural morphologies and properties (molecular weight, degree of hydroxyl group
substitution (DS) and pH of the aqueous extract) were prepared, namely the P form, containing visible
pores, and the homogeneous H form, without visible pores. The textiles were sterilized by 25 kGy of
γ-radiation and were packed in sterile Tyvek®-PE packaging (Wipak, Lahti, Finland). The samples
were fixed into CellCrowns™ inserts (Scaffdex Ltd., Tampere, Finland) in order to prevent the sample
floating in the cell culture medium during cell cultivation.

2.2. Characterization of the Properties of Hcel® NaT

The molecular weight of the P and H forms of Hcel® NaT was determined by size
exclusion chromatography (SEC). Sodium carboxymethylcellulose separation was performed in
an asymmetric-flow AF4 system (Eclipse AF4, Wyatt Technology, Santa Barbara, CA, USA), using
Long Channel (LC, 275 mm), a 350-μm spacer, and a 30 kg.mol−1 Regenerated Cellulose (RC)
semipermeable membrane. The online concentration was detected by an RI detector (Optiplab T-rEX,
Wyatt Technology, Santa Barbara, CA, USA). Angular dependent light scattering was detected by the
MALS instrument (Dawn Heleos II, Wyatt Technology, Santa Barbara, CA, USA). The molar mass,
the RMS radius (Rg) and other operations were calculated from the scattering and concentration
data with the use of Astra software (version 6.1, Wyatt Technology, Santa Barbara, CA, USA). Berry
formalism was used for the molar mass and RMS radius calculations. 100 μL of 3g/L sodium
carboxymethylcellulose in 100 mmol/L NaCl was injected per single AF4 run. Dn/dc = 0.159 was
used, in accordance with Melander and Vuorinen [21].

The degree of substitution was determined by titration of the sodium carboxymethylcellulose
solution with an NaOH solution to pH change, in accordance with the European Pharmacopoeia and
the American Pharmacopoeia.

To determine the pH of aqueous extracts of two forms of Hcel® NaT, 1 g of the material was
shaken in 100 mL of deionized water for 5 min. Then the pH of the Hcel® NaT extract was measured.

The morphology of the P and H forms of Hcel® NaT was studied by scanning electron microscopy
(SEM). The Hcel® NaT fibers were sputter-coated with gold in argon background gas. Images were
captured by a Quanta 450 scanning electron microscope (SEM) (FEI, Hillsboro, OR, USA) in a high
vacuum (10−4 Pa). Detection was mediated by an Everhart-Thornley detector in secondary electrons
mode in an accelerating voltage of 30 kV. The fiber width and the fiber thickness, and also the size of
the void spaces among the fibers, were measured on SEM images of Hcel® NaT of the P form and the
H form in the ImageJ Fiji program. The fiber width and thickness data were presented as the arithmetic
mean ±standard deviation (S.D.) in μm. The area of the void spaces among the fibers was expressed
as the range from the minimum value to the maximum value in μm2. The data were calculated from
24 measurements per SEM image of the P form or H form.

2.3. Hcel® NaT Functionalization with Fibrin

Two different structures of fibrin modifications (fibrin mesh and fibrin coating) were prepared
in this study. The fibrin mesh formed a coating around the cellulose fibers, and additionally a fine
mesh among the cellulose fibers. The fibrin coating covered only the cellulose fibers. The principle for
preparing the fibrin structures is based on the physiological process of hemocoagulation, when soluble
fibrinogen is converted by thrombin to insoluble fibrin [22]. The two fibrin structures, fibrin coating
and fibrin mesh, were prepared in accordance with our previously published work [20]. Fibrinogen
(EMD Millipore, Billerica, MA, USA, Cat. No. 341576) was dissolved in a Tris Buffer (consisting of
50 mM Tris-HCl, 100 nM NaCl and 2.5 mM CaCl2) to a final concentration of 10 μg/mL and it was left
for 1 h to adsorb on the Hcel® NaT fibers. The Hcel® NaT was rinsed with Tris Buffer. Then thrombin
(Sigma-Aldrich Co, St Louis, MO, USA, Cat. No. T6884) with a final concentration of 2.5 U/mL in Tris
Buffer was added for 15 min. In the case of the fibrin coating, the samples were rinsed properly in Tris
Buffer for 30 min. After rinsing, a solution of 200 μg/mL of fibrinogen in Tris Buffer and 0.5 U/mL
of antithrombin III (Chromogenix, Milano, Italy) in deionized water was added to the Hcel® NaT
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fibers for 1 h. In the case of the fibrin mesh, the solution of fibrinogen and antithrombin III was added
to the samples immediately after thrombin catalysis, without the rinsing step in Tris Buffer. Finally,
the samples were rinsed with Tris Buffer and with phosphate-buffered saline (PBS, Sigma-Aldrich Co.,
St. Louis, MO, USA).

2.4. Cell Culture Conditions

The Hcel® NaT samples were seeded with neonatal human dermal fibroblasts (Lonza Group,
Basel, Switzerland, Cat. No. CC-2509) in passage 3–5 at a concentration of 15,000 cells/cm2. The cells
were cultured in 1.5 mL of Dulbecco’s Modified Eagle’s Medium (DMEM; Sigma-Aldrich, USA),
supplemented with 10% of fetal bovine serum (FBS; Sebak, Aidenbach, Germany) and 40 μg/mL of
gentamicin (LEK, Ljubljana, Slovenia). The cultivation was performed at 37 ◦C in an air atmosphere
with 5% of CO2 and 90% humidity for 3 or 7 days.

2.5. Hcel® NaT Cytotoxicity

The potential cytotoxicity of the Hcel® NaT was tested by evaluating the growth of human dermal
fibroblasts in extracts from the tested materials, using the xCELLigence® real-time cell proliferation
monitoring system (Roche, Switzerland). The extracts of Hcel® NaT were prepared by sample
incubation in DMEM without FBS and without seeded cells at 37 ◦C in an air atmosphere with
5% of CO2 and 90% humidity for 7 days. Effective extraction was achieved with the use of an SSM1
Mini Orbital Shaker (Stuart; speed 45 rpm). The cells at a concentration of 3000 cells/well in DMEM
with 10% of FBS were seeded in a 10 μL suspension into a 96-well E-plate View (ACEA Biosciences,
San Diego, USA). After the background impedance had been measured, 180 μL of the sample extract
with 10% of FBS was added to the seeded cells. The cell proliferation was measured as the electrical
impedance for 168 h with 8-h intervals.

The pure culture medium was used as a control. The real-time proliferation measurement was
performed under the same conditions as for cultivation of the cell on Hcel® NaT. The arithmetic mean
± S.D. was determined from four parallel samples for each type of material and time point.

2.6. Morphology of the Fibrin Structures

The morphology of the fibrin mesh and the fibrin coating was observed on freshly prepared
samples, and on day 3 and 7 after cell seeding. The fibrin structures were treated with 1% albumin
in 0.1% Triton X-100 (Sigma-Aldrich Co., USA) for 15 min, and then with 1% Tween (Sigma-Aldrich
Co., USA) for 15 min to block non-specific binding sites. After being rinsed twice with PBS, the fibrin
was immunolabeled with primary polyclonal rabbit antibody against fibrinogen (Dako Denmark
A/S, Glostrup, Denmark) diluted in PBS in a ratio of 1:200 for 1 h at 37 ◦C. Then the samples were
rinsed twice with PBS and were incubated with a secondary antibody, i.e., goat anti-rabbit F(ab′)2
fragments of IgG (H + L) conjugated with Alexa Fluor® 488 (Molecular Probes, Eugene, OR, USA),
diluted in PBS in a ratio of 1:400, for 1 h in the dark. After rinsing with PBS, images of the morphology
fibrin structures were taken under a Leica TCS SPE DM2500 confocal microscope (Leica Microsystems,
Wetzlar, Germany; obj. 20×/0.70 NA oil, 40×/1.15 NA oil).

2.7. Cell Adhesion and Proliferation

We evaluated the cell attachment, spreading and proliferation by visualizing the cells on days
3 and 7 after seeding. The cells were fixed with 4% paraformaldehyde for 10 min. After fixation,
the cell membrane was permeabilized with 0.1% Triton X-100 (Sigma-Aldrich Co., USA) and 1% Tween
(Sigma-Aldrich Co., USA). Then the F-actin cytoskeleton was stained with phalloidin conjugated
with TRITC fluorescent dye (Sigma-Aldrich Co., USA; diluted in PBS, 5 μg/mL) and the cell nuclei
were stained with DAPI (Sigma-Aldrich Co., USA; diluted in PBS, 1 μg/mL), for 1 h in the dark.



Materials 2018, 11, 2314 5 of 15

The cell pictures were taken under a Leica TCS SPE DM2500 confocal microscope (Leica Microsystems,
Germany; obj. 20×/0.70 NA oil, 40×/1.15 NA oil).

The cell proliferation was also evaluated by the CellTiter 96® AQueous One Solution Cell
Proliferation Assay (MTS, Promega Corporation, Madison, WI, USA) on days 3 and 7 after cell
seeding. The samples were rinsed with PBS and were moved into fresh cell culture wells in order
to avoid the influence of the cells adhered to the bottom of the wells. The assay was performed
according to the manufacturer’s protocol. The formazan dye produced by the cells after 2 h of
incubation was quantified by measuring the absorbance using a VersaMax ELISA Microplate Reader
spectrophotometer (Molecular Devices Corporation, Sunnyvale, CA, USA). The absorbance was
measured with wavelength 490 nm. The measured quantitative data were presented as the arithmetic
mean ±S.D. of three independent samples for each experimental group and time interval. The statistical
significance was evaluated using the analysis of variance (One Way ANOVA–Tukey method). Values
of p ≤0.05 were considered as significant.

3. Results

3.1. Structural Morphology and Chemical Characterization and of Pristine Hcel® NaT

Both forms of Hcel® NaT (P and H forms) had a fibrous morphology with fiber diameter in the
microscale. The fiber diameter was characterized by fiber width and thickness (Table 1). The average
fiber width was 18 μm, and the average fiber thickness was approximately 6 μm for both forms of
Hcel® NaT. The area of the void spaces among the fibers varied approximately from 100 to 8000 μm2

(Table 1).

Table 1. Morphological parameters of the P and H forms of Hcel® NaT.

Form of Hcel® NaT
Mean Fiber Width

± S.D. (μm)
Mean Fiber Thickness

± S.D. (μm)
Range of Area of Void

Spaces (μm2)

P form 18.1 ± 3.6 5.7 ± 1.7 104–3390
H form 18.0 ± 2.0 6.1 ± 1.3 86–8732

The two prepared forms of Hcel® NaT differed in molecular weight, in the degree of hydroxyl
group substitution by carboxymethyl group, and in the pH of their aqueous extracts, as shown
in Table 2.

Table 2. Chemical characterization of the P and H forms of Hcel® NaT.

Form of Hcel® NaT Molecular Weight (kDa) Degree of Substitution pH of an Aqueous Extract

P form 262 0.120 8.60
H form 251 0.194 7.07

Moreover, the forms of Hcel® NaT differed in their structural morphology. The P form had
visible pores, and the fibers were randomly assembled in a grid shape, whereas the H form had fibers
homogeneously distributed over the entire surface (Figure 1).
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Figure 1. Morphology of the P form and the H form of Hcel® NaT. Quanta 450 scanning electron
microscope, original magnification 1000×, scale bar 50 μm; 70×, scale bar 1 mm.

3.2. Morphology of the Fibrin Structures

The P and H forms of the Hcel® NaT were modified with two different fibrin structures (fibrin
mesh and fibrin coating). The fibrin mesh coated the material fibers, and in addition it formed a
homogeneous fine mesh of nanofibers lying on the membrane fibers and spreading among them.
The fibrin nanofibrous mesh homogenously filled the void spaces between membrane fibers which
reduced the pore size. The fibrin coating just covered the surface of individual membrane fibers
with fibrin nanofibers and did not significantly affect the area of void spaces between fibers of the
membrane (Figure 2). In our previous studies performed on nanofibrous polylactide meshes, we found
that the fibrin structure was stable for 7 days under cell culture conditions without cells, whereas the
fibrin was gradually degraded on the membrane with cells [18,20].

 

Figure 2. Morphology of the P form and the H form of Hcel® NaT modified with a fibrin mesh or a
fibrin coating. The pristine Hcel® NaT of P form and H form were used to show non-specific binding
of the antibodies. The fibrin was stained with a primary polyclonal rabbit antibody against fibrinogen
and with a secondary antibody conjugated with Alexa 488 (green fluorescence). Leica TCS SPE DM
2500 confocal microscope, magnification 40×/1.15 NA oil or magnification 20×/0.70 NA oil.
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3.3. Cell Adhesion and Proliferation on the Pristine Hcel® NaT

The proliferation of human dermal fibroblasts was estimated by measuring the activity of cell
mitochondrial enzymes (determined by an MTS assay). The cells did not adhere and proliferate well
on either form of the pristine Hcel® NaT. The cell proliferation was significantly lower on both forms
of Hcel® NaT on days 3 and 7 after cell seeding than on the bottoms of the control polystyrene culture
wells, and this difference increased with the time of cell cultivation. We also observed slightly better
cell adhesion and proliferation on the P form than on the H form, with statistical significance on day 7
(Figure 3).

 

Figure 3. Mitochondrial activity of human dermal fibroblasts on the P form and the H form of Hcel®

NaT in pristine state and modified with a fibrin mesh or a fibrin coating, and on the bottoms of the
control polystyrene culture wells on day 3 (A) and on day 7 (B) after cell seeding. The absorbance was
calculated as the arithmetic mean ± S.D. from three independent samples for each experimental group
and time interval. ANOVA, Tukey method, statistical significance (p ≤0.05) above the column on or
under the line: * compared with the control polystyrene, # between the P form and the H form, Pristine
or Coating compared with Pristine or Fibrin mesh Hcel® NaT. The labels of statistical significance on
the line are for both columns, the labels under the line are for a specific column.
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Fluorescence microscopy confirmed the data obtained by the MTS assay. We observed only a
small number of adhered cells on both forms of pristine Hcel® NaT. The cells on the P form seemed to
be elongated on the fibers. However, the cells on the H form were mostly of rounded shape, which
indicates poor cell adhesion. The number of cells increased slightly on the P form on day 7 compared
to day 3. However, the number of cells on the control polystyrene was much higher. On the H form,
on day 7, the cells still had a rounded shape and the cell density remained similar as on day 3 (Figure 4,
1st column Pristine).

 

Figure 4. Morphology of human dermal fibroblasts on the P form and on the H form of Hcel® NaT,
in pristine state and modified with a fibrin mesh or a fibrin coating on day 3 or day 7 after cell seeding.
The fibrin was stained with the primary and secondary antibodies mentioned above (Alexa 488, green),
and the F-actin cytoskeleton was stained with phalloidin-TRITC (red). Leica TCS SPE DM 2500 confocal
microscope, magnification 40×/1.15 NA oil.
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3.4. Cytotoxicity of Hcel® NaT

The poor cell adhesion and proliferation on the pristine Hcel® NaT may have been caused by
a release of cytotoxic elements from the material. To determine the potential cytotoxic effect of the
material, we cultured cells in the extracts from the material samples using the real-time xCELLigence®

monitoring system. The cells proliferated in the material extracts similarly as in the control pure
culture medium. The cell density increased with cultivation time, as indicated by the increasing Cell
Index values (Figure 5).

 
Figure 5. Proliferation of human dermal fibroblasts indicated by the Cell Index in extracts from the
P form and the H form of Hcel® NaT, and in the control culture DMEM medium. Measured by the
real-time xCELLigence® monitoring system for 168 h with 8-h intervals. Arithmetic mean ±S.D. from
four independent samples for each type of material.

3.5. Cell Adhesion and Proliferation on Fibrin-Modified Hcel® NaT

We suggested that the material properties might be improved by modifying them with fibrin of
two different structures (fibrin mesh and fibrin coating). The cells grew well on both fibrin structures,
and their proliferation, estimated by the cell mitochondrial activity, was significantly higher than on
the pristine material in all time intervals. A comparison of the cell behavior on the two different fibrin
structures showed that there was higher cell proliferation on the fibrin mesh than on the fibrin coating,
mainly on day 3 after seeding (Figure 3). Moreover, the cell proliferation differed slightly on the P
and H forms of Hcel® NaT modified with a fibrin mesh or a fibrin coating. Regarding the fibrin mesh
structure, we observed significantly higher cell proliferation on the H form than on the P form on
day 3. However, on day 7, the cell proliferation on the fibrin mesh tended to be higher on the P form.
The fibrin coating significantly increased the cell proliferation on the P form on day 7.

The fluorescence microscopy images (Figure 4) showed that the cells adhered much better to both
forms of Hcel® NaT modified with fibrin structures, either the fibrin mesh or the fibrin coating, than on
the unmodified materials. The cells were spread through the fibrin mesh covering and interconnecting
the cellulose fibers, and tended to be polygonal in shape. By contrast, on the fibrin coating, the cells
copied the cellulose fibers and remained in a spindle-like morphology. The number of adhered cells
increased with the cultivation time, and the cells achieved a confluent layer on both forms of Hcel®

NaT modified with fibrin structures on day 7. The cells progressively degraded and reorganized the
fibrin mesh and the fibrin coating during their cultivation. After 7 days of cell cultivation, the thin
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homogeneous mesh lying on the fibers and spreading between them was almost completely degraded,
whereas the cellulose fibers remained coated with fibrin.

4. Discussion

Cellulose and other polysacharide materials are clinically applied to support wound healing by
covering the wound, and also to release drugs and other bioactive molecules into wounds. For example,
Tamer et al. (2018) prepared membranes composed of chitosan and high-molar-mass hyaluronan
loaded with a gradually releasing mitochondrially targeted antioxidant–Mito Q. The addition of Mito
Q antioxidant had beneficial effect on the healing process of injured rabbit and rat skin in vivo, which
was due to a suppression of inflammation process caused by reactive oxygen species produced by
mitochondria during insufficient oxygen uptake [23]. The application of cellulose as a direct skin
tissue substitute with adhered skin cells is still relatively rare. The reason is that this application
requires degradability of the cellulose-based material, or spontaneous removal of the material from
the wound, in order to prevent inflammation or scar formation. Cellulose can be rendered degradable
e.g., by chemical modification or by combining it with other scaffold components. For example,
biodegradability has been achieved in a hydroxyethyl cellulose/poly (vinyl alcohol) blend in the form
of electrospun fibrous membranes [24], in a cellulose film regenerated from Styela clava tunics [25],
and in enzyme-digestible cellulose membranes [12]. Another option is to use non-degradable carriers,
which can be self-detached from the wound after cell adhesion on the wound bed. These carriers
include e.g., a polyurethane wound dressing known as HydroDerm [10], a porous dressing made
of a copolymer of hydrophilic polyethylene glycol terephthalate soft segments and polybutylene
terephthalate hard segments [11], electrospun mats consisting of polycaprolactone (PCL) and polyvinyl
alcohol (PVA) [26], and a composite hydrogel consisting of bacterial cellulose and acrylic acid [13].
The carboxymethylcellulose scaffolds developed in our study are further potential non-degradable
carriers for cell delivery into damaged skin sites.

Cellulose in its pristine state does not normally allow sufficient colonization of the material by
cells, due to its inappropriate physicochemical properties. The properties of the cellulose-based scaffold
can be tailored by a variety of modifications, including functionalization with specific chemical groups
(e.g., –COOH), bioactive molecules (ECM proteins, growth factors, healing agents) and chemical
groups, by combination with other synthetic or natural materials, by creating a nanostructured surface,
by mineralization etc. [1,27].

In our study, we prepared a sodium carboxymethylcellulose scaffold (Hcel® NaT) and we
functionalized it with fibrin, a provisional ECM molecule, in order to increase its attractiveness for
colonization with skin cells, and thus to stimulate better wound healing. We carried out experiments
on two forms of Hcel® NaT with different structural morphologies and chemical properties. The P
form formed visible pores in its structure which can allow better gas and nutrient exchange during
wound healing. This is one of the requirements for wound dressings that will support sufficient wound
healing [28]. On the other hand, there is a potential risk of drying of the wound through the pores.
Moreover, healing can take place non-homogeneously. This phenomenon was observed when the
Biobrane porous wound dressing was used [29]. By contrast, the homogeneous H form can have a
greater surface for potential adsorption of remedial substances, e.g., growth factors, antimicrobial
agents, drugs, vitamins, hyaluronan, or fibrin [30–32].

The human dermal fibroblasts cultivated on our pristine Hcel® NaT membrane showed low
ability to adhere, spread and proliferate. However, the cultivation of cells in the material extracts
did not confirm a cytotoxic effect of the material on the cells. For this reason, we attributed the poor
cell adhesion and growth to inappropriate material surface properties. Both forms of Hcel® NaT
had an average fiber width and thickness in the microscale. Microscale surface roughness is often
inappropriate for cell adhesion and spreading. The size of the irregularities (the Hcel® NaT fibers) is
similar to the spreading area of the cells. As a result, the cells cannot adhere to the material by whole
their spreading area and they try to bridge the irregularities or squeeze between them [33]. Moreover,
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the area of void spaces among the fibers was from hundreds to thousands of square micrometers.
The non-adhered round cells were about 15 μm in diameter, so it was possible for cells to fall through
the void spaces in the material to the bottom of a culture well.

The poor cell adhesion on both pristine forms of Hcel® NaT could also be due to the excessively
soft surface properties of the material fibers. As Hopp et al. [34] showed, fibroblasts prefer a stiffer
surface to a softer surface. The Hcel® NaT fibers tended to form a gel structure in the cell culture
medium when the liquid was absorbed into the material. A soft gelling material surface may collapse
under the traction forces generated by the adhering cells [35]. It was mentioned above that the degree
of substitution of cellulose hydroxyl groups influences the water absorption into the material, resulting
in gelling and dissolution of the material [5]. A higher degree of substitution of the H form led to more
apparent gelling of the surface of the material fibers. In other words, the H form formed a softer and
more collapsible structure than the P form. The cells therefore adhered and grew better on the P form
than on the H form. This was manifested by the greater cell density on the P form in all time intervals.

We functionalized the Hcel® NaT with two fibrin structures of different morphologies (a fibrin
mesh or a fibrin coating) to enhance the attractiveness of the material for the adhesion and proliferation
of the cells. The interactions between Hcel® NaT and fibrin are based on the general principle of
chemical bonds formation between reactive chemical groups of fibrinogen and carboxymethylcellulose.
The fibrinogen is physically adsorbed on the carboxymethylcellulose through non-covalent strong
physical interactions. These interactions involve ionic bonds between carboxyl groups of Hcel®

NaT and amino groups of fibrinogen, hydrogen bonds between hydroxyl groups of Hcel® NaT and
polypeptide backbone of fibrinogen, and hydrophobic interactions between non-polar parts of Hcel®

NaT (methyl groups) and non-polar amino acids in fibrinogen molecules. Both types of modifications
with fibrin formed a network of fibrin nanofibers and thus altered the material surface roughness from
microstructure to nanostructure that is considered as more favorable for cell adhesion and growth.
The fibrin mesh formed a homogeneous thin nanostructure lying on the material surface and filling
the void spaces among the cellulose fibers, whereas the fibrin coating only covered the cellulose fibers
with fibrin nanofibers. The different morphologies of these two fibrin structures on Hcel® NaT were
caused by the different preparation methods, as described in our previous study [20]. The fibrin
mesh was prepared without washing out the thrombin, while the preparation of the fibrin coating
included a step in which the unbound thrombin with Tris Buffer was washed out. The activity and
the concentration of thrombin bound to fibrinogen are crucial for the formation of the final fibrin
network. Higher concentration of thrombin (above 1U/mL) induces the formation of thin fibrin
fibers [36]. In our case, the high concentration of thrombin on the surface of the material enabled
the formation of a homogeneous nanofibrous fibrin mesh. In addition, the desirable morphology,
thickness and density of fibrin nanostructure can be also tuned by the concentration of fibrinogen and
antithrombin III in the solution and by polymerization time [37]. In our study, we applied a solution
of high concentrated fibrinogen (200 μg/mL) and antithrombin III of (0.5 U/mL) for 60 min. Under
these conditions, we prepared well developed mesh of fibrin nanofibers. Similar results were obtained
Riedelova-Reicheltova et al. on a glass surface [37].

Both fibrin structures greatly improved the cell adhesion and the subsequent proliferation.
The number of adhered cells increased in time, and the cells reached an almost confluent layer on the 7th
day of cultivation. As was mentioned above, fibroblasts can bind to fibrin via integrin and non-integrin
adhesion receptors, which support fibroblast proliferation and growth factor secretion [15,38]. In our
earlier studies, we observed a positive influence of fibrin modification of a nanofibrous polyester
membrane on adhesion, proliferation and ECM protein synthesis in the case of dermal fibroblasts.
The proliferating cells gradually degraded and reorganized the fibrin, and replaced it by their own
ECM, mainly by collagen I and fibronectin, during cultivation [18,19].

Our results also revealed that the structure of the fibrin played an important role in cell adhesion
and growth. Our previous study performed on polylactide nanofibrous membranes revealed that the
fibrin mesh enhanced the cell adhesion, proliferation and synthesis of ECM proteins better than the
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fibrin coating [20]. In this study, the Hcel® NaT modified with the fibrin mesh also provided better
support for the attachment, proliferation and migration of cells than the fibrin coating. The fibrin mesh
homogeneously distributed among the cellulose fibers decreased the area of void spaces between
membrane fibers (pore size) and thus prevented the cells falling through the void spaces in the material
on the bottom of the culture well. For this reason, there was a higher initial number of cells adhering
to the material with the fibrin mesh than on the material modified with a fibrin coating. The overall
surface for cell adhesion was also larger than in the case of the fibrin coating. In addition, the fine
fibrin mesh formed a continuous nanoscale structure [39]. It is generally accepted that nanostructured
materials better mimic the natural cell environment of the ECM, and cell propagation is more successful
on these biomimetic scaffolds [39]. In addition, nanostructured materials promote the adsorption of cell
adhesion-mediating molecules in an almost physiological spatial conformation, which enables binding
between specific amino acid sequences in these molecules, e.g., RGD, and cell adhesion receptors, e.g.,
integrins [40,41]. In addition, fibroblasts were capable of remodeling a nanofibrous fibrin mesh, which
facilitated fibroblast migration and proliferation, and synthesis of ECM [42].

Although the different properties of the P and H forms of Hcel® NaT did not apparently affect the
formation of fibrin structures, the cell proliferation differed slightly on these two forms modified with
fibrin structures. Whereas in an earlier cell cultivation interval (on day 3) the cells proliferated better
on the fibrin-modified H form (in the case of the fibrin mesh), in a later cultivation interval (on day 7),
the cell proliferation was higher on the P form (particularly on the fibrin coating). It can be supposed
that the H form without visible pores enables the formation of a more homogenous fibrin mesh among
cellulose fibers and ensures better support for the cells than the P form in earlier cultivation intervals.
However, during cell cultivation, we observed gradual degradation and remodeling of the fibrin
structures. After 7 days, the fibrin, mainly the fibrin mesh, was almost degraded, and the Hcel® NaT
properties started to have a predominant influence on the cell behavior. As has been discussed above,
the H form had less appropriate properties for cell adhesion, due to its greater tendency to form a gel
structure. For this reason, in later cell cultivation intervals, the cell tended to proliferate better on the
fibrin-modified P form, which has more favorable properties for cell living compared to the H form.

Our newly developed carboxymethylcellulose scaffolds coated with fibrin could be used as
carriers for transferring skin cells into skin wounds. The fibrin coating would increase the cell adhesion
and proliferation, and this would result in a considerably higher number of cells delivered into
the wounds. Low efficiency of cell delivery was a problem with HydroDerm polyurethane wound
dressings, where the keratinocytes grew at approximately 15% of the rate observed in cells cultivated
on the tissue culture plastic [10]. Similarly, in polycaprolactone/polyvinyl alcohol electrospun scaffolds,
the attachment, viability and proliferation of human fibroblasts was markedly improved by coating
the scaffolds with fibronectin, especially when the scaffolds were loaded with an antimicrobial silver
sulfadiazine agent [26].

After degradation of the fibrin coating by the cells, our cellulose scaffolds would become less
attractive than the wound bed for cell adhesion, and therefore a spontaneous release and migration
of cells from these scaffolds could be expected. The scaffolds could then be freely removed from the
wound. In other words, our fibrin-modified cellulose-based scaffolds could serve as temporary carriers
for in vitro expansion and subsequent delivery of cells into skin wounds. A similar phenomenon was
observed in human keratinocytes cultured on poly(2-hydroxyethyl methacrylate) sheets, which were
applied clinically in the treatment of severe burns [43].

5. Conclusions

In this study, we have compared the behavior of human dermal fibroblasts in cultures on a
porous (P) form and a homogeneous (H) form of carboxymethylcellulose wound dressings (Hcel®

NaT), which differed in structural morphology and physicochemical properties. Both forms of
pristine Hcel® NaT showed low ability to support cell adhesion and proliferation, probably due
to inappropriate physicochemical properties and inappropriate morphology of the material surface.



Materials 2018, 11, 2314 13 of 15

The cell proliferation was slightly increased on the P form of Hcel® NaT. However, the results showed
that the cell adhesion and proliferation were greatly improved by modification of Hcel® NaT by fibrin
in the form of a mesh and in the form of a coating. Both fibrin structures enhanced the colonization of
our wound dressing with the cells. Moreover, the fibrin mesh, resembling the natural ECM, provided
better support than the fibrin coating for the adhesion and proliferation of the cells. The Hcel® NaT
wound dressing functionalized with fibrin, especially in the form of a mesh filling the void spaces
among the cellulose fibers, is a promising tool for faster wound healing with better aesthetic outcomes.
Fibrin ensures good cell adhesion and spreading, and can support the migration and the subsequent
proliferation of cells in a wound.
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