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Abstrakt: Ramanova mikroskopie kombinuje Ramanovu spektroskopii s optickou 

konfokální mikroskopií a poskytuje tak informace o chemickém složení vzorku 

s prostorovým rozlišením v řádu µm3. V této práci byla metoda Ramanovy 

mikroskopie použita pro studium mikroskopických řas, jednobuněčných 

fotosyntetických organismů, které jsou jedním ze základních pilířů pozemské biosféry 

a využití nacházejí i v biotechnologických aplikacích. Ramanova mikroskopie 

fotosyntetických organismů se musí vypořádat s vysokým a nežádoucím spektrálním 

pozadím, které je tvořené fluorescencí buněčného fotosyntetického aparátu. V této 

práci byla proto nejprve vyvinuta metoda rychlého a spolehlivého potlačení tohoto 

pozadí pomocí fotovybělení fotosyntetických pigmentů. Díky tomu jsme mohli 

studovat vnitrobuněčnou distribuci buněčných komponent – proteinů, škrobu, lipidů 

a polyfosfátu. Vývoj těchto struktur v průběhu buněčného cyklu jsme studovali u 

modelové řasy druhu Desmodesmus quadricauda. Dále jsme vyvinuli metodu pro 

kvantifikaci polyfosfátu v buněčné kultuře řas druhu Chlorella vulgaris. U několika 

druhů řas jsme též pozorovali dosud neznámá vnitrobuněčná tělíska tvořená 

krystalickým guaninem. Tato tělíska dosud nebyla popsána v žádném z organismů říše 

rostlin. Náš objev byl umožněn díky tomu, že Ramanova mikroskopie poskytuje 

informace o přirozeně se vyskytujících buněčných strukturách bez nutnosti předem 

znát jejich chemické složení. 
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Abstract: Raman microscopy combines Raman spectroscopy with optical confocal 

microscopy and thus provides information on chemical composition of a sample with 

a µm3 resolution. In this thesis, Raman microscopy has been used to study 

microalgae—unicellular photosynthetic organisms that are greatly relevant for the 

Earth’s environment as well as for biotechnological applications. Raman microscopy 

of photosynthetic organisms struggles with a highly intensive background of the 

spectra, which is formed by fluorescence of cellular photosynthetic apparatus. In this 

thesis, we have developed a fast and reliable photobleaching method that suppresses 

the unwanted background; this method has enabled us to study intracellular 

distribution of algal biomolecules such as proteins, starch, lipids and polyphosphate. 

We have investigated an evolution of these structures during a cell cycle of a model 

microalga Desmodesmus quadricauda. Next, we have developed a method 

for quantitative analysis of polyphosphate in a cellular culture of a microalga 

Chlorella vulgaris. Finally, we have observed previously unknown intracellular bodies 

composed of microcrystalline guanine in several microalgal species. Such bodies have 

not been reported in any organism of the whole plant kingdom before our work. The 

discovery was enabled by the fact that Raman microscopy provides information on 

intrinsic cellular structures without the need for any a priori knowledge of their 

chemical composition. 
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Preface 

The aim of this thesis was to explore and widen the possibilities of practical 

application of Raman microscopy for chemical analysis of cells and biological tissues. 

Thanks to collaborations with laboratories in Germany (Forschungszentrum Jülich, 

Jülich, doc. RNDr. Ladislav Nedbal, CSc.) and the Czech Republic (Centre Algatech, 

Třeboň, RNDr. Vilém Zachleder, CSc. and RNDr. Kateřina Bišová, Ph.D.), we have 

focused on Raman microscopy of microalgae, unicellular organisms that gain energy 

by photosynthesis and form the basis of the Earth’s environment. Indeed, marine 

planktonic microalgae account for around 50 % of all the Earth’s carbon assimilation 

and oxygen production.1 Microalgae are also used for industrial production of high-

value pharmaceuticals and nutraceuticals,1 and ongoing research promises high-impact 

applications such as biofuel production2 or wastewater treatment.3 

Raman spectroscopy uses scattered laser light to obtain information on chemical 

composition of a studied sample. Raman microscopy, a combination of Raman 

spectroscopy with optical confocal microscopy, adds a high spatial resolution. Thus, 

the distribution of chemical components within biological cells and tissues might be 

studied, and often even closer information on the state of these components might be 

obtained. In general, Raman microscopy is non-destructive, contactless, and needs 

neither labelling nor staining of the specimen, nor any other sophisticated sample 

preparation. Raman measurement can be performed in vivo in a natural aqueous 

environment of the cells, as water gives a well-known and uncomplicated Raman 

signal that does not interfere with Raman signals of biomolecules. In the past decades, 

Raman microscopy has been increasingly used in biological and biomedical research, 

often being described as “promising”. Currently, a huge effort is being undertaken to 

make Raman microscopy available for medical purposes.4 

Interestingly, the first Raman microscopy study of a cell was performed on 

a microalga, namely on Botryococcus braunii, in 1980.5 The first Raman microscope 

was constructed by Delhaye and Dhamelincourt only a few years earlier.6 Since the 

pioneering works, microalgae have been investigated by Raman spectroscopy and 

microscopy by many research groups, however, the studies focused mostly on algal 

pigments, i.e., chlorophylls and carotenoids. Only four Raman mapping studies of non-
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pigment microalgal components were performed before 2016, when our first study was 

published.7 

The reason for such a low number is an inherent difficulty that is embedded in 

measuring non-pigment molecules in microalgae. As photosynthesizing organisms, 

microalgae possess pigment-protein complexes that absorb visible light and transform 

the acquired energy to the energy of chemical bonds. When exposed to a very intense 

light of a focused laser beam, which is used for Raman microscopy, the photosynthetic 

apparatus might not handle the excessive absorption and the cell may be burnt. Even 

when not burnt, the photosynthetic apparatus still exhibits a strong natural 

autofluorescence, i.e., an unwanted light emission that is by several orders of 

magnitude more intensive than the wanted Raman signal. Only Raman signal of some 

photosynthetic pigments, such as carotenoids, is strong enough to be detected through 

the fluorescence background due to a resonance enhancement effect. For these reasons, 

Raman spectroscopy and microscopy of microalgae was so far mostly limited to 

detection and mapping of these pigments. Signal-enhancing methods, such as coherent 

anti-Stokes Raman spectroscopy (CARS), surface enhanced Raman spectroscopy 

(SERS) or stimulated Raman scattering spectroscopy (SRS), might be used, however, 

these methods have their own limitations and pitfalls, such as being non-quantitative, 

enhancing only a specific band, introducing foreign particles to the cellular 

environment and/or using complex instrumentation. 

In this thesis, we have developed a method for a simple, fast and reliable 

photobleaching of whole microalgal cells, which largely reduces the unwanted 

autofluorescence signal. Thus, we were able to map cellular components that do not 

benefit from the resonance Raman enhancement, such as proteins, starch, lipids and 

polyphosphate, by the use of conventional spontaneous Raman microscopy. In 

combination with confocal fluorescence microscopy, performed on the same cells with 

the same confocal Raman microscope, we were able to study the distribution of 

energy-transducing and energy-storing molecules in the spatial context of each other. 

Next, spatial distribution of the above mentioned major cellular storage components 

was studied during a cell cycle of a model microalga, Desmodesmus quadricauda, 

benefiting from the Raman multiplexing capabilities. 

Thanks to the photobleaching method, we have also discovered so far unknown 

guanine microcrystals inside of cells of several different microalgal species. This is, to 
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our knowledge, the first report of such microcrystalline guanine bodies among the 

whole plant kingdom.  

By comparing Raman measurement and enzymatic analysis, we have shown that 

Raman microscopy can be used to quantitatively assess cellular polyphosphate content 

in an algal culture. Advantages of Raman microscopy in comparison to the standard 

bulk chemical approach include its relative rapidness; Raman microscopy also 

provides information on intracellular polyphosphate distribution as well as its relative 

abundance among individual cells. In addition, other energy-storing and energy-

transducing components can be quantified simultaneously in a single measurement. 

Thus, information about their ratios may be obtained at a single cell level. 

This thesis is organized as follows: In Chapter 1, a brief introduction to Raman 

microscopy and microalgal biology is given, and existing studies on Raman 

microscopy and spectroscopy of microalgae are reviewed. In Chapter 2, experimental 

setup and methodology for Raman measurement of microalgae that were used in this 

thesis are presented. Results of the thesis are briefly summarized in Chapter 3 and fully 

presented in publications from international peer-reviewed journals that are attached 

at the end of this thesis as Attachment 1–3. A study on Desmodesmus quadricauda 

cell cycle, which has not yet been published, is presented at full in Chapter 3.2. In 

Chapter 4, our work is placed to the context of other Raman mapping studies of non-

resonantly enhanced biomolecules, and an outlook to future possibilities of Raman 

microscopy of microalgae is given. A brief conclusion is given in Chapter 5.  
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1 Introduction 

1.1 Raman microscopy 

1.1.1 Raman spectroscopy 

The phenomenon of the now-called Raman scattering was first described by 

Chandrasekhara Venkata Raman and his collaborator Kariamanickam Srinivasa 

Krishnan in 1928 in Nature and Indian Journal of Physics,8-9 and for this discovery, 

Sir C. V. Raman was awarded a Nobel Prize in 1930. 

Raman scattering is an inelastic scattering of light on molecules of matter that the 

light passes through. Scattering is a two-photon phenomenon, where the incident 

photon interacts with a molecule and a scattered photon is emitted. The term “inelastic” 

means that the light exchanges energy with the molecule and the incident and scattered 

photons have different frequencies (hence energies), as opposed to elastic, so called 

Rayleigh scattering. The molecule might either be excited to a higher vibrational or 

rotational energy level and the scattered photon then has a lower frequency than the 

incident photon, this is called Stokes Raman scattering, or the scattered photon is of 

a greater frequency than the incident photon and the molecule is de-excited, this 

phenomenon is called anti-Stokes Raman scattering. As the distribution of molecules 

Ni among different energy levels Ei follows Boltzmann distribution, 








 


Tk

E
N

B

i
i exp     (1) 

where kB is Boltzmann constant and T is thermodynamic temperature, the excited 

eigenstates are under normal circumstances less occupied than the ground state, and in 

general anti-Stokes scattering is weaker than Stokes scattering. 

Raman spectroscopy thus visualizes vibrational transitions of molecules or of 

oscillating crystalline lattices. Infrared absorption, a different vibrational spectroscopy 

technique, visualizes the same vibrational transitions via absorption of infrared 

photons. In general, infrared absorption spectra and Raman spectra are not the same, 

as the techniques have different selection rules, i.e., different vibrational transitions 

are active in Raman scattering and in infrared absorption. If polarizability of the 

molecule is changed upon a vibrational motion, the vibration is Raman-active, whereas 

if dipole moment is changed, the vibration is infrared-active. Only Raman 
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spectroscopy was used in this thesis and will be discussed further, however, many 

notes below are valid for infrared absorption spectroscopy as well. 

Raman spectroscopy can be used to gain information on molecular composition 

of the studied sample, as each molecular species has a specific system of vibrational 

states, given by masses of atoms constituting the molecule, strengths of bonds between 

the atoms, and its molecular structure and conformation. Raman scattering also 

depends on a physico-chemical state of the molecule and on interactions with its 

environment. A Raman spectrum is typically plotted as an intensity of Raman 

scattering against the difference of excitation and scattered light frequencies, given in 

wavenumbers (1/wavelength), the unit is cm-1. 

Wavenumbers of Raman spectral bands, in general, do not depend on the 

excitation wavelength. However, Raman scattering is resonantly enhanced by several 

orders of magnitude when the excitation laser frequency is near to a frequency of some 

electronic transition of the molecule. This is used in a so called resonance Raman 

spectroscopy. Resonance Raman (RR) spectra have different selection rules than 

spontaneous Raman spectra, and may be used to study samples in concentrations 

below the detection limit of normal, spontaneous Raman spectroscopy. 

1.1.2 Raman microscopy 

Raman microscopy (also called Raman microspectroscopy) combines Raman 

spectroscopy with optical confocal microscopy, and thus enables one to collect Raman 

signal from defined spots of a sample. The Raman spectra might be then used to 

visualize the sample’s chemical composition with a sub-micron resolution.  

Raman microscopy may be performed either as imaging or as mapping.10 Broadly, 

imaging and mapping differ in the variable that is changed in each measurement step, 

which is either wavelength or a spatial coordinate of the sample. In mapping, spectra 

are acquired point by point by moving the sample in lateral (x and y) directions, so that 

adjacent spots get to the microscope focus. Three-dimensional (3D) mapping may be 

performed by employing the axial (z) direction, although spatial resolution in the axial 

direction is in general lower than lateral resolution, and the depth of 3D mapping is 

limited by the depth of penetration of the laser light to the sample. On the other hand, 

Raman imaging sensu stricto means that an image of Raman signal at a specific 

wavelength is acquired by an imaging array detector. In hyperspectral imaging, several 

Raman images at specific wavelengths, corresponding to characteristic Raman bands 
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of each compound under investigation, must be acquired to construct full Raman 

image. In general, imaging and mapping may provide the same results and a “Raman 

chemical image”, i.e., a visualization of chemical composition of the sample based on 

Raman microscopy data, may have been acquired by both techniques. 

An example of a possible Raman mapping setup is shown in Fig. 1. Excitation 

laser light is focused by a microscope objective to a sample, which is placed on 

a moveable (motorized or piezoelectric) microscopy stage. Scattered light from an 

excited sample voxel is collected by the same objective and is lead through a confocal 

pinhole to a spectrograph, where it is spectrally decomposed by a grating, and then to 

a detector. The confocal pinhole filters out light that comes from planes below or above 

the focal plane of the microscope objective, and thus enhances the contrast and 

resolution of the setup. Rayleigh scattering, by several orders of magnitude stronger 

than Raman scattering, is filtered out by a dichroic mirror and a notch or edge filter, 

placed between the objective and the confocal pinhole. The sample can be observed in 

white light (light source is not shown in Fig. 1) by a camera, when a moveable mirror 

is removed. 

 

Figure 1. Possible Raman microscopy setup. Adapted from Mojzeš et al., 201111 

 

1.1.3 Raman microscopy in biosciences 

Biological building-blocks, such as proteins, lipids and nucleic acids, possess 

Raman bands in a so called fingerprint region (400–1800 cm-1). This region visualizes, 

in particular, skeletal vibrations of the molecules, as well as deformation vibrations of 
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their carbon-hydrogen groups. The name of this region hints to the fact that each 

biochemical species possess its own typical spectrum in this region, and so the spectra 

might serve as Raman “fingerprints” or “barcodes” to the measured compounds. The 

physico-chemical state of each compound, such as its temperature, state of 

aggregation, pH or ionic strength of its surroundings, affects the spectra as well. It has 

to be noted, however, that similar molecules, such as different protein species, possess 

very similar spectra, which are often indistinguishable under normal experimental 

conditions. 

Raman bands of carbon-hydrogen (C-H), oxygen-hydrogen (O-H) and nitrogen-

hydrogen (N-H) stretching vibrations are located above 2500 cm-1. For most 

biomolecules, the most prominent Raman band is a broad and intensive band of C-H 

stretching vibrations at above 2750 cm-1, its shape is specific for each biomolecular 

species. In a typical aqueous environment of a cell, this band is partly overlapped by 

a broad band of O-H stretching vibrations of water. Although the fingerprint region is 

typically more exploited in Raman studies, the C-H stretching band has an advantage 

of higher intensity, hence lower detection limit. In some experiments, chemical 

composition of the sample might be deciphered from the shape of this band, when 

appropriate statistical methods are used for spectral analysis.  

The region between 1800 and 2750 cm-1 is said to be spectroscopically silent, 

although more exotic moieties such as triple-bonded carbon atoms or molecules that 

contain sulfur might possess Raman bands in this region. A broad and intensive band 

of water is present between ca. 3000 and 3700 cm-1. 

Typical Raman spectra of proteins, lipids, nucleic acids, starch, carotenes, 

polyphosphate and water are shown in Fig. 2. Raman spectra of biochemically relevant 

compounds and Raman bands’ assignment may be found in the literature.12-14 Tables 

containing Raman bands of amino acids, proteins, nucleic acids, lipids, saccharides, 

phosphate molecules and other biologically relevant compounds are also presented in 

Appendix of the author’s master’s thesis (in the Czech language).15 

Raman spectroscopy of isolated biochemical compounds, e.g., peptides, proteins, 

or nucleic acids, is widely employed to study their structure and state. However, in 

Raman microscopy of real biological samples, such as cells or tissues, many different 

biochemical compounds are present in each measurement voxel and contribute to the 

resulting Raman spectrum. Thus, sophisticated strategies how to analyze such 
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multidimensional data and present them in a comprehensive form need to be 

employed. Typically, pre-processing of the spectra is performed as a first step to 

eliminate interfering non-Raman signal. This includes baseline correction, exclusion 

of anomalous pixels that contain, e.g., peaks of cosmic rays, and possibly de-noising 

of the spectra by the use of, e.g., principal component analysis (PCA), grouping of 

pixels, or Fourier transform filtering.10 Next, to visualize the measurement results, 

a univariate approach might be employed, in which Raman intensity of a single band 

unique to the studied biomolecule is plotted as a function of its spatial coordinates. 

Thus, an image that shows the distribution of the biomolecule in the sample is created. 

More sophisticated multivariate statistical methods such as cluster analysis, principal 

component analysis (PCA) or multivariate curve resolution (MCR) might be used 

instead of the univariate approach. The multivariate methods are often superior to the 

above mentioned univariate approach, however, they are typically more time 

consuming and require more computer time. 

The first Raman microscopic study of a single cell was performed by Largeau et 

al. in 1980,5 shortly after the construction of the first Raman microscope by Delhaye 

and Dhamelincourt.6 Interestingly, the studied cells were microalgal cells of the 

species Botryococcus braunii. The first cell that was unambiguously alive after Raman 

measurement was a fission yeast Schizosaccharomyces pombe, studied during its cell 

cycle by Huang et al. in 2003.16 The investigated cells were able to perform several 

cell cycles and divisions after the measurement. Since these pioneering works, Raman 

microscopy has been increasingly used in diverse fields of biosciences, including 

single-cell studies. To review the wide and still growing use of Raman spectroscopy 

in biology is far beyond the scope of this thesis and the reader is referred to the existing 

literature.10, 12, 17-19 As the topic of this thesis is Raman microscopy of unicellular algae, 

we have restricted ourselves to publications on this issue, and a thorough review of 

Raman microscopic and spectroscopic studies of microalgae is presented in 

Chapter 1.3. 

Raman microscopy and spectroscopy also bear great promises in medical 

diagnostics, predominantly in cancer detection and tumor state classification. In many 

types of cancer, a malignant tissue is traditionally detected via a stained biopsy sample 

that is investigated visually by a trained pathologist. However, this is not only time, 

money and manpower-consuming, but also prone to human error. It has been shown 
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that Raman and infrared spectroscopy in combination with multivariate statistical 

methods and advanced computer algorithms might discern the tumor tissue more 

reliably and even in an earlier stage than conventional techniques.20  

In such medical studies, the vibrational spectra are typically not analyzed in terms 

of the underlying chemical composition. Instead, they are used as “fingerprints” or 

“barcodes” to the measured sample. The “barcodes” of, e.g., cancerous tissues are 

more similar to each other than to healthy tissue “barcodes” and may be grouped 

together by the use of multivariate statistical methods and/or advanced computer 

algorithms using, e.g., artificial neural networks. 

A large set of spectra of samples from different patients is needed to make the 

classification reliable, and a cooperation of spectroscopists, mathematicians and 

clinicians is necessary. To promote and coordinate the translation of vibrational 

(Raman and infrared) spectroscopies to medial praxis, international networks have 

been recently established, such as International Society for Clinical Spectroscopy 

(CLIRSPEC),* or Raman4Clinics.† Despite the huge effort, Raman and infrared 

spectroscopies did not yet reach hospitals, although a progress is expected in the 

forthcoming years.21 For reviews of the use of Raman spectroscopy in medical 

diagnostics, see e.g. 20-22 

 

 

                                                 
* https://clirspec.org/ 

† https://www.raman4clinics.eu/ 
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Figure 2. Typical Raman spectra of biologically significant compounds in 

a fingerprint as well as a carbon-hydrogen stretching region: lipid mixture (vegetable 

oil), DNA (from calf thymus), RNA (polyA-polyU), protein (bovine serum albumin), 

starch (from potatoes), carotene (β-carotene), polyphosphate (sodium 

hexametaphosphate) and water. The spectra were acquired with LabRam Evolution 

Raman microscope (Horiba Scientific) and a Plan Apo VC 60×, NA 1.20 objective 

(Nikon) using a 532-nm laser and 10 mW power. The biomolecules were suspended in 

water, dropped on a quartz microscopy slide and let to dry, however, residual water 

is still visible in the spectra at around 3400 cm-1. Vegetable oil was measured as 

a drop on a quartz slide. β-carotene was measured dissolved in vegetable oil, whose 

contribution was then subtracted from the spectrum. The spectra are normalized to 

their maximum intensities. The figure is adapted from Moudříková et al., 2016.7 
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1.1.4 Advantages and drawbacks of Raman microscopy in biosciences 

Raman microscopy, as every experimental technique, has both its advantages and 

drawbacks. These are briefly summarized below, with focus on the use of Raman 

microscopy in biosciences. 

Raman microscopy provides information on chemical composition of a sample 

with a spatial resolution in the order of µm3 or even 1–2 orders below. The highest 

theoretical lateral and axial resolution of a confocal Raman microscope, Δlateral and 

Δaxial, respectively, is given by Abbe diffraction limit,  

NA
lateral

61.0
      (2) 

2

4.1

NA

n
axial


       (3) 

where λ is a wavelength, n represents a refractive index of the imaging medium, and 

NA is a numerical aperture of the objective. Diffraction-limited lateral and axial 

resolution is thus ca. 250 nm and 660 nm, respectively, for a 532-nm laser and a 100× 

oil immersion objective with NA = 1.3 that were predominantly used for Raman 

measurements in this thesis. 

To estimate the real axial resolution of a Raman setup, a scan in an axial direction 

of a flat opaque sample, such as a polished silicon wafer, is commonly used instead of 

theoretical diffraction-limited values.7, 23 Integral intensity of a silicon Raman band is 

then plotted against the axial coordinate, and a full width at half maximum (FWHM) 

of the curve is used as a practical measure for the axial resolution. In our case, the 

FWHM was around 850 nm with a confocal WITec alpha300 RSA Raman microscope 

(WITec) equipped with an oil immersion objective (100×, NA 1.3), a 532-nm 

excitation, and a fiber core of 8 μm diameter of an endlessly single-mode photonic 

crystal acting as a fixed-dimension pinhole. When using a confocal Raman microscope 

LabRam Evolution (Horiba) equipped with a water immersion objective (60×, NA 1.2) 

and a 532-nm excitation, the best corresponding FWHM achieved with an adjustable 

confocal pinhole of 50 m was ca. 6 m. It has to be noted, though, that strong signals 

from planes above or below the focal plane still contribute to the resulting spectrum. 

Special techniques exist to overcome this problem, such as spatially offset Raman 

spectroscopy (SORS),24 however, these have not been used in this thesis and will not 

be discussed further. 
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Raman microscopy visualizes intrinsic composition of the sample, without the 

need to introduce artificial labels that may alter biological state of the sample. This 

also means that previously unknown components of the sample might be discovered 

by this Raman microscopy. Moreover, it means that sample preparation is typically 

non-complicated, fast and cheap. By contrast, fluorescence microscopy typically uses 

more or less complicated staining of the specimen that is often deleterious to the 

sample and visualizes previously known components only. 

Biological samples can be studied in their natural aqueous environment, as Raman 

signal of water is relatively weak, well-defined, and does not hinder the detection of 

Raman signal of biomolecules. This is an advantage over the other vibrational 

microscopy technique, infrared absorption microscopy. 

Raman measurement can be non-destructive, when appropriate experimental 

conditions are used, and by consecutive measurements, biological processes might be 

studied, with time resolution depending on the experiment parameters such as scanned 

area, pixel size and acquisition time per pixel. In our experiments, typical acquisition 

times for a map of 8×8 µm were around 2 minutes. 

On the side of disadvantages, one must mention the relative weakness of the 

Raman scattering effect. Any fluorescence of the sample typically outshines the 

Raman signal by several orders of magnitude. This complicates the measurement 

especially for naturally fluorescing samples, such as photosynthetic organisms. 

Moreover, to acquire Raman spectra with a reasonable signal-to-noise ratio, high 

quality Raman microscopes need to be used, which are expensive and not yet constitute 

a standard equipment of biological laboratories. 

The spatial and temporal resolution of Raman microscopy does not reach the 

resolution of other imaging methods that are used in structural biology, and might be 

insufficient for some purposes. Also, the chemical specificity and sensitivity might be 

too crude for some studies, as Raman signals of similar biomolecules belonging to the 

same chemical category, e.g., different proteins, nucleic acids, or polysaccharides, are 

usually indistinguishable, particularly when more of them contribute to the same 

spectrum, which is typical for in vivo Raman microscopy. 

This also means that the Raman signal of biological samples is usually 

complicated to analyze in a simple and straightforward way. It is difficult, and 

sometimes impossible, to unambiguously assign each Raman band found in the 
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spectrum to a certain biochemical species. Multivariate statistical methods may be 

used to aid this process. An unknown source of spectral features may also be identified 

with the help of spectral databases, although this process often resembles a detective 

work and one has to be aware that Raman bands present in the spectrum might 

originate from several co-localized chemical species. 

1.1.5 Other techniques related to Raman spectroscopy: SERS, CARS and SRS 

In this thesis, spontaneous confocal Raman microscopy was used as the main 

experimental technique. However, several works by other authors that are listed in 

a review in Chapter 1.3 are based on other spectroscopic methods related to Raman 

spectroscopy. These techniques are very briefly described below. 

In surface enhanced Raman spectroscopy (SERS), a sample molecule is adsorbed 

on a curved metal substrate, such as metal colloid or nanostructured surface.25 This 

leads to an enhancement of the sample’s Raman signal of up to 1010–1011, although 

typical enhancement factors are by several orders of magnitude lower. Two 

mechanisms are responsible for the enhancement, namely an electromagnetic and 

a chemical mechanism.25 Electric field near a nanostructured metal surface is locally 

enhanced due to a presence of localized surface plasmons, i.e., collective non-

propagating charge density oscillations that are resonant with external excitation 

radiation. This effect is described as the electromagnetic mechanism and the 

enhancement may be typically up to 106. With the chemical mechanism, polarizability 

of the molecule is increased due to adsorption to a metal surface, and the enhancement 

factor is typically 101–102. For more information about SERS and its biochemical 

applications, see for example a recent review.25 

Coherent anti-Stokes Raman spectroscopy (CARS) uses a non-linear third-order 

process to generate anti-Stokes Raman signal, which is typically by several orders of 

magnitude stronger than spontaneous Raman scattering. A pump, Stokes and probe 

photons from lasers (typically, pump and probe photons are generated by the same 

laser) interact with a molecule and an anti-Stokes photon is emitted. The anti-Stokes 

beam’s intensity is resonantly enhanced when the frequency difference between the 

pump and the Stokes beam is equal to a frequency of some Raman band of the sample 

molecule. To scan more than one molecular vibration, or Raman band, the frequency 

of one of the lasers has to be tunable.  
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Stimulated Raman scattering (SRS) is a non-linear third-order process, where 

Stokes Raman photons’ generation is enhanced by another laser, tuned to be in 

resonance with some Raman band. As in CARS, only one Raman-active vibration is 

probed at a time, and a tunable laser is needed to probe more Raman bands in 

consecutive measurements. 

For more information on CARS and SRS in biomedical applications, see for 

example a recent review.26 

1.2 Microalgae 

1.2.1 Introduction to microalgae 

The term algae is used for a diverse group of organisms that are capable of 

oxygenic photosynthesis and are not higher plants.27 Algae can be distinguished from 

plants by their simpler morphology, lacking roots, leaves, stems, and vascular network 

of plants; however, exceptions from this definition exist, as some algae have lost the 

ability to photosynthesize and live heterotrophically, some are mixotrophs, and there 

are also multicellular algae that show differentiation of their cells.1, 27 Algae are 

polyphyletic in origin, which means that they do not possess a common evolutionary 

ancestor, and they do not form a taxonomic group.1, 27 When used in a broad sense, the 

term algae includes both prokaryotic and eukaryotic organisms from four kingdoms—

Bacteria, Plantae (plants), Chromista and Protozoa.1 Cyanobacteria, also called blue-

green algae, are Gram-negative bacteria. Eukaryotic algae were formed by 

endosymbiosis; incorporation of a cyanobacterium to a eukaryotic cell gave rise to the 

groups of Glaucophytes, red and green algae.27 Other eukaryotic algae originated by 

secondary endosymbiosis, and tertiary endosymbiosis is known in dinoflagellates27 

that are part of the Protozoa kingdom.1 The estimate number of algal species ranges 

from 30 000 to more than a million;27 it is likely around 72 500, based on AlgaeBase, 

a global database of algal species.1 The diversity of algae might be exemplified by 

their sizes, ranging from only 0.2-2 µm in diameter of unicellular picoplankton to giant 

kelps with up to 60 m long fronds.1 

Microalgae are unicellular algae, as opposed to multicellular macroalgae, 

although some microalgal species live in chains or coenobia, groups of a fixed number 

and arrangement of nonspecialized cells. Microalgae are ubiquitous in the Earth’s 

biosphere, living on the ground as well as in water, both fresh and salt, and in a broad 
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range of pH, temperature, turbidity, O2, and CO2 concentration.1 Microalgae are and 

have been the base of all the Earth’s biosphere, capturing sunlight energy and 

transforming it to the energy of organic bonds. Throughout the ages, they have shaped 

the planet Earth. Phytoplankton, more than 5000 species of microalgae living 

planktonically in the Earth’s oceans, perform around 50 % of all the Earth’s carbon 

assimilation and oxygen production, and constitute the base of oceans’ food chain.1, 28 

Cyanobacteria, the first organisms capable of oxygenic photosynthesis, transformed 

the initial Earth’s reducing atmosphere to the today’s oxidizing one.1 Petroleum and 

natural gas were mostly formed by the deposition of remains of microalgae from the 

classes Eustigmatophyceae, Dinophyceae, and Chlorophyceae.1 A specific group of 

marine and freshwater microalgae are diatoms (Bacillariophyceae), whose cells are 

enclosed in a silica cell wall (frustule) that shows a nearly perfect bilateral symmetry, 

fitting together like a box and a lid. Around 20 000 diatom species exist, and their 

remnants, originated throughout the ages, are mined for production of, e.g., polishing 

materials and abrasives.1 Algae are also important for biogeochemical cycling of 

carbon, nitrogen, phosphorus, sulphur and silicon.1 

Apart from their huge environmental significance, algae have been used by 

humankind since ancient times as, e.g., a source of food, feed, fertilizers and 

medicine.1 Specifically, cyanobacteria were consumed by Aztecs and in Chad in 

a form of a dried cake in the 14th century and possibly even earlier, and in China for at 

least 2000 years.1 Nowadays, around 20 million tons of algae are farmed annually.2 

Apart from macroalgae, microalgae predominantly of the genera Arthrospira, 

Dunaliella, Haematococcus and Chlorella are cultivated commercially in a large scale, 

and serve as feed in aquaculture, and as a source of valuable products for cosmetics, 

nutraceutical, and health industry.1 Specifically, carotenoids such as astaxanthin and 

β-carotene, poly-unsaturated ω-3 and ω-6 fatty acids such as eicosapentaenoic acid 

(EPA), docosahexaenoic acid and arachidonic acid (AA), and polysaccharides such as 

β-glucan are isolated from commercially farmed microalgae.1 Carotenoids serve as 

antioxidants and have anti-inflammatory properties, poly-unsaturated fatty acids serve 

as antioxidants, and β-glucan has immunostimulating and antiviral properties.1 

Microalgae may also serve as a source for starch, protein and lipid production.1 

Apart from the well-established commercial uses of microalgae, several processes 

are widely investigated that did not yet reach the commercial scale but promise to 



 

16 

 

shape the future of the World’s environment and economics. Two of them are briefly 

presented below. 

1.2.2 Microalgae for biofuel production 

Microalgae might serve as a source of lipids for biodiesel production. Estimated 

microalgal production per area is ca. 100 times higher than for soybean, a common 

biofuel crop.29 Moreover, microalgal biodiesel production would not compete for 

arable land with food and feed crops, which is the case today. Microalgae are also less 

sensitive to seasonal variations and require less freshwater than higher plants and do 

not need herbicides or pesticides to be applied.2 For growth, algae only need sunlight, 

CO2 and a medium containing other necessary elements. Their growth thus can be very 

cheap, as algae might consume industrially produced CO2 and a wastewater-based 

growth medium. A co-production of, e.g., proteins or vitamins is possible, and the 

residual biomass can be used for biogas production.2 

There are several options how to cultivate microalgae in a large scale.2 These 

include extensive ponds, raceway ponds, closed photobioreactors, or fermenters. In 

raceway ponds, algal suspension is driven to circulate, e.g., by a paddle wheel. In 

photobioreactors, algal suspension is circulated in a closed transparent container, often 

in a tubular system, with the necessary inlet and outlet for CO2 and medium supply, 

and illuminated from above or from the side. In fermenters, the algae are cultivated in 

darkness on an organic substrate. 

Photobioreactors and raceway ponds are the two most promising candidates for 

biofuel production.2 Photobioreactors have the advantage of being closed, diminishing 

the risk of contamination, reducing evaporation of the medium and enabling a better 

control of the cultivation environment. Due to a high surface to volume ratio, 

photobioreactors reach a higher volumetric productivity and cell density. On the other 

hand, they are more expensive and less scalable. In contrast, raceway ponds are 

cheaper to build and operate, yet they are limited by contamination of bacteria, grazers 

that feed on the algae, and unwanted algal species from the environment. Raceway 

ponds operation also strongly depends on climatic and weather conditions of the 

cultivation facility.  

Raceway ponds are the most common large scale production setups of today, 

whereas there are no mass-production photobioreactors.2 Also, microalgal biofuel 

production did not yet reach the commercial scale, as the operating costs and energy 
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requirements, e.g., for pumping and mixing of the cell suspension and biomass 

harvesting and treatment, are still too high. However, closed photobioreactor systems 

or systems that combine photobioreactors with raceway ponds are widely investigated, 

as well as the proper cultivation condition and appropriate algal strains. 

The author participated on a comparative study of three commercial large-scale 

photobioreactors (up to 36 000 l cellular suspension) to grow algae with high lipid 

content for biofuel production in a moderate European climate in Jülich, Germany.30 

1.2.3 Microalgae for phosphorus sequestration from wastewaters 

Microalgae might be used to sequester phosphorus from wastewater, and the 

harvested algal biomass might be utilized as a fertilizer, returning phosphorus to arable 

land.3 Phosphorus is often the limiting nutrient for plant as well as algal growth. 

Nowadays, agriculture depends on fertilizers containing phosphorus mined from 

phosphate rock deposits, but their resources are limited, and might run out in several 

tens of years.31 On the other hand, phosphorus washed out from fields and urban waste 

concentrates in seas and lakes and causes their eutrophication. In this process, once 

scarce element becomes abundant, bearing a number of ecologically adverse effects 

such as excessive algal growth, decreased biodiversity and change of species structure, 

depletion of dissolved oxygen and subsequent dying of fish and other benthic species. 

Eutrophication also enhances the risk of poisonous algal blooms and shellfish 

poisoning of human.1  

Currently, wastewater is treated chemically to get rid of the excess phosphorus, 

however, this process results in phosphorus of a low bio-availability.3 Heterotrophic 

bacteria are already used to sequester phosphorus from sewage in a process called 

enhanced biological phosphorus removal (EBPR), which is technically more 

complicated than the chemical recovery, but the resulting sludge is better suited for 

agricultural use.32 Microalgae are promising organisms for wastewater treatment, as 

they can accumulate phosphorus to up to 2–3 % dry weight, and simultaneously 

remove nitrate, decompose organic pollutants, suppress the growth of pathogenic 

microflora and sequester CO2.
3 The phosphorus-enriched algal biomass might be used 

as a biofertilizer or a feed additive, and thus help close the phosphorus cycle.3 
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Phosphorus in algal cells is stored in a form of polyphosphate,* a linear polymer 

of a few to hundreds of phosphate units linked by an energy-rich phosphoanhydride 

bond, such as in adenosine triphosphate (ATP). Polyphosphate is found in all types of 

living organisms—in bacteria, archaea, fungi, plants as well as animals.33 Once 

considered a “molecular fossil”, a now-useless polymer forgotten in organisms from 

the early evolution of life when it could serve as an energy-storage molecule,34 

polyphosphate is now known to have many functions among the different 

organisms.32-33, 35-36 In microalgae, there are four different pools of polyphosphate, 

named A–D, that accumulate under different conditions such as light intensity, 

phosphate availability and cell cycle phase, and can be turned into cellular building-

blocks such as nucleotides, membrane lipids and phosphorylated sugars.3 Apart from 

being a storage molecule for phosphorus, several other functions of polyphosphate in 

microalgae have been proposed, such as energy storage, regulatory function, 

sequestration of heavy metals, and a role in competition against alkaline and osmotic 

stress.3 

Intracellular polyphosphate is traditionally visualized via fluorescent staining 

with 4’,6-diamidino-2-phenylindole (DAPI), however, polyphosphate chain length or 

differences in DAPI permeability to various cells and cellular compartments may bias 

the method.37-38 Polyphosphate Raman spectrum is simple and easily distinguishable 

from spectra of other biomolecules (see Fig. 2), with a broad band of P‒O‒P vibrations 

around 690 cm-1, and a sharp intensive band of (PO3)
2- stretching vibrations at around 

1158 cm-1.39 The exact position of the latter band is affected by presence and 

concentration of bivalent cations interacting with the polymer.15, 40 The (PO3)
2- 

stretching band might be confused with a carotenoid band at around the same 

wavelength, however, carotenoids possess an approximately equally intensive band at 

around 1524 cm-1 (Fig. 2). Raman microscopy have been used to study polyphosphate 

distribution among the cells in EBPR.39, 41-43 We have identified the polyphosphate 

(PO3)
2- stretching Raman band in microalgal spectra for the first time, and verified that 

Raman microscopy might be used to quantitatively assess polyphosphate content in 

                                                 
* A singular or a plural form, i.e., polyphosphate or polyphosphates, is used in the literature. 

The plural form stresses out that cells contain polyphosphate molecules of different chain lengths and 

often also several pools of polyphosphate(s) differing in their properties. However, we prefer to use the 

singular form, as it is used in the majority of Raman studies on this polymer. 
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a microalgal culture; see Chapter 3.1. Raman microscopy might thus play a key role 

in future studies of algal wastewater treatment. 

1.3 Raman microscopy of microalgae—a review 

This Chapter reviews so-far published literature on Raman spectroscopy and 

microscopy of microalgae. Isolated compounds of algal cells, e.g., pigment-protein 

complexes,44-46 have been studied by Raman spectroscopy, however, such studies are 

not included in this review. Raman studies of multicellular macroalgae are also not 

included. Raman spectroscopy has been used in paleontology to identify and study 

fossilized algae, as reviewed, e.g., by Olcott Marshall et al.,47 however, as our study 

aimed at living algal species, such paleontological Raman studies have been also 

intentionally omitted from this review. 

Geological samples have been studied by Raman microscopy and spectroscopy, 

where the signal of carotenoids is used as a marker of endolithic microbial 

communities, i.e., colonies of bacteria and algae that live inside rocks. These 

communities are often studied in harsh places such as Atacama Desert that resemble 

extra-terrestrial, e.g., martial, environment, and thus serve as models for astrobiology 

research. Although a very interesting issue, such geological studies have not been 

included in this review. For reference, see for instance.48-54 

Apart from the exceptions stated above, to our knowledge, this review comprises 

all English-written works on Raman spectroscopy and microscopy of microalgae listed 

by Web of Science up to July 2018. To our best knowledge, the last exhaustive review 

on Raman spectroscopy of microalgae was published in the year 2014.55 Existing 

reviews on the topic are listed in Chapter 1.3.1. 

 

The existing studies on Raman spectroscopy of microalgae might be roughly 

divided according to the used technique as spectroscopic and mapping studies. Under 

the term mapping, we mean 2D or 3D collection of Raman spectra from the sample; 

the spectra are then used to reconstruct a distribution of a given biomolecule or more 

biomolecules within the sample. Raman mapping is performed by the use of a Raman 

microscope on immobilized or dried cells, whereas for spectroscopy, either a Raman 

microscope or a conventional Raman spectrometer might be used and the cells might 

be measured in a suspension, paste, immobilized or dried. Early Raman works on 
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microalgae,5, 56-62 starting in the year 1980,5 might be described as spectroscopic in the 

sense stated above. The first Raman map of a microalga was acquired in the year 2000 

by Kubo et al.,63 and the next in the year 2010.64-66 

In another way, Raman studies on microalgae may be assorted according to the 

detected molecular species to those focused on algal pigments, i.e., carotenoids and 

chlorophylls, and to those investigating other, non-pigment biomolecules. Raman 

spectra of carotenoids are resonantly enhanced when using blue to green excitation 

wavelengths, giving rise to a strong Raman signal that is by several orders of 

magnitude more intense than that of resonantly non-enhanced chemical species. Even 

outside of the blue-green excitation wavelength range, the carotenoid spectral 

contribution is typically prominent. In our experience, if a visible or near-infrared laser 

beam is focused to a random spot of an algal cell, most probably the only Raman signal 

that will be observed is that of carotenoids. That is the case, if the signal is not 

completely hidden under a fluorescence background coming from chlorophyll, or if 

the cell does not get burnt. The effect of resonant enhancement might be even used to 

distinguish different carotenoid species, which typically possess very similar Raman 

spectra, when exciting with different wavelengths tuned to be in resonance with an 

electronic transition of one of the carotenoid species.59, 67-68 Raman spectroscopy and 

mapping studies of algal pigments are summarized in Table 1 and 2, respectively, and 

reviewed in Chapter 1.3.2. Apart from algal pigments, resonance Raman spectroscopy 

was also used to assess the presence and concentration of domoic acid in microalgae,59 

this study is included in Table 1 and in Chapter 1.3.2.  

Unlike carotenoids, Raman spectra of other cellular chemical components, such 

as proteins, starch or lipids, are not resonantly enhanced under visible or near-infrared 

excitation. Thus, the spectra are very weak when compared to fluorescence of algal 

photosynthetic apparatus and carotenoid resonance Raman signal, and one typically 

has to cope with these unwanted spectral contributions in order to investigate non-

pigment biomolecules in algae, apart from special cases where the excitation laser is 

tightly focused to a sufficiently large non-pigment organelle. The signal of pigments 

might be photobleached prior to Raman measurement, or the background might be 

subtracted afterwards. Raman spectroscopy and mapping studies of non-pigment 

molecules are summarized in Table 3 and 4, respectively, and reviewed in Chapter 

1.3.3., with a focus on fluorescence background suppression or subtraction. 
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Apart from confocal Raman microscopy and Raman spectroscopy, which are 

based on spontaneous scattering, other sophisticated techniques, related to Raman 

scattering, have been used to study microalgae. These are, i.e., coherent anti-Stokes 

Raman spectroscopy (CARS), stimulated Raman scattering spectroscopy (SRS), and 

surface enhanced Raman spectroscopy (SERS). Such studies are reviewed in Table 5 

and in Chapters 1.3.4. to 1.3.6. 

 

There are several topics that repeat in Raman studies of microalgae and are 

investigated by several groups of authors. One of these is the use of Raman spectra to 

automatically classify individual algal cells into two or more categories. These 

categories might be algal species, or different treatments of cultures of one species, 

such as cultivation in nitrogen replete or depleted medium. To classify individual cells, 

multivariate statistical methods such as partial least squares (PLS), principal 

component analysis (PCA) or linear discrimination analysis (LDA) are used. Such 

classification studies are in line with works on other unicellular organisms, such as 

bacteria69-71 or yeasts.72-76 

Another repeated topic of investigation comprise lipid bodies, where storage 

triacylglycerols (TAGs) are accumulated. In some microalgal species and under 

appropriate cultivation conditions, the total TAG content may reach up to several tens 

of percent dry weight.77 Algal storage lipids are of huge interest, as they might be used 

for biofuel production, see also Chapter 1.2.2. Standard methods to gain information 

on quantity and/or quality of algal storage lipids are bulk analytical methods that 

average information from the whole culture and do not provide information at a single 

cell level. In individual cells, lipid bodies might be visualized by the use of fluorescent 

stains such as Nile Red or Bodipy, however, the staining is often non-quantitative and 

cannot be used on all species. Thus, Raman spectroscopy of algal lipid bodies is of 

a great scientific as well as industrial interest. Storage lipids have been quantified with 

the use of Raman spectroscopy, and/or their iodine value, a measure for a degree of 

lipid saturation, have been obtained from Raman spectra. Determination of fatty acid 

composition of lipid bodies and their thawing temperature have been reported as 

well.78-79  

Another applications of Raman spectroscopy and microscopy are related to 

commercially interesting production of carotenoid astaxanthin, a potent antioxidant 
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that is used for instance in healthcare, cosmetics, and aquaculture. Astaxanthin is 

produced for up to 3–4 % dry weight by a freshwater alga Haematococcus pluvialis in 

its resting, cystic stadium under unfavorable conditions such as high light exposure or 

high salinity.80 Astaxanthin detection and mapping in H. pluvialis is another repeated 

topic in Raman studies on microalgae. 

In Tables 1–5, the three topics listed above are highlighted in columns denoted as 

Class (classification), LBs (lipid bodies) and Axt (astaxanthin). 

Our own publications on microalgae7, 81-82 are not included in this review, as they 

are described in detail in Chapter 3 of this thesis, and attached at the end of the thesis 

as Attachment 1–3. 

 

Abbreviations for Tables 1–5: β-Car—β-carotene; λex—excitation wavelength; 

Axt—astaxanthin; Car—carotenoids; CARS—coherent anti-Stokes Raman spectro-

scopy; Chl—chlorophyll; Class—classification; FTIR—Fourier transform infrared 

spectroscopy; FWM—four-wave mixing; LBs—lipid bodies; MS—mass 

spectrometry; N—nitrogen; RR—resonance Raman; SERS—surface enhanced 

Raman scattering; SRS—stimulated Raman scattering; TAG—triacylglycerole; 

TPEF—two-photon-excited fluorescence 
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Table 1. Existing studies on resonance Raman spectroscopy of microalgal pigments and domoic acid 

 

C
la

ss
 

L
B

s 

A
x

t 

λ
ex

 (
n

m
) 

Algal species Topic Citation 

   457.9 Pyrocystis lunula RR spectrum of peridinin in cytoplasm Dupaix et al. 198256 

●   488 

457.9 

Bacillariophyceae  

Chlorophyceae 

Prasinophyceae 

Classification based on RR spectra Brahma et al. 198357 

●   488 

457.9 

Chlorophyceae  

Prymnesiophyceae 

Cyanobacteria 

Bacteriophyceae 

Classification based on RR spectra Wu et al. 199858 

   251 Pseudo-nitzchia Assessment of domoic acid concentration Wu et al. 200059 

   785 

Dunaliella tertiolecta  

Chaetoceros muelleri 

Phaeodactylum tricornutum 

Porphyridium purpureum 

Chl and Car spectroscopy in an acoustic levitation device Wood et al. 200560 

●   780 Dunaliella tertiolecta Classification of N-starved cells, effect of spectral preprocessing Heraud et al. 200661 

●   782 Dunaliella tertiolecta Classification of N-starved cells Heraud et al. 200762 

  ● 1064 Haematococcus pluvialis Astaxanthin spectra from –150 °C to 150°C Kaczor and Baranska 201183 

 ●  785 Trachydiscus minutus Car concentration in LBs Pilát et al. 201284 

   413.7–

570 
Cyclotella meneghiniana Carotenoids diadinoxanthin, diatoxanthin and fucoxanthin in high and low light Alexandre et al. 201467 

   1064 Chlorella vulgaris Effect of illumination spectrum on growth Kula et al. 201485 

●   532, 785 

Nannochloropsis oceanica 

Chlamydomonas reinhardtii 

Chlorella pyrenoidosa 

Raman activated cell sorting device and software construction Ren et al. 201486 

   514.5 

1064 

Cylindrospermopsis raciborskii 

Microcystis aeruginosa 
Sample preparation to detect Car de Oliveira et al. 201587 

●   785 Ditylum brightwellii Classification of culture phases by RR and FTIR Rüger et al. 201688 
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Table 1. Continued from the previous page 

C
la

ss
 

L
B

s 

A
x

t 

λ
ex

 (
n

m
) 

Algal species Topic Citation 

   473 Dunaliella salina Carotenoids violaxanthin, zeaxanthin, light to dark and dark to light adaptation Koch et al. 201768 

   532 Chlorella vulgaris Car when cultivated in different N-levels Zhang et al. 201789 

●   532 

Microcystis flos-aquae 

Microcystis sp.  

Cyclotella sp. 

Chlamydomonas microsphaera 

Feral species 

Classification of algal genera based on carotenoid RR spectra He et al. 201890 

  ● 440–530 

Chlorella vulgaris 

Haematococcus pluvialis 

Porphyridium purpureum 

Resonance excitation maps of unstressed and stressed cultures Koch et al. 201891 

   532 Chlorella vulgaris Growth parameters and Car content with cultivation in microwells and in flasks Zhang et al. 201892 
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Table 2. Existing studies on resonance Raman mapping of microalgal pigments 

C
la

ss
 

L
B

s 

A
x

t 

λ
ex

 (
n

m
) 

Algal species Topic Citation 

   488 

514 

Euglena  

Chlamydomonas 
Car mapping; Car orientation in eyespot Kubo et al. 200063 

    532 
Chlamydomonas reinhardtii 

Euglena gracilis 
Microarray for RR, fluorescence and MS Urban et al. 201065 

   514 
Dunaliella 

Phaeodactylum 
Car mapping Abbas  et al. 201193 

  ● 1064 Haematococcus pluvialis Astaxanthin mapping in cystic cells Kaczor et al. 201180 

  ● 532 Haematococcus pluvialis Astaxanthin, β-Car and Chl mapping in four life stages Collins et al. 201194 

   532 
Chlamydomonas reinhardtii 

Euglena gracilis 
RR and fluorescence mapping and MS on the same cells Urban et al. 201195 

   532 

Synechocystis sp. 

Synechococcus elongates 

Uncultivated sea species 

13C labelling to discern photosynthesizing cells Li et al. 201296 

  ● 532 Haematococcus pluvialis β -Car, Astaxanthin, Chl mapping and MS during encystment Fagerer et al. 201397 

 ●  488 

Nannochloropsis sp. 

Dunaliella salina  

Neochloris oleoabundans 

Chlamydomonas reinhardtii 

Chl fluorescence, Car RR and LBs mapping via dissolved Car Davis et al. 201498 

●  ● 532 Haematococcus pluvialis Astaxanthin-hyperproducing strain classification, RR and FTIR Liu and Huang 201699 
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Table 3. Existing studies on spontaneous Raman spectroscopy of microalgae 
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Algal species Topic Citation 

    Botryococcus braunii Internal and external hydrocarbon droplets microscopy Largeau et al. 19805 

 ●  785 

Trachydiscus minutus 

Botryococcus sudeticus 

Chlamydomonas sp. 

In vivo estimation of TAGs' iodine value in LBs Samek et al. 201028 

 ●  785 

Botryococcus braunii  

Neochloris oleoabundans 

Chlamydomonas reinhardtii 

In vivo estimation of TAGs' iodine value, chain length and thawing temperature in LBs Wu et al. 201178 

 ●  1064 Chlorella vulgaris Lipid quantification Lee et al. 2013100 

   532 
Chlamydomonas reinhardtii 

Chlorella pyrenoidosa 
Starch quantification Ji et al. 2014101 

● ●  532 Nannochloropsis oceanica Lipid quantification and unsaturation; classification of N-starvation Wang et al. 2014102 

 ●  785 Thalassiosira pseudonana  Lipid composition of LBs by ordinary least squares decomposition Meksiarun et al.  2015103 

●   514.5 Chlorella pyrenoidosa Classification of pesticide treatment Shao et al. 2016104 

 ●  532 
Botryococcus braunii 

Chlamydomonas reinhardtii  
Microfluidics, lipid quantification Kim et al. 2017105 
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Table 4. Existing studies on spontaneous Raman mapping of microalgae 

C
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m
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Algal species Topic Citation 

 ●  532 
Chlorella sorokiniana 

Neochloris oleoabundans 
TAGs in N-starved cells, background behavior Huang et al. 201064 

   532 

785 
Botryococcus braunii Botryococcenes spectroscopy and mapping Weiss et al. 201066 

 ●  532 Fistulifera solaris LBs mapping during N-starvation, iodine value and fatty acid composition of TAGs Hosokawa et al. 201479 

 ●  
532 

785 

Chlamydomonas reinhardtii 

Seven newly isolated strains 

of several species 

Rapid workflow for lipid unsaturation estimation; screening of newly isolated strains and 

mutated C. reinhardtii 
Sharma et al. 2015106 

 ●  532 Chlamydomonas reinhardtii Starch and lipid quantification Chiu et al. 2017107 

 ● ● 532 Haematococcus pluviallis Lipid and astaxanthin mapping during encystment Li et al. 2017108 

● ●  532 Scenedesmus obliquus Lipid mapping, day of starvation classification Shao et al. 2017109 

   532 Euglena gracilis D2O cultivation, C-D incorporation rate Yonamine et al. 2017110 
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Table 5. Existing studies on SERS, CARS and SRS of microalgae 

C
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Algal species Topic Citation 

●   SERS Uncultivated species Algal and bacterial biofouling classification Ramya et al. 2010111 

   SERS Scenedesmus quadricauda  N-starvation Ramya et al. 2017112 

   CARS Coccomyxa subellipsoidea Raman with a 514-nm excitation, CARS, N-starvation He et al. 2012113 

   CARS 

Nostoc commune 

Nostoc sp. 

Chlorella vulgaris 

Car mapping 
Dementjev and 

Kostkevičiene 2013114 

  ● CARS Hamatococcus pluvialis CARS, FWM and TPEF; astaxanthin mapping Barlow et al. 2014115 

 ●  CARS Phaeodactylum tricornutum 3D imaging of LBs at different cultivation conditions, time-gated CARS Cavonius et al. 2015116 

 ●  CARS Monoraphidium neglectum LBs during N-starvation; mean unsaturation by Raman microscopy Jaeger et al. 2016117 

 ●  CARS Aurantiochytrium mangrovei TAGs and squalene mapping Ishitsuka et al. 2017118 

   CARS 
Ditylum brightwellii 

Stephanopyxis turris 

Car distribution and content in different light cycle conditions; Raman with a 785-nm 

excitation 
Legesse et al. 2018119  

  ●   SRS Botryococcus braunii Multiplex SRS imaging of proteins, lipids and two-photon absorption Fu et al. 2012120 
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1.3.1 Existing reviews on Raman spectroscopy of microalgae 

In 1985, Merlin121 reviewed resonance Raman spectroscopy studies of 

carotenoids, with a notion of the Raman microscopy work on Pyrocystis lunula by 

Dupaix et al.56 Works on Raman microscopy of microalgae that were performed from 

2005 to 201128, 61-62, 64, 66, 78 were reviewed by Samek et al. in 2011,122 focusing on the 

authors‘ own Raman work28 on the determination of iodine value, corresponding to 

mean saturation level of algal lipids, assessed directly within intact algal cells. Apart 

from the so far published results, the authors show that iodine value of fish oil can be 

determined using the same calibration curve that was constructed for microalgae. 

Parab and Tomar also reviewed the early works in 2012.123 Baranska and co-

workers124 reviewed the use of Raman spectroscopy in plant sciences in 2013, Chapter 

3.4.2 focuses on microalgae. Laser-based techniques to study algal biomass—laser-

induced breakdown spectroscopy (LIBS), Raman spectroscopy, and laser-ablation 

inductively coupled plasma (LAICP)—were reviewed by Pořízka and co-workers in 

2014,125 Chapter 4 focuses on Raman spectroscopy. A thorough review of the existing 

research on Raman microscopy of microalgae was published in 2014 by Wei and co-

workers.55 Techniques for assessment of microalgal lipids were reviewed by 

Challagulla et al. in 2017,126 with a chapter about Raman spectroscopy. Recently, 

Podevin et al. reviewed the use and potential of vibrational spectroscopies (MIR, NIR 

and Raman) to monitor bioprocesses in microalgal production facilities.127 Several 

published Raman microscopy and spectroscopy studies have been cited there, although 

not all, and, unluckily, wrong numbering of the cited literature occurs towards the end 

of this recent review. 

1.3.2 Raman spectroscopy and microscopy of algal pigments 

The historically first, although almost forgotten study on resonance Raman 

microscopy of microalgal pigments was performed by Dupaix et al. in 1982,56 as cited 

in a review by Merlin.121 Resonance Raman spectra of carotenoid peridinin were 

obtained from the cytoplasm of a dinoflagellate Pyrocystis lunula with the use of 

a 457.9-nm laser and the first Raman microscope MOLE. The Raman signal was 

superimposed on a very strong fluorescence background originating from chlorophyll 

and luciferin. 
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Next, in 1983, Brahma et al. collected spectra of nine algal clones from three 

classes, Bacillariophyceae (diatoms), Chlorophyceae and Prasinophyceae.57 Two 

lines of an argon laser, 488 and 457.9 nm, were used. The sample was either a cell 

suspension in a medium, circulating in a circuit with a 1 mm capillary as the sampling 

area, with up to 50 mW laser power, or alternatively, the algae cells were concentrated 

by sedimentation and the laser power was 20 mW. The authors declare no problems 

with autofluorescence of the sample. The measured spectra show predominantly 

resonantly enhanced bands of carotenoids, their combination bands, and the bands of 

chlorophylls. Spectra of different classes of algae could be distinguished, as these 

possess characteristic pigment composition. However, the clones within the same class 

could not be distinguished. Substantial growth of chlorophyll peak intensities with age 

of the culture was observed in diatoms as well as some other clones. The Raman 

spectra show some differences between the two excitation laser wavelengths.  

The same group of authors have measured 14 algal clones of four classes 

(Chlorophyceae, Prymnesiophyceae, Cyanobacteria and Bacteriophyceae).58 The 

class Bacteriophyceae was represented by five different Pseudo-nitzchia clones, some 

of which produce neurotoxic domoic acid, which is accumulated in shellfish and 

causes amnesic shellfish poisoning (ASP) of human. The algal suspension was 

concentrated by centrifugation, circulated in a closed circuit and measured with the 

same argon laser lines as above with a 25 mW power. Based on principal component 

analysis (PCA) score plots of principal component (PC) 4 against PC 2, the different 

spectra of algae could be grouped according to their class, including the class 

Bacillariophyceae with Pseudo-nitzchia clones. However, the toxic and non-toxic 

clones of Pseudo-nitzchia could not be separated. The spectra, as well as the PCA 

scores, showed larger differences when using the 457.9 nm laser. 

Next, the authors used ultraviolet (UV) excitation, which resonantly enhanced 

Raman bands of domoic acid, to directly measure its concentration in a Pseudo-

nitzchia culture.59 Using sodium sulfate as an intensity reference, Raman cross-section 

for domoic acid was calculated for 242-, 251- and 257-nm excitation, the largest being 

that of the 251-nm excitation, which was used further, with a 3-8 mW power at the 

sample. The domoic acid Raman bands could be clearly observed, with only a minor 

interference from cellular DNA. For Raman measurement, the sample was circulated 

in a loop as described above. Cellular suspension, a supernatant after centrifugation, 

homogenized cells and a supernatant after the homogenization were measured with 
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UV resonance Raman spectroscopy, the latter three were compared to high pressure 

liquid chromatography (HPLC) performed on the same samples. The results obtained 

by the two methods correlated well, although Raman measurement showed 

a systematically larger absolute values. Raman measurement could be performed 

directly in the medium, enhancing the potential for practical application. 

The first true Raman mapping of microalgae was performed by Kubo et al. in 

2000.63 The authors studied single cells of Euglena and Chlamydomonas species, 

immobilized with 1% formaldehyde, the excitation wavelength was either 488 or 

514 nm of an argon laser, with laser power of 5–50 µW at the sample. With higher 

intensities, such as 5 mW, bleaching of Raman bands was observed. Only carotenoid 

bands could be detected, reaching maximum intensities in the eyespot of both of the 

algae. A less intensive carotenoid distribution was observed in the chloroplasts. By the 

use of polarized Raman measurement at the eyespots, the carotenoid molecules were 

found to be organized in parallel to the long cell and eyespot axis in Chlamydomonas. 

On the other hand, Euglena eyespot showed no anisotropy.   

Wood et al. measured Raman spectra of a levitating suspension of green alga 

Dunaliella tertiolecta placed in a node of an acoustic levitation device.60 The spectra 

were measured with a 785-nm, 50-mW excitation with a portable Raman spectrometer. 

The acoustic levitation enabled 15-fold increase of signal-to-noise ratio when 

compared to measurement in a microcuvette. The spectra showed bands of β-carotene 

and chlorophyll a, and a fluorescent background falling down with increasing 

wavenumbers. Resonance Raman enhancement cannot be expected with a 785-nm 

excitation, as neither chlorophyll nor carotene possess an electronic transition near this 

wavelength. The enhancement of carotenoid bands has been explained by a π-

electron/phonon coupling mechanism.128-129 The authors tentatively propose excitonic 

interactions in highly ordered environment of chloroplasts being responsible for the 

enhancement of chlorophyll bands. A decrease of chlorophyll bands’ intensity was 

observed after a prolonged exposure to laser or halogen lamp light, although the cells 

remained motile. Based on UV absorption measurements, the authors propose that 

chlorophyll is degraded to pheophytin during the light exposure. Chlorophyll bands 

also decreased in nitrogen-starved culture. Finally, three other microalgal species 

(Chaetoceros muelleri, Phaeodactylum tricornutum, Porphyridium purpureum) were 

measured and different carotenoid/chlorophyll ratios were observed, as well as 
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different ratios of the carotenoid bands, indicating potential of Raman spectroscopy 

for taxonomic studies. 

The same authors investigated the effect of spectral treatment on the classification 

strength of nitrogen-replete and nitrogen-starved cells of D. tertiolecta.61 With 

a Raman microscope, 4–6 spectra of 80 cells were taken along the cell axis for 80 cells 

in total, with a 780-nm, 1-mW laser excitation. No preprocessing or six preprocessing 

procedures were used (baseline correction using a rubber-band algorithm and vector 

normalization, multiplicative scatter correction (MSC), extended multiplicative signal 

correction (EMSC), standard normal variate (SNV), first and second derivative using 

the Savitzky-Golay algorithm with smoothing, and vector normalization). Then, PCA 

was performed, the data were split to a calibration and validation set and classification 

by soft independent modelling of class analogy (SIMCA) or partial least squares 

discrimination analysis (PLS-DA) was performed by using the first two PCs. Overall, 

the PLS-DA performed better then SIMCA, the best pre-processing was 1st or 2nd 

derivative for PLS-DA and SNV for SIMCA classification. 

The experiment was repeated in 2007,62 with similar conditions (excitation laser 

of 0.3 mW, 782 nm); this paper brings in more details of the cell cultivation conditions 

and a thorough band assignment. In contrast to the previous work,61 the spectra of each 

cell were averaged, which lead to a better classification results after EMSC treatment 

and PLS-DA. All N-starved cells and 90% of N-replete cells of the validation set were 

correctly classified.  

The distribution of carotenoids in Dunaliella and Phaeodactylum species was 

studied by the use of Raman microscopy and target orthogonal partial least squares (T-

OPLS) analysis by Abbas et al. in 2011.93 The authors used a 514-nm laser, and an 

acquisition time of 1 s per spectrum; the laser power is not reported. The authors do 

not discuss any problems with fluorescence background and/or photobleaching of the 

sample. Images of carotenoid distributions were created by the use of T-OPLS 

loadings, although the target reference carotenoid spectrum and the predicted target 

spectrum showed some differences. 46 % of variation in Raman maps of five cells was 

described by the target spectrum, however, 48 % of the variation was described by the 

first orthogonal loading, which also showed bands of carotenoids, with some bands 

slightly shifted. Since the maps based on target spectrum and first orthogonal loading 

show different contrast in some carotenoid droplets of Dunaliella, the authors 
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hypothesize a different carotenoid composition or chemical environment in these 

droplets. 

Kaczor et al. studied carotenoid astaxanthin, a potent antioxidant, in a cystic form 

of Haematococcus pluvialis.80 The measurement conditions were optimized and the 

stability of the cells during a laser exposition was investigated. The cells were mapped 

by a 40× objective using a 1064-nm laser and 450-mW power. The authors report that 

the Raman spectra contained bands of astaxanthin only. Two types of the encysted 

cells have been observed according to astaxanthin intracellular distribution. The 

astaxanthin spectrum was the same throughout the cells, differing only in intensity, 

however, the spectrum of a pure synthetic astaxanthin differed. 

Next, Kaczor and Baranska studied the behavior of Raman spectra of synthetic 

astaxanthin and astaxanthin in H. pluvialis with a temperature change from –150 to 

150 °C.83 The 40× and 10× objectives were used to study single cells and more cells 

at once, respectively. Theoretical spectra have been computed for different 

diastereoisomers of astaxanthin by density functional theory (DFT). Spectra of pure 

astaxanthin and astaxanthin in H. pluvialis behaved differently upon heating and the 

observed changes have been explained by the use of the theoretical calculations. 

Collins et al. also studied astaxanthin in H. pluvialis.94 Raman mapping was 

performed by the use of a 532-nm laser with less than 1-mW power at the sample. 

Bleaching of carotenoid resonant Raman signal was observed when the laser light 

illuminated a pixel for seconds instead of milliseconds. Four lifecycle stages of 

H. pluvialis were studied—motile biflagellar cells, non-motile palmelloid cells, and 

palmelloid cells that were stressed by nitrogen starvation and high light for 24 h and 5 

days, finally forming aplanospores (cysts). By the use of multivariate curve resolution 

(MCR), an unsupervised multivariate statistical method, the spectra in the maps could 

be decomposed to astaxanthin and β-carotene resonance Raman signal, chlorophyll 

fluorescence and a non-specific background fluorescence. This is noteworthy since 

Raman spectra of astaxanthin and β-carotene greatly resemble each other. 

Distributions of the three pigments in the four cellular forms, reconstructed via 

deconvolution to the MCR results, supported a hypothesis that astaxanthin is 

synthesized from β-carotene in lipid bodies.  

Urban et al. reported a fabrication of high density microarray for mass 

spectrometry (MS) that was used for matrix assisted laser desorption/ionization 

(MALDI) MS of single cells of, among others, Euglena gracilis and Chlamydomonas 
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reinhardtii.65 For C. reinhardtii, the MS was combined with chlorophyll fluorescence 

and carotenoid resonance Raman detection as a proof of concept. 

The authors continued with a matrix-free laser desorption/ionization (LDI) MS 

combined with Raman microscopy of carotenoids and chlorophyll fluorescence 

mapping in E. gracilis and C. reinhardtii cells.95 The cells were placed on a stainless 

steel plate and observed in white light; then, a fluorescence and Raman scanning was 

performed with a 532-nm laser of ~5 µW at the sample. Next, a LDI MS spectrum of 

the whole cell was acquired with a 355-nm laser. Raman maps were created according 

to carotenoid band at 1515 cm-1, and fluorescence emission at 618 nm (proplastids, 

precursors of chloroplast), 675 nm (photosystem II reaction center) and 695 nm 

(photosystem II internal antennae) have been used for fluorescence imaging. In the MS 

spectrum, peaks of phospholipids were observed. 

Li et al. used resonance Raman microscopy of carotenoids and labelling with 13C 

carbon isotope as a tool to discern uncultured microorganisms that actively fix CO2.
96 

The authors used a 532-nm laser with 3.5 mW at the sample to map resonance Raman 

spectra of carotenoids. In the cells that fixed 13C, carotenoid bands shifted to lower 

wavenumbers, as the 13C isotope was incorporated. Calibration curves of the 13C 

isotopic shifts were constructed by using cultures of cyanobacteria Synechocystis sp. 

and Synechococcus elongates that were cultivated with different 

NaH13CO3/NaH12CO3 ratios, and the ratio of 13C incorporation determined by the use 

of these curves matched 13C incorporation to proteins determined by mass 

spectrometry in Synechocystis sp. Cells grown in different NaH13CO3/NaH12CO3 

ratios could be identified in cellular mixtures. Finally, samples of feral species in sea 

water were cultivated with NaH13CO3, and those cells that actively fixed 13C could be 

discerned without the need for their cultivation. 

Pilát et al. measured carotenoid concentration in lipid bodies of Trachydiscus 

minutus based on the intensity ratio of carotenoid (1525 cm-1) to lipid (1445 + 

1656 cm-1) bands.84 A calibration curve was constructed by the use of differently 

concentrated β-carotene solutions in vegetable oil. Volume of the lipid bodies was 

calculated manually from white-light images under the assumption of their sphericity. 

The cells were cultivated in a growing white light intensity from 80 to 800 μmol 

(photons) m−2 s−1, and the high light conditions were found to stimulate growth of lipid 

bodies and carotenoid production. A 785-nm laser of a homebuilt Raman microscope, 

with a 40-mW power at the rear aperture of a water-immersion 60× NA 1.20 objective, 



 

35 

 

was focused on the centers of the lipid bodies of agar-embedded cells to obtain single-

spot Raman spectra. The authors do not report photobleaching prior to the Raman 

measurement, however, the use of a rolling circle subtraction to remove the 

fluorescence background suggests that that they have encountered a relatively high 

background even with the 785-nm excitation.  

Fagerer et al. investigated the process of Haematococcus pluvialis encystment by 

the use of resonance Raman and fluorescence microscopy and matrix assisted laser 

desorption/ionization mass spectrometry (MALDI-MS).97 Cell suspension of cells in 

different stages of the encystment process was spread over a microarray for mass 

spectrometry (MAMS) with reservoirs of 100 µm in diameter. Single-celled reservoirs 

were found under a white light microscope and Raman and fluorescence mapping was 

performed on these cells. A 532-nm laser was used, with 50 µW at the sample and 100 

or 20 ms acquisition times per pixel for Raman and fluorescence measurement, 

respectively. Next, the reservoirs were covered with 9-aminoacridine matrix and 

MALDI-MS of the whole reservoir was performed. Thus, information on the 

distribution of carotenoids β-carotene and astaxanthin (Raman peaks at 1530 cm-1 and 

1520 cm-1, respectively), chlorophyll a and b (fluorescence maxima at 680 and 600 

nm) and of the quantity of several metabolites such as adenosine tri- and diphosphate 

(ATP and ADP, by MALDI-MS) could be compared. β-carotene was found in 

chloroplasts in the green motile form of H. pluvialis. During the encystment, β-

carotene vanished, astaxanthin appeared in cytosol, and ATP/ADP ratio, a proxy for 

cellular energy charge, decreased, although the concentration of chlorophyll remained 

the same. In the cysts, the level of metabolites was below the detection level of 

MALDI-MS. 

Alexandre et al. detected carotenoids diadinoxanthin (DD), diatoxanthin (DT) and 

fucoxanthin (Fx) in a diatom Cyclotella meneghiniana exposed to high light or low 

light conditions.67 The de-epoxidation of DD to DT occurs in high light and is essential 

to cope with illumination stress, whereas Fx is the most abundant carotenoid of this 

species. The resonance Raman spectra were excited with nine different wavelengths 

between 413.7 and 570 nm to selectively enhance Raman bands of different 

carotenoids in the cells, gaining from the fact that they possess shifted electronic 

transition. The information obtained by resonance Raman spectroscopy was compared 

to HPLC results. The cells as well as model DD, DT and Fx spectra were measured at 

the temperature of 77 K. Two different pools of DD were discerned in the different 
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illumination conditions according to shapes of the spectra, hinting at their different 

conformation. 

Davis et al. quantified triacylglycerols (TAGs) in several algal species—

Nannochloropsis sp., Dunaliella salina, Neochloris oleoabundans, and 

Chlamydomonas reinhardtii—based on the resonance Raman signal of carotenoids 

dissolved in TAGs.98 Two consecutive confocal mappings with a 488-nm laser were 

performed on each cell, one with a low laser power (50 W cm-2 at the sample) to scan 

chlorophyll fluorescence without photobleaching of the sample, the second with one 

15 kW cm-2 and a filter placed in front of the spectrometer to attenuate chlorophyll 

fluorescence, while transmitting the resonant Raman signal of carotenoids. The cells 

were imaged unstained as well as stained with Nile Red fluorescent dye. Multivariate 

curve resolution (MCR) revealed five components in the stained cells, two associated 

to Nile Red, one showing chloroplast with chlorophyll and carotenoid signals, one 

showing the distribution of TAG bodies with carotenoid signal, and an 

autofluorescence component that correlated with worsening of physiological state of 

the cells. These components were observed in all the species with minor variations. 

Unstained cells did not show the Nile Red-associated components.  Next, volumes of 

chloroplasts and lipid bodies were measured by a 3D scanning during the evolution of 

Nannochloropsis sp. culture; the lipid content grew and chloroplast volume declined. 

The authors hypothesized that lipid bodies grow by recycling the lipid material of 

chloroplasts. 

Kula et al. investigated the influence of spectral composition of illumination 

(white light from a fluorescent lamp, blue + red-emitting diodes or blue + red + far 

red-emitting diodes) to the growth and physiological state of Chlorella vulgaris liquid 

culture.85 Specifically, culture pH, oxygen production, metabolic activity, fluorescence 

parameters and Raman spectra were measured. A 1064-nm laser of 250 mW was used 

for Raman measurement of lyophilized algae. The Raman spectra showed 

predominantly bands of carotenoids. Minor bands were attributed to chlorophyll, 

lipids, carbohydrates, pectin and disaccharides, although this attribution seems 

questionable to the author. White light turned out to be the best source of illumination, 

followed by blue + red + far red light, whereas blue + red light presumably triggered 

a stress response of the algae.  

Ren et al. reported on a construction of a Raman-activated cell sorting system 

(RACS) equipped with a control software QSpec that allows automated operation.86 
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The system was equipped with two excitation lasers of 532 and 785 nm. The cells were 

measured in a microfluidic device, and single cell positions were automatically 

retrieved from an optical image. Raman spectra were background-corrected, smoothed 

and de-noised via Fourier transformation filtering. The data may be analyzed by the 

use of support vector machine (SVM) and Euclidean distance (ED) classification. The 

software system was tested by simulated experiments. Next, a database of single-cell 

spectra was built, which contained, among yeasts and bacteria, also microalgae of the 

species Nannochloropsis oceanica, Chlamydomonas reinhardtii and Chlorella 

pyrenoidosa. Based on the database, N. oceanica could be correctly classified in 93 

and 83 % with SVM and ED, respectively. No notion of fluorescence interference to 

the algal spectra is given in the publication,86 and the measured Raman spectra are not 

described in terms of biochemical composition. 

De Oliveira et al. probed several methods of preparation of Cylindrospermopsis 

raciborskii and Microcystis aeruginosa samples for Raman spectroscopy, differing in 

centrifugation speed, and a presence or absence of sonication and medium addition to 

the solid part after centrifugation.87 Two laser wavelengths were used, 514.5 with 

2 mW at the sample and 1064 nm with 70 to 300 mW, to detect carotenoids in such 

prepared samples. As the language of the paper is somewhat incomprehensible, the 

findings are not clear to the author.  

Liu and Huang used Raman and Fourier transform infrared (FTIR) microscopies 

to investigate the possibility to screen for an astaxanthin-hyperproducing strain of 

Haematococcus pluvialis.99 Six mutant strains found by chemical extraction to 

hyperproduce astaxanthin and a wild strain were grown in high light to induce 

astaxanthin production. Interestingly, the ratio of IR bands at 1740 (C=O in lipids) and 

1156 cm-1 (C–O–C of carbohydrates), obtained by the FTIR measurement, correlated 

with the astaxanthin content, possibly due to the fact that lipid and astaxanthin 

biosynthesis are related. As for Raman microscopy, a 532-nm excitation laser was used 

and a MCR analysis discerned β-carotene, astaxanthin and chlorophyll fluorescence. 

PCA score plots of suitable PCs discriminated most of the strains for FTIR as well as 

Raman measurement.  

Rüger et al. performed Fourier-transform infrared spectroscopy (FTIR) and 

Raman spectroscopy measurement of a diatom Ditylum brightwellii followed by 

partial least squares (PLS) and linear discrimination analysis (LDA) in order to classify 

cells in exponential, stationary and declining phases of the cell culture.88 For FTIR, the 
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cells were dried prior to the measurement. For Raman spectroscopy, a 785-nm laser 

was used with 30 mW at the sample plane, the cells were mapped with a step of 8 µm 

and the spectra were averaged for each cell. FTIR spectra showed contributions of 

proteins, carbohydrates, nucleic acids, lipids and biosilica, whereas Raman spectra 

contained only bands of carotenoids and chlorophylls. Protein and chlorophyll content 

declined with aging of the culture, whereas carotenoid content increased. The first four 

latent variables from PLS were used in a linear discrimination model for both IR and 

Raman spectra. The cells in exponential phase were classified well by both methods; 

Raman spectra were better and more stable to classify stationary and declining cells. 

Koch et al. investigated a time evolution of violaxanthin cycle in alga Dunaliella 

salina by the use of resonance Raman spectroscopy.68 Violaxanthin is a carotenoid that 

assists the collection of sunlight. In high light stress, it is changed to zeaxanthin, which 

removes excess energy by heat dissipation. Oppositely, zeaxanthin can be reversed to 

violaxanthin, with one intermediate step. The algae were grown in stirred Erlenmeyer 

flasks illuminated from around and the spectra were excited and collected via a fiber 

submerged to the cell suspension. A 473-nm excitation was used, which is close to 

a violaxanthin, but not to a zeaxanthin electronic transition. Background subtraction 

was performed with an algorithm described in another work of the authors,130 followed 

by PCA, where the first four components showed violaxanthin, zeaxanthin, and two 

mixtures of other carotenoids and chlorophylls. The course of violaxanthin and 

zeaxanthin evolution in darkness after a high light stress and in light after adaptation 

to darkness was followed by PCA coefficients and by the position of the C=C 

carotenoid band, which is different for the two carotenoids. Time constant of light-to-

dark transition was found to be 46 min for stress caused by blue light and 39 min for 

red-light stress; time constant of dark-to-light transition was 3.2 min. 

Zhang et al. used a 532-nm laser to detect carotenoids in Chlorella vulgaris 

cells.89 Firstly, the authors optimized the measurement conditions, which were 10-mW 

laser power, 10-s accumulation time and no repetition of accumulation. Under these 

conditions, the authors declare no problem with chlorophyll fluorescence or 

photobleaching of the carotenoid bands. Then, a linear relationship between the 

intensity of the carotenoid band at 1523 cm-1 and carotenoid concentration was verified 

in vitro. Next, Chlorella vulgaris cells were cultivated in media with seven different 

nitrogen concentrations and the effect on carotenoid content in the exponential phase 

and after 22 days was investigated. The results from Raman spectroscopy agreed to 
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those obtained by UV absorption. The influence of nitrogen concentration media on 

a C/N cellular stoichiometry and photosynthesis parameters was investigated as well. 

He et al. used resonance Raman microscopy of carotenoids in combination with 

PCA and PLS-DA to automatically classify cells of Microcystis flos-aquae, 

Microcystis sp., Cyclotella sp., and Chlamydomonas microsphaera.90 A 532-nm 

excitation laser was used with 0.1 mW power to prevent photobleaching. Small 

wavenumber shifts of the setup between different measurement days were corrected 

by cubic smoothing spline interpolation, background was subtracted by the use of 

asymmetric least squares, and the spectra were normalized based on the ν1 carotenoid 

band. After such treatment, the corrected spectra were stable within five consecutive 

cultivation days as well as upon de-focusing of the excitation that modelled small 

operator-caused errors. Different genera could be separated on a PC2 vs. PC1 score 

plot, and classification of M. flos-aquae, Cyclotella sp., and C. microsphaera with 

PLS-DA was 100 % successful. Feral cells collected at Pengxi River of Three Gorges 

reservoir were tentatively classified by the model as Chlamydomonas and Microcystis 

sp. 

Koch et al. measured resonance excitation maps, i.e., a collection of resonance 

Raman spectra over an interval of excitation wavelengths, in cultures of Chlorella 

vulgaris, Haematococcus pluvialis, and Porphyridium purpureum.91 C. vulgaris cells 

were measured in a dark-adapted state as well as light-stressed, H. pluvialis and 

P. purpureum were investigated in an unstressed green state as well as slightly and 

highly stressed by nutrient deficiency. The cells were measured sedimented at 

a bottom of a cuvette with a custom built fiber bundle for excitation and signal 

collection, with 200 mJ per spectrum and 440 to 530 nm excitation wavelengths. 

Resonance maximum was the same for both C. vulgaris samples, whereas it changed 

for stressed H. pluvialis cultures due to astaxanthin production. A slight shift was also 

observed in P. purpureum that synthesizes a protein-based pigment phycoerithrin. The 

authors propose that resonance excitation maps might serve as a tool to monitor stress 

in algal cultures. 

Zhang et al. investigated growth parameters of Chlorella vulgaris cells cultivated 

in microwells of different diameters, depths, and shapes, and compared them to those 

of cells cultivated in Erlenmeyer flasks.92 Resonance Raman spectra were excited with 

a 532-nm laser and 0.1-mW power, and they were used to estimate cellular carotenoid 

content after 9 days of cultivation. Specific growth rate was higher for the cells in 



 

40 

 

microwells than for those cultivated in flasks. Specific growth rate, oxygen production 

and carotenoid content differed according to the microwells' diameters and depths. 

1.3.3 Non-enhanced Raman spectroscopy and microscopy 

The first Raman microscopy of a microalga, and paradoxically of any other kind 

of a single cell, was performed by Largeau et al. in 1980.5 The authors performed 

transmission electron microscopy of Botryococcus braunii cells and Raman 

microscopy of their external as well as internal hydrocarbon globules. The Raman 

spectra were compared to Raman spectra of extracted B. braunii hydrocarbons and 

proved that no noticeable lipids appear in the globules. Successive solvent extraction 

followed by GC-MS showed that the hydrocarbons in external and internal storage 

sites are the same, but they are present in different relative abundance. The authors did 

not specify measurement parameters of their Raman microscopic experiment, 

fluorescence background of the internal globule spectrum was however noted. 

The next Raman microscopic study of resonantly non-enhanced biochemical 

species within microalgae was performed 30 years later, in 2010, by Huang et al.64 By 

the use of a 532-nm laser with 5 mW power at the sample, the authors identified Raman 

carbon-hydrogen stretching band of lipids in nitrogen-starved Chlorella sorokiniana 

and Neochloris oleoabundans, whereas nitrogen-replete cells showed only bands of 

carotenoids. N. oleoabundans cells immobilized in agar were subdued to Raman 

mapping, with a step of 0.1 to 0.2 µm, and revealed a lipid-rich and a lipid-poor region 

in a starved cell. The authors do not mention any photobleaching step in their protocol 

prior to the Raman measurement, however, mapping of one cell took around 1 hour. 

The authors also focus on the fluorescence background behavior—the spectra from 

algal cells possessed a very high background which has decayed with a prolonged laser 

exposition, following a power-law relationship, the decay was however interrupted by 

one or several rapid increases followed by a new decay. 

Mean saturation level of algal lipids, expressed as a iodine value, was measured 

directly in the cells of Trachydiscus minutus, Botryococcus sudeticus and 

Chlamydomonas sp. by Samek et al. in 2010.28 Spectra of lipid bodies of cells 

immobilized in agar were measured using a custom-built Raman microscope, with 

a 785-nm laser and around 15 mW at the sample. A ratio of Raman intensities at 

1656 cm-1, corresponding to C=C stretching vibrations, and 1445 cm-1, corresponding 

to CH2 bending, was used as an indicator of the mean lipid unsaturation. Five fatty 
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acids with different chain lengths and number of double bonds were measured to 

construct a calibration curve. The algal species differed in mean lipid saturation, as 

expected, and a cell-to-cell variability was observed as well. For T. minutus, the iodine 

value obtained by Raman measurement was compared with a value obtained by GC-

MS and a reasonable agreement was found. The authors observed a decaying 

background when chloroplast was targeted with the laser beam, however, background 

decay in lipid bodies was slow. A possibility of carotenoid interference was discussed 

as well. 

Botryococcenes produced by the alga Botryococcus braunii were studied by 

Raman spectroscopy, microscopy and density functional theory by Weiss et al. in 

2010.66 Botryococcenes are C30 to C34 hydrocarbons that are stored in an extracellular 

matrix as well as intracellularly in B. braunii; they can be converted into fuel for 

combustion engines. Raman spectra of purified botryococcenes were acquired with 

a 532-nm laser and calculated by the use of density functional theory with focus on 

C=C stretching vibrations between 1600 and 1700 cm-1. A Raman map of a part of 

B. braunii colony was acquired using a 785-nm laser with 20-mW output power. Prior 

to the mapping, the sample was photobleached by the 785-nm laser with 500-mW 

power for at least 20 minutes. Botryococcene methylation band at 1647 cm-1 was 

observed in the extracellular matrix as well as in intracellular oil bodies, where 

botryococcenes were proven for the first time. 

Wu et al. measured Raman spectra of Botryococcus braunii, Neochloris 

oleoabundans and Chlamydomonas reinhardtii cells optically trapped by laser 

tweezers.78 A 785-nm laser with 70-mW output was used both for the trapping and for 

Raman signal excitation. The spectra were acquired for 10 s after 2 minutes of 

fluorescence photobleaching; the authors report no activity loss of the motile 

biflagellate C. reinhardtii cells after 10 min of laser exposition. Spectra of 11 model 

fatty acids were acquired and an intensity ratio of the Raman bands at 1650 cm-1 (C=C 

stretching) and 1445 cm-1 (CH2 bending) was used to construct linear calibration 

curves for a number of C=C bonds and a C=C to CH2 groups ratio, and a sigmoidal 

calibration curve for thawing temperature. N. oleoabundans was then starved for 

nitrogen, which induced lipid accumulation, and the above mentioned characteristics 

were calculated both for in vivo spectra of lipids and for cellular lipid extract. The 

thawing temperature determined by Raman measurement agreed within 1 °C with the 

value determined by calorimetry. 
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Lee et al. attempted to quantify lipids in algae by the use of Raman 

spectroscopy.100 Lipid accumulation in Chlorella vulgaris cells was triggered by 

nitrogen starvation. Firstly, Raman peaks of a lyophilized N-starved algae powder, 

measured with a 1064-nm laser of 94 mW cm–2, were attributed to carotenoids and 

lipids. Then, 14 samples were measured during the starvation process; the samples 

contained different amounts of lipids ranging from 14 % to 45 % dry weight, as 

determined by gas chromatography. The samples were measured in the form of algae 

paste applied to a gold-covered glass slide, optical density of the samples was kept 

constant. A calibration curve was constructed using integral Raman intensity between 

2845 and 3107 cm-1, and two other samples were measured to validate the method. 

The difference between values obtained by Raman spectroscopy and gas 

chromatography was < 2% of lipid content. The authors noted that Raman signal of 

algae paste was weaker than Raman signal of lyophilized cells. The authors reported 

no problems with background fluorescence and did not mention background 

subtraction of the spectra, however, a strange baseline behavior with negative peaks is 

noticeable in Fig. 2 and 3 of their publication.100  

Hosokawa et al. acquired Raman maps of a diatom Fistulifera solaris each day of 

a three-day nitrogen starvation.79 F. solaris possesses a single chloroplast and two oil 

bodies in a stiff structure from SiO2. Growth of the oil bodies was monitored during 

the N-starvation, based on a map of CH2 bending band at 1445 cm-1, while chloroplast 

was visualized via Raman bands of carotenoids. A 532-nm laser was used and the cells 

were aligned in agar by the use of a microcavity array, as described elsewhere.131 The 

authors do not report any problems with fluorescence background. The intensity of the 

band at 1445 cm-1 was integrated throughout the whole cell, and such value showed 

a linear relationship to lipid content determined by gas chromatography-mass 

spectrometry (GC-MS). A calibration curve for fatty acids’ saturation was constructed 

based on the bands at 1656 and 1445 cm-1 by the use of five model in vitro spectra. 

A comparison with in vivo spectra showed enhanced saturation of lipid bodies of 

starved cells. The spectra of lipid bodies, measured both extracted and in vivo, were 

fitted with in vitro spectra of three main components of lipid bodies of F. solaris, 

namely palmitic, palmitoleic and eicosapentaenoic acid, and the results agreed well 

with lipid composition obtained by GC-MS. 

Ji et al. developed a method to quantify starch content in algal cells based on 

Raman measurement.101 Cells suspended in water were loaded to a capillary and 
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whole-cell Raman spectra were measured by a custom built Raman-activated cell 

sorting system, with a laser of 532 nm and a 25-mW output. The authors report that 

single measurement of an individual cell took 2 s, including carotenoid and 

chlorophyll photobleaching. Three strains of Chlamydomonas reinhardtii (a healthy 

one, one without a cell wall and one with impaired starch production) and a strain of 

Chlorella pyrenoidosa that is used for commercial starch production were cultured in 

nitrogen-depleted medium to induce starch accumulation. Samples were measured 

during the starvation and compared to N-replete cultures. Linear calibration curves for 

the starch-producing strains were constructed by the use of a Raman starch band at 

478 cm-1 and a reference enzymatic method. Five to six data points of 60 cells for each 

sample were used for the calibration curves. The authors report R2 of 89–99 %, 

however, the calibration curves were different for each algal strain. 

Wang et al. investigated cells of Nannochloropsis oceanica at eight time-points 

during the first 96 hours of nitrogen starvation, and compared these to a control 

group.102 The cells were optically trapped in a capillary by a 532-nm laser of 50 mW 

and Raman signal, excited by the same laser, was collected with a 1-s accumulation 

time per cell. The cells showed no decrease of activity after the measurement and the 

authors declare no autofluorescence of the sample. Sixty cells were measured at each 

time-point, principal component analysis (PCA) and a subsequent linear 

discrimination analysis (LDA) were performed to automatically classify the cells. Less 

than 10 % classification error was observed between the different time-points of 

nitrogen starvation both for fingerprint (800–1800 cm-1) and carbon-hydrogen 

stretching (2600–3100 cm-1) regions. The classification was 100% successful to 

discriminate starved and non-starved cells after 24 or 36 hours of starvation. Next, 

a partial least squares regression model was built to quantify lipids in the sets of cells 

based on a liquid chromatography-mass spectrometry values, and the model was used 

to predict lipid content in individual cells. A ratio of bands at 1656 and 1441 cm-1 was 

used as well to show mean saturation of cellular storage lipids and a correlation was 

observed between the lipid saturation and the lipid content of individual cells. 

Heterogeneity of both lipid content and unsaturation of the cultures, measured 

by relative standard deviation, declined during the starvation.  

Meksiarun et al. studied fatty acid composition of lipid bodies of a diatom 

Thalassiosira pseudonana grown in seven different media (control medium, and media 

enriched in or depleted of nitrogen, iron or CO2).
103 Raman spectra of lipid bodies in 
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60 cells for each condition were measured with a Raman microscope by the use of 

a 785-nm excitation laser with a 50-mW power at the sample. The authors report a high 

fluorescent background when using a 633-nm laser excitation. Bands of carotenoids 

were observed outside of, but not inside the lipid bodies. Spectra of the cells were 

subjected to PCA together with eight in vitro measured fatty acids, and calibration 

curve for mean saturation based on the 1660/1440 cm-1 bands’ ratio was constructed. 

Next, the region of 800–1200 cm-1 of the spectra was subjected to ordinary least square 

decomposition to spectra of myristic, palmitic, palmitoleic and eicosapentaenoic acid, 

as these were the closest to cellular spectra in the PCA analysis. A correlation 

coefficient to gas chromatography results was > 0.9. Moreover, Raman spectra showed 

three different cell subpopulations under each cultivation condition that contained 

mostly saturated, unsaturated or both fatty acids, whereas gas chromatography 

provided only mean composition of the whole cultures. 

Sharma et al. developed a Raman microscopy workflow for a relatively rapid 

(10 cells per hour) measurement of saturation degree of algal lipids.106 Firstly, Raman 

mapping was performed with a large pixel size, then, the region with the highest lipid 

content was found and iteratively mapped with higher resolution, and finally, the focus 

was optimized to gain the highest lipid signal. Two laser wavelengths, 532 nm with 

8 mW and 785 nm with 75 mW, were used. The cells were photobleached with the 

532-nm laser for 30–75 s prior to the measurement. Eleven fatty acids were measured 

in vitro to construct calibration curves for number of double bonds, number of C=C to 

CH2 groups ratio and thawing temperature of lipids. These parameters were measured 

in Chlamydomonas reinhardtii by the use of the calibration curves and verified by 

liquid chromatography-mass spectrometry. Raman maps of C. reinhardtii proteins, 

carotenoids and lipids were produced as well. The workflow was then demonstrated 

on seven algal strains of different species newly isolated in United Arab Emirates as 

well as in New York, U.S.A.; the strains showed different mean saturation of their 

storage lipids. Next, C. reinhardtii was subdued to mutagenesis by UV light, and lipid-

overproducing cells were sorted by the use of fluorescence-activated cell sorting 

(FACS) with Bodipy staining. Saturation degree of their lipids was then measured by 

the Raman workflow, and three subpopulations of the cells were observed, with 

saturated, monounsaturated and mixed lipids. 

Shao et al. cultivated Chlorella pyrenoidosa with two different pesticides, 

butachlor and glyphosate, and performed hyperspectral imaging and Raman 
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spectroscopy with the aim to differentiate untreated and pesticide-treated samples.104 

With the hyperspectral imaging and successive projections algorithm (SPA) and 

partial least squares discrimination analysis (PLS-DA), up to 100% correct 

classification was obtained. For Raman measurement, a 514.5-nm, 20-mW excitation 

laser was used. The spectra contained predominantly bands of carotenoids. The spectra 

were preprocessed with a wavelet transform, Savitzky-Golay smoothing and 

background subtraction. A PLS-DA model was able to classify samples with up to 

86.7% accuracy, whereas sensitive wavelength linear discrimination analysis (SW-

LDA) was correct in 90 %. 

Chiu et al. quantified starch and lipids in Chlamydomonas reinhardtii cells 

exposed to mild stress (nitrogen starvation for 3 and 5 days), higher stress (nitrogen 

starvation for 3 and 5 days + enhanced salinity of the medium) and in control 

conditions.107 A 532-nm laser with 1 mW at the sample was used and three cells were 

mapped for each condition with an acquisition time of 0.5–1.5 h per cell. The authors 

declare no photobleaching prior to Raman measurement, although they admit 

a problem with fluorescence background, especially for control cells’ spectra, even 

after polynomial background subtraction. After the mapping, appropriate band integral 

intensities (starch: 479 cm-1, C–C–C pyranose ring backbone deformation; lipids: 

2850 cm-1, symmetric CH2 stretching) were summed after background subtraction 

throughout all the cell’s pixels and the sum was divided by the number of pixels. These 

values correlated well with values obtained by standard bulk analytical methods to 

quantify starch and lipids in an algal culture, with R2 = 0.97 and 0.94, respectively, 

although the standard deviations of the three Raman measurements of each sample 

were very high. 

Kim et al. reported Raman spectroscopy of Botryococcus braunii and 

Chlamydomonas reinhardtii cells encapsulated in water-in-oil emulsion droplets in 

a polydimethylsiloxane (PDMS) microfluidic device.105 Each droplet contained 10–

15 cells. A 532-nm laser was used for photobleaching of the cells as well as for the 

measurement; the cells were focused manually and the acquired spectra were only used 

for further analysis if the cells were found in focus after the measurement. Firstly, 

a parasitic Raman signal from PDMS and carrier oil was analyzed. Reverting the 

microfluidic device and measuring from a side covered with glass, as well as reducing 

the pinhole size helped to reduce the unwanted signal of PDMS. Bands at 1440 cm-1 

(CH2 bending) and 1657 cm-1 (C=C stretching) were identified as lipid bands. Finally, 
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the accumulation of lipids in Chlamydomonas reinhardtii cells grown for four days in 

ten different nitrogen concentrations, quantified via Raman intensity of the band at 

1657 cm-1 was studied by the use of this experimental setup. The Raman results were 

compared with values obtained by Nile Red staining, correlating with R2=0.86. 

Li et al. investigated accumulation of lipids and astaxanthin during the first 100 

hours of encystment of Haematococcus pluvialis, triggered by a high light exposure.108 

The cells were grown either with 15% CO2 or with air as a source of carbon. Raman 

spectra of agar-immobilized cells were measured with a 532-nm excitation and 1 mW 

power at the sample, and they predominantly contained bands of carotenoids. Maps of 

astaxanthin and lipid distributions were constructed based on Raman bands at 

1520 cm-1 and 1445 cm-1, respectively. Both lipids and astaxanthin were accumulated 

to higher concentrations in 15% CO2 than in air. In both conditions, lipid accumulation 

was saturated after ca. 72 hours, while astaxanthin accumulation continued 

approximately linearly. 

Shao et al. attempted to visualize and quantify lipids in the cells of Scenedesmus 

obliquus by the use Raman microscopy.109 The cells were subdued to a 9-day nitrogen 

starvation; total lipid content was determined gravimetrically and the lipids were 

visualized by Nile Red staining. Lipid composition was determined by gas 

chromatography-mass spectrometry. For Raman microscopy, algal suspension was 

embedded in agar, let to solidify and sliced thinly. A 532-nm laser was used with 1.5 W 

power and 2 s exposure time. The spectra shown in the paper exhibit predominantly 

Raman bands of carotenoids, with a very weak contribution of lipid signal. Chemical 

maps according to the bands at 1266 and 1445 cm-1 (unsaturated and saturated lipid 

bands) were created. Principal component (PC) analysis was performed and the PC2 

vs. PC1 plot discriminated partly the day of starvation, although the grouping of 

spectra did not follow the cultivation time linearly (e.g., day 1 and 7 form a group, as 

well as day 5 and 9). The first PC shows predominantly a shift of carotene bands, 

indicating that maybe a non-Raman effect was responsible for the grouping, although 

the authors do not discuss this possibility. Several parts of the spectra were subdued to 

LDA clustering, with up to 100% discrimination of the starvation day. The 1445 cm-1 

band intensity was shown to correlate with the total lipid content with R2 = 0.83. The 

authors do not mention any problems with high fluorescence background or 

photobleaching of the sample, however, the description of Raman experiment lacks 

a number of important information (e.g., magnification and numerical aperture of the 
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objective used), which, together with unrealistically high excitation power (1.5 W), 

raises questions about validity of the presented results. 

Yonamine et al. observed formation of carbon-deuterium bonds in Euglena 

gracilis cells cultivated with different concentrations of deuterium oxide (D2O, heavy 

water) in the medium.110 A 532-nm, 50-mW laser was used, the cells were measured 

dried and each cell was photobleached with the laser prior to Raman measurement. 

Firstly, the cells were cultivated in different D2O concentrations ranging from 0 % to 

50 %, and the ratio of C-D and C-H stretching bands localized at 2168 and 2930 cm-1, 

respectively, was used to measure deuterium incorporation into the cells in a stationary 

phase. A carbohydrate paramylon, in which the energy of photosynthesis is stored, was 

extracted from the cells and investigated as well. Both samples showed a nearly linear 

relationship with the D2O concentration in the medium. Next, the cells were cultivated 

with 20 % D2O, as this concentration did not affect their growth rate, and an evolution 

of deuterium incorporation in light and in darkness was observed. In light, the cells 

contained 20 % C-D bonds after 24 hours, whereas in darkness, it was only 8 %.  

Mapping of a mixture of cells was performed as well and the cells cultivated with D2O 

could be distinguished. 

1.3.4 Surface enhanced Raman scattering spectroscopy (SERS) of microalgae 

S. Ramya et al. attempted to discern algal from bacterial biofouling of titanium 

surfaces immersed in water by the use of Raman spectroscopy and SERS.111 The 

authors used a 633-nm laser with 5 mW power at the sample and a 10× objective. 

Conventional Raman spectroscopy provided a weak Raman signal that the authors 

attributed to silicates of algal cell walls. SERS of the sample using silver colloids gave 

a higher signal, but also a high fluorescence background. The authors attributed the 

observed bands to polysaccharides. Copper colloid provided 10× more signal than 

silver colloid but the metal was readily oxidized and the signal vanished. Bimetallic 

Ag/Cu colloids showed to be the best in terms of stability of the spectra. Algal biofilm 

provided signals that the authors attributed mostly to polysaccharides, SERS signals 

from bacterial biofilms showed peaks that were attributed mostly to proteins. 

However, the spectra were not compared to in vitro SERS spectra of appropriate 

compounds and the results seem questionable to the author.  

A. N. Ramya et al. attempted to measure lipids via SERS spectroscopy and 

mapping in Scenedesmus quadricauda grown in full and in nitrogen-free medium and 
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in neutral and acidic pH.112 40-nm gold nanoparticles were used. The publication 

completely lacks any explanation of how the nanoparticles were introduced to the 

cells. A 633-nm laser of 2-mW power was used, the samples were centrifuged, 

photobleached with light of 475–500 nm for 45 min, evaporated for 30 min and 

measured deposited on a glass slide. According to the authors, the spectra showed 

bands of lipids, some of them indicating their unsaturation, as well as bands of 

chlorophyll, carotenoids, proteins, and carbohydrates, although the spectra were not 

compared to in vitro SERS spectra of the appropriate compounds and seem strange to 

the author.  

 

1.3.5 Coherent anti-Stokes Raman scattering spectroscopy of microalgae 

He et al. performed Raman and CARS mapping of nitrogen-starved Coccomyxa 

subelipsoidea.113 A 514-nm, 5-mW excitation laser was used for Raman spectroscopy 

and mapping. Nitrogen-starved cells contained lipid bands in their spectra, whereas 

control cells’ spectra contained predominantly bands of carotenoids. The authors 

report on a construction of a broadband CARS imaging and spectroscopy setup. CARS 

imaging proved to be significantly faster than conventional Raman imaging and 

nitrogen-starved cells showed much higher lipid signal than control cells. However, 

two-photon fluorescence of chlorophyll complicated the measurement. 

Dementjev and Kostkevičiene imaged carotenoids in two feral cyanobacteria (soil 

Nostoc commune and aquatic Nostoc sp.) and in a lab-cultivated Chlorella vulgaris 

using a custom-built CARS microscope.114 A Stokes beam of 1064 nm and a pump 

beam between 900 and 970 nm were used. The acquired CARS signal of carotenoids 

diminished with repeated scanning due to their thermal destruction, and proper 

imaging laser powers were discussed. Also, two-photon fluorescence, excited by the 

pump beam, was observed to obscure the CARS signal of carotenoids. To suppress 

this undesired contribution, a long-pass filter had to be used. 

Barlow et al. used CARS and four-wave mixing (FWM) spectroscopies to image 

carotenoid astaxanthin in Haematococcus pluvialis.115 A two-photon-excited 

fluorescence, acquired simultaneously in an epi-direction, was used to visualize 

chloroplasts. CARS spectra and maps in the fingerprint region were obtained by the 

use of an 870−930-nm pump laser, whereas FWM, commonly an unwanted non-

resonant background in CARS spectroscopy, was obtained with a 790−850-nm pump 
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laser. A fraction of the laser light was red-shifted to 950−1250 nm and acted as a Stokes 

beam. Both CARS and FWM signals of astaxanthin were highly intensive due to an 

unknown enhancing mechanism. A 3D reconstruction of a H. pluvialis cell as well as 

a video of its moving flagellate form could be obtained. Commercial astaxanthin 

dissolved in oil was used to build up a calibration curve; the CARS signal was 

proportional to the square of astaxanthin concentration, as expected from CARS 

theory, and astaxanthin distribution could be thus mapped quantitatively in 

H. pluvialis. 

Cavonius et al. studied an evolution of lipid bodies (LBs) in a diatom 

Phaeodactylum tricornutum cultivated in a full medium (control, Ctrl), in low light 

(LL) and in nitrogen starvation (NS) conditions for eight days.116 A time-gated CARS 

setup was used, where the signal in a time window of the first 200 ns corresponded to 

CARS and the afterward decay to two-photon-excited fluorescence (TPEF), which was 

used to show the distribution of chloroplasts. A 1064-nm laser was used as a Stokes 

beam, a pump beam was in the range of 690–990 nm. The CARS signal was measured 

at 2845 cm-1. Volumes of the LBs were obtained by 3D imaging, and approximated to 

mass by the use of vegetable oil density. Distinct patterns of LBs’ evolution in Ctrl 

and LL versus NS conditions were observed—in Ctrl and LL cells, small LBs grew in 

number during the cultivation, whereas in NS, they eventually fused to a giant LB, 

which then produced small LBs at its periphery. Finally, a CARS spectra in the region 

of 2760–2960 cm-1 were obtained for several LDs of each cultivation condition; the 

intensity ratio at 2845 and 2885 cm-1 was decreased in NS cells as compared to LL and 

Ctrl cells, indicating a higher mean saturation of the LDs’ lipids. The results agreed 

with those obtained by gas chromatography-mass spectrometry. 

Jaeger et al. investigated lipid accumulation during nitrogen starvation in 

Monoraphidium neglectum, whose lipid bodies cannot be stained by Nile Red.117 For 

CARS microscopy, an 816.7-nm pump beam and a 1064-nm Stokes beam were used, 

two-photon-excited fluorescence of chlorophyll was separated by an amplitude 

modulation of the Stokes beam and a subsequent demodulation of the CARS signal. 

Number of lipid bodies, their diameter and relative area were calculated for 90 cells 

on day 0, 1, 2, 4 and 8 of the N-starvation; the relative area correlated to neutral lipid 

content determined gravimetrically with R2 > 0.99. Raman spectra of lipid bodies were 

measured by the use of a 785-nm laser on day 4 and 8, and no change in mean lipid 
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saturation was found based on a ratio of bands at 1660 and 1442 cm-1. The value agreed 

well to mean saturation determined by gas chromatography-mass spectrometry. 

Ishitsuka et al. performed CARS microscopy and spectroscopy of triacylglycerols 

(TAGs) and squalene in the algal species Aurantiochytrium mangrovei.118 Broadband 

Stokes pulses, ranging from 1100 to 1700 nm, and a 1064-nm pump laser were used. 

Non-resonant background signal was suppressed by a maximum entropy method. 

Squalene and TAGs were distinguished based on their CARS spectra. Although both 

are storage nonpolar species, they did not co-localize. Squalene formed small bodies 

in vacuoles, this observation was confirmed by electron microscopy. Samples were 

taken each of four days of cultivation and growth of squalene and TAGs content was 

observed. Spots producing a second harmonic signal were observed at 24 h of the 

cultivation, however, their origin is unknown. The authors hypothesize that they are 

related to mitosis. 

Legesse et al. used CARS to investigate distributions of carotenoids in diatoms 

Ditylum brightwellii and Stephanopyxis turris and their relative abundance in three 

different light cycle conditions (20:4, 12:12 and 4:20 light:dark hours).119 For each 

condition, 19–64 cells were mapped in an equatorial plane on each of three consecutive 

measurement days. Carotenoids were visualized by the use of a band at 1528 cm-1, the 

CARS signal was excited with 1064 and 915 nm pulsed excitations with 115 mW total 

power and 2×2 µs exposure time per pixel. A possibility of 3D mapping was presented 

as well. CARS intensities with different pump laser wavelengths were measured for 

the diatoms, β-carotene and fucoxanthin (Fx) and showed that the dominant carotenoid 

of the species is Fx. In both species, prolonged dark period seemed to induce higher 

carotenoid content. In complement, spontaneous Raman spectra from ten different 

spots of the cells of each batch were acquired by the use of a 785-nm excitation laser 

with 30 mW at the sample and 0.5 s exposure time. Under these conditions, the authors 

declare no photodamage of the cells. The spectra were classified by PLS-LDA, and 

showed that longer light period increases relative content of photoprotective pigments 

diadinoxanthin and diatoxanthin as compared to Fx. 

1.3.6 Stimulated Raman scattering spectroscopy of microalgae 

Fu et al. reported on a multiplex stimulated Raman scattering (SRS) microscope, 

which uses a 1064-nm Stokes beam and a pump beam generated by Ti:Sapphire laser 

with wavelength modified by an acousto-optical tunable filter.120 Unlike common 
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SRS, Raman signal at multiple wavelengths can be measure simultaneously, with 

a resolution of 33 cm-1. Among other examples, the use of the system was 

demonstrated on a sample of Botryococcus braunii cells grown under constant 

illumination vs. in 12/12 light/dark cycle. Three different bands at 2780, 2850, and 

2940 cm-1 were imaged simultaneously, and the signal was deconvolved to 

contribution of proteins, lipids, and two-photon absorption of cellular pigments. The 

first two compounds were calibrated by the use of bovine serum albumin and oleic 

acid, respectively. The cells grown under constant illumination were bigger and 

contained more of all of the three biomolecular components. 
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2 Experimental methods 

This Chapter summarizes a typical setup and workflow of Raman measurement 

of microalgae and Raman data analysis. Details of exact experimental conditions in 

individual studies are given in publications in Attachments 1–3, and in Chapter 3.2.2 

for the study of Desmodesmus quadricauda cell cycle. 

2.1 Raman microscopes 

Two different Raman microscopes were used in this thesis. Majority of the work 

was done by the use of a confocal Raman microscope WITec alpha300 RSA (WITec) 

located in Institute of Physics of Charles University, Prague, Czech Republic. This 

microscope is currently equipped with six excitation lasers (442, 532, 633, 647, 785 

and 830 nm), typically, the 532-nm* and 785-nm† excitations were used for Raman 

measurement of microalgae. An oil-immersion objective UPlanFLN 100×, NA 1.30 

(Olympus) was used. The scattered light was directed to the spectrometer via an 

endlessly single-mode photonic crystal fiber of 8 μm core diameter (NKT Photonics) 

acting as a pinhole to provide high confocality. The microscope is equipped with two 

lens-based spectrographs optimized for dispersion in the blue/green and red/near 

infrared spectral regions (UHTS 300SMFC and UHTS 400, respectively; WITec). For 

signal detection, each spectrograph is equipped with a CCD detector suitable for the 

given spectral region (EM CCD Newton DU970N BVF-353 and iDus DU401A-BR-

DD-352, respectively; Andor). The sample can be precisely positioned by 

a combination of an x-y-z piezoelectric scanning stage, an x-y positioner with stepper 

motors and a microscope z stage with a stepper motor. This combination enables 

coarse alignment of the sample within a large travel range (20×20×30 mm in x×y×z 

directions), as well as high precision mapping (200×200×20 µm in x×y×z directions, 

with a minimal step of 0.01 m). The microscope is controlled by a program Project 

Four Plus (WITec), which also enables data visualization and treatment. Wavenumber 

scale calibration was performed via an embedded procedure in the controlling program 

                                                 
* Compass Sapphire, Coherent, U.S.A.; maximum power 28 mW at the focal plane of the 100× oil-

immersion objective 

† A single-mode laser StarBright 785S, StarBright Laser AB, Sweden; maximum power 90 mW at the 

focal plane of the 100× oil-immersion objective 
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by the use of an Ar/Hg spectral lamp. The experimentally verified axial (z) resolution 

of the setup is ca. 0.9 or 3 µm for the green or near infrared laser, respectively, 

expressed as FWHM of Raman signal of polished silicon wafer when scanning in the 

axial direction.7, 23 Theoretical lateral (x and y) diffraction-limited resolution is ca. 250 

and 370 nm, respectively, based on the Abbe diffraction limit. Experimentally verified 

spectral resolution for both spectral ranges is ca. 6 cm−1, expressed as FWHM of 

Ar/Hg emission lines. 

Raman measurement was also performed on a confocal Raman spectrograph 

LabRAM Evolution (Horiba Scientific) that is based on an inverted microscope 

Eclipse Ti–U (Nikon). The setup is located in Forschungszentrum Jülich, Jülich, 

Germany. The spectra were acquired by the use of a water-immersion objective Plan 

Apo VC 60×, NA 1.20 (Nikon). Two excitation lasers of 532 and 785 nm were used, 

with approximately 10 mW maximum power at the sample. An adjustable confocal 

pinhole of 50–100 μm was used. The spectrograph has a focal length of 800 mm. 

A grating with 150 grooves per mm was used and the signal was detected by 

a thermoelectrically-cooled, open-electrode CCD detector (Symphony, Horiba 

Scientific). A sample was placed on a high-precision motorized microscope stage. The 

setup is controlled by a program LabSpec 6 (Horiba Scientific), which also enables 

data visualization and basic data treatment. Wavenumber scale calibration was 

performed by the use of an embedded procedure in the controlling program, which 

uses Rayleigh scattering and a Raman band of polished silicon wafer. Axial resolution, 

obtained experimentally by the use of polished silicon wafer as above, is 6‒10 and 7‒

11 µm for the green and near infrared excitation, respectively, depending on the used 

pinhole size.  

Both of the microscopes and their controlling programs enable at least partial 

automatization of the photobleaching and measurement procedure (see below), saving 

the manpower needed for mapping of several to tens of individual cells’ maps. 

Additionally, the laboratory of Institute of Physics (Prague, Czech Republic) is 

equipped with a Raman spectrograph LabRAM HR800 (Horiba Jobin-Yvon) with 

a confocal microscope BX40 (Olympus), where some preliminary experiments were 

undertaken. The microscope is equipped with four lasers (488, 515, 633 a 785 nm). 

The same oil immersion objective as for WITec alpha300 RSA was used. The 

spectrograph has an 800-mm focal length, two gratings of 300 and 600 grooves/mm 
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and two detectors, Synapse (Horiba, back-illuminated, deep depletion) and Symphony 

(Horiba, front-illuminated). 

2.2 Algal cultivation 

Chlorella vulgaris strain CCALA 256 and Desmodesmus quadricauda were 

obtained from the Culture Collection of Autotrophic Organisms, Institute of Botany 

(CCALA, Czech Academy of Sciences, Třeboň, Czech Republic). The algae were 

grown in two types of bioreactors, either in 100-ml glass tubes immersed in heated 

water to stabilize temperature at around 30 °C, illuminated from one side by a panel 

of white light diodes with ca. 200 μmol (photons) m−2 s−1, or in a closed 

photobioreactor system FMT 150 (PSI, Brno, Czech Republic) and irradiance of 300 

to 900 μmol (photons) m−2 s−1 from a panel of red and blue-light diodes placed on one 

side of the bioreactor vessel. The algae were cultivated autotrophically; they were 

bubbled with 2–3% CO2 in air as a source of carbon, in a medium according to Doucha 

and Lívanský132 or Zachleder and Šetlík.133 Eventually, the medium composition was 

adjusted, i.e., by nitrogen or phosphorus depletion, to meet the needs of a specific 

experiment. Apart from carbon supply, the bubbling also prevented algae from 

sedimentation in both bioreactor systems. 

2.3 Workflow of Raman measurement 

An algal sample for Raman microscopy was typically prepared as follows: 

Approximately 0.1‒1 ml of the cell suspension was centrifuged (~2000×g, 10‒30 s), 

a supernatant was discarded and eventually, the cells were washed once or twice with 

distilled water or pure cultivation medium. Next, the pellet was re-suspended in ca. 

40 μL of 1–2% (w/v) solution of low-melt agarose (Tmelt = 39 °C) to prevent cell 

movements during the Raman measurement. The suspension was quickly pipetted at 

a surface of a clean quartz slide, covered with a clean quartz coverslip, gently pressed 

to ensure that the cells are approximately in the same layer, and sealed with CoverGrip 

sealant (Biotium). 

Under the microscope, the cells were visually focused and inspected. Appropriate 

cell or more cells at once were photobleached prior to Raman mapping; see the next 

chapter for details. The cells were mapped in a lateral plane with a step of 0.1–1 µm, 

and usually with 0.1–0.2 s acquisition time per pixel. Typical Chlorella vulgaris 
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photobleaching and mapping took around 3 min per cell. One such prepared 

microscopy sample was used for two hours at maximum to ensure that the cells remain 

in a good state during the measurement. After prolonged presence on a slide, 

photobleaching of the cells became slow or even impossible. Highly stressed cells 

were often non-photobleachable (see below). 

2.4 Photobleaching of the cells 

As already noted in the Introduction, algal pigments typically need to be 

photobleached prior to Raman measurement, if chemical species whose Raman spectra 

are not resonantly enhanced are to be detected. According to our experience, a laser 

beam of 532 nm and several mW at the sample plane, tightly focused to a cell of 

Chlorella vulgaris or Desmodesmus quadricauda, causes overheating and burning of 

the cell in focus. If µW laser powers are used, one observes a signal of chlorophyll 

fluorescence, usually with a minor contribution of resonance Raman bands of 

carotenoids. Prolonged exposition to µW laser power leads to photobleaching of the 

fluorescence signal in the targeted voxel and its surrounding. However, such in-focus 

photobleaching is time-consuming, since it has to be performed point-by-point in the 

whole mapped area. It is also non-reliable, as the fluorescing molecules might migrate 

from voxel to voxel during the measurement, leading to a repeated increase in the 

fluorescence background signal. Such behavior was observed in one of the first works 

on Raman mapping of resonantly non-enhanced biomolecules in microalgae by 

Huang et al.64  

Thus, a rapid photobleaching method of whole microalgal cells is highly 

desirable. To meet this need, a simple photobleaching method was developed, in which 

the algal cell, or more cells at once, are illuminated by a de-focused 532-nm laser beam 

for several seconds or tens of seconds, and the decay of fluorescence spectra is 

observed. When the unwanted fluorescence signal falls below an acceptable level, the 

photobleaching is stopped. Typically, this low-power, wide-area photobleaching took 

roughly the same time for cells in the same conditions, so that the photobleaching time 

could be kept constant in automated measurements. The laser was typically focused 

15‒50 µm above the cells, which lead to approximately 50‒150 µm diameters of the 

illuminated area. For example, the use of 20 mW laser leads to an in-focus photon 
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density of ca. 4.5 × 1011 µmol (photons) m-2 s-1, and to the density of ca. 4.1 × 106 

µmol (photons) m-2 s-1 in a plane of 50 µm below the focus. 

A 785-nm laser might be used to photobleach the cells as well, although the 

process is much longer. Moreover, the 532-nm laser was used for most of the Raman 

measurements, and so its use for photobleaching was handy in our studies. Lasers with 

other excitation wavelengths might be presumably used in the same manner as the 532-

nm laser, however, their effect was not yet systematically investigated. 

Algal cells typically possess a well visible chloroplast green in color. After the 

photobleaching, the cells are transparent, and the chloroplast is no longer visually 

recognizable. An example of Desmodesmus quadricauda cells before and after 

photobleaching is shown in Fig. 3, and a sample chlorophyll fluorescence decay is 

shown in Fig. 4A. Typically, the decay can be fitted with the sum of two exponential 

functions, see Fig. 4B. 

The exact molecular mechanism of the out-of-focus low-power photobleaching 

was not systematically studied in this thesis. The effect of exact conditions of the cells 

on the photobleaching efficiency and speed was neither systematically studied. 

However, several observation that were made during our experiments are listed below. 

An efficient and fast photobleaching was possible only when using healthy living 

cells. When the algal cells were chemically fixed (e.g., by glutaraldehyde), stressed, 

or dying, the photobleaching was either time-consuming (e.g., five or more minutes 

per cell), or impossible at all. Also, the cells became non-photobleachable after several 

hours in agar between microscopy slide and coverslip. During the first part of 

photobleaching, a fluorescence component centered at around 540 nm grew and then 

decreased again, although the chlorophyll fluorescence at around 685 nm decreased 

steadily. Similar unspecified fluorescence signal grew and eventually became non-

bleachable if the cells were kept too long on a slide, or if an already photobleached 

cell was measured again after some time. Similar fluorescence component was also 

observed by Davis et al.98 The authors also note that this component correlated with 

worsening of the physiological state of the cells,98 which is in agreement to our 

observations. 

Raman bands of carotenoids typically completely vanished during the wide-field 

photobleaching process and were not visible in the Raman spectra. Only in some 

stressed cells, the carotenoid bands were still visible after photobleaching; presumably, 

these cells possessed high carotenoid to chlorophyll ratio. However, even in this case, 
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the intensity of the carotenoid bands was diminished. Therefore, to study carotenoid 

distribution and content, one needs to omit the photobleaching step. We have 

successfully employed a near infrared laser of 785 nm to study carotenoid distribution 

in algal cells, see Chapter 3.1.1. 

As already mentioned, algal cells that were chemically fixed with glutaraldehyde 

were impossible to photobleach. The effect was reverted when hydrogen peroxide was 

added to the cell suspension. However, the use of hydrogen peroxide was impractical, 

as oxygen bubbles were formed in the suspension during the measurement, which 

often shifted the mapped cells from focus. 

Taken together, the observations described above indicate that photosynthetic 

apparatus actively participates in the photobleaching process by producing singlet 

oxygen and other reactive oxygen species that destroy cellular pigments. Oxygen 

probably gets depleted after some time in agar between a slide and a coverslip, and 

thus photobleaching becomes impossible even though the algae are still living. On the 

other hand, dead cells might be still photobleached when hydrogen peroxide is added.  

We have not investigated the exact mechanism of chlorophyll degradation upon 

photobleaching. Wood et al. propose that chlorophyll is changed to pheophytin by 

losing a magnesium ion during photobleaching of algae caused by laser as well as by 

halogen lamp.60 

 

 

Figure 3. An example of a wide-area photobleaching. Coenobia of Desmodesmus 

quadricauda cells prior to photobleaching (A) and after the photobleaching (B). The 

approximate photobleached area is marked by a circle. 

 



 

58 

 

 

Figure 4. An example of the photobleaching process. Fluorescence photobleaching of 

a Chlorella vulgaris cell (A), and a fit of the fluorescence intensity at 684 nm by two 

exponential functions (B). 

 

2.5 Typical data processing 

As a first step, the acquired Raman maps were corrected for spikes from cosmic 

rays by the use of Project Four Plus program (WITec) or by a program written in 

Matlab (MathWorks),134 generously provided by Mgr. Jan Palacký, PhD. Eventually, 

uncaptured spikes were corrected manually, or the appropriate pixels were excluded 

from further analyses. 

Successive data treatment was performed by the use of scripts for GNU Octave,135 

written by the author, except for singular value decomposition, which was performed 

in a Matlab program written by Mgr. Jan Palacký, PhD.136 

The acquired Raman maps were properly wavenumber-scale calibrated, as the 

wavenumber scale calibration was performed prior to each Raman measurement 

session using an embedded procedure of the WITec or Horiba microscope. Often, the 

acquired spectra were linearly interpolated to obtain uniform spacing equidistant in 

wavenumbers, so that results from several measurement sessions could be compared 

and analyzed together. 

For a relative intensity calibration, the Raman map’s pixels were automatically 

partitioned to those belonging to the measured cell and those of the surrounding 

medium, based on the intensity of a C-H stretching band (2800–3100 cm-1) after 
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automatic background subtraction of the spectral region with a 2nd order polynomial. 

The pixels with this intensity above a certain level, determined experimentally, were 

said to belong to the cell. 

Then, mean spectrum of the surrounding medium (water or cultivation medium) 

was calculated for each map, an integral intensity of the O-H stretching band of water 

after automatic linear background subtraction was calculated in this mean spectrum, 

and this value was used as a coefficient for intensity normalization of all the map’s 

spectra. While it is true that the normalization affects the intensity of C-H stretching 

band and hence the cell-to-medium partition, we did not take this to consideration, as 

the normalization coefficients were similar for all the maps. 

In some experiments, the automatically partitioned cellular pixels were used 

further to calculate, e.g., the cell’s polyphosphate content. When parts of other cell(s) 

or other unwanted structures were present on a map, these would interfere with such 

calculations, as the automatic pixel partitioning could not distinguish such unwanted 

pixels from cellular pixels. The maps were thus checked for such structures in a semi-

automated way and the appropriate pixels were excluded from further analyses. 

Raman distribution of a certain biomolecule was visualized either by the use of 

integral intensity of an appropriate band after automated linear or quadratic 

background subtraction, or the spectra were decomposed by constrained ordinary least 

squares to spectra of several expected contributing biochemical. Cellular content of 

a given biochemical was estimated either from a mean spectrum, or the contribution 

of cell’s pixels was summed. Eventually, pixels of Raman maps were grouped to 

suppress error in quantification analyses, i.e., signals from 2×2 pixels were averaged 

to form a pixel of a 4× greater area. 

Singular value decomposition, a method from the principal component analysis 

group, was used to visually inspect the spectra, aid the process of assigning spectral 

bands to the underlying biochemical species, and to enhance the understanding of the 

relationships between different spectral bands and of spectra from different pixels. 

Such approach was used in the author’s master’s thesis.15 For further information on 

singular value decomposition, see e.g.137 

Raman images were plotted either in Project Four Plus (WITec), in GNU Octave, 

or in Gnuplot. 
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3 Results 

Most of the results on Raman microscopy of microalgae that were obtained during 

the PhD project were already published in international peer-reviewed journals, these 

results are briefly described in Chapter 3.1., and the full papers are attached at the end 

of the thesis as Attachment 1–3. A Raman mapping study of Desmodesmus 

quadricauda cell cycle, which has not yet been published so far, is presented in detail 

in Chapter 3.2. 

3.1  Published results 

3.1.1 Raman and fluorescence mapping of two microalgal species 

In this methodological paper,7 the workflow of fluorescence and Raman mapping 

of the same cells was illustrated on an example of two model microalgal species, 

Chlorella vulgaris and Desmodesmus quadricauda. With three consecutive scans, we 

were able to obtain 2D distributions of (i) chlorophyll fluorescence, (ii) Raman signal 

of carotenoids and chlorophyll, and (iii) Raman signal of resonantly non-enhanced 

biomolecules such as starch, proteins, lipids, and polyphosphate. The three scans were 

executed with different experimental parameters, namely: (i) Scanning with a 532-nm 

excitation laser with low power of approximately 1 µW at the sample. Higher laser 

powers lead to photobleaching and/or burning of the cells, however, when using this 

low laser power, the fluorescence photobleaching was negligible and chlorophyll 

fluorescence spectra could be obtained; (ii) Scanning with a 785-nm laser and 10 mW 

power at the sample. This excitation wavelength provided only Raman signal of 

carotenoids and chlorophylls, signal of other biomolecules was not present, in 

agreement with previously published results.60 This is surprising, since Raman signal 

of carotenoids and chlorophylls should not be resonantly enhanced at the 785-nm 

excitation, which is well away from absorption bands of both of the chemical species. 

The enhancement of carotenoid Raman bands have been explained by a π-

electron/phonon coupling mechanism,128-129 and excitonic interactions in highly 

ordered environment of chloroplasts has been tentatively proposed as being 

responsible for the enhancement of chlorophyll bands.60 The intracellular distributions 

of chlorophyll obtained by fluorescence (i) and Raman (ii) mapping agreed with each 

other, however, the fluorescence scan yielded a much higher signal-to-noise ratio; 
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(iii) Mapping of resonantly non-enhanced biomolecules with a 532-nm laser of 

10 mW. Prior to this step, the chlorophyll fluorescence was suppressed by a wide-area 

photobleaching with a defocused 532-nm laser of 10 mW. The laser focus plane was 

ca. 15–50 µm above the cells, which lead to photon flux densities of ca. 106–107 μmol 

(photons) m−2 s−1 at the sample. The photobleaching process took from several seconds 

to a few minutes depending on the size of the investigated cell and its physiological 

state. The photobleaching process is described in detail in Chapter 2.4 of this thesis. It 

should be emphasized that without the photobleaching step, we were not able to detect 

Raman spectra of resonantly non-enhanced compounds. The resonant Raman signal of 

carotenoids was typically photobleached as well, although this was not necessary for 

the consecutive mapping (iii), as the signal of carotenoids did not obscure the signal 

of other biomolecules. 

By the use of this workflow, we were able to observe the distribution of energy-

transducing structures, i.e., algal pigments, as well as energy-storing biomolecules, 

such as starch and polyphosphate in D. quadricauda, and lipids in C. vulgaris. The 

assignment of the sharp polyphosphate band at around 1160 cm-1 (phosphoionic 

stretching vibration of (PO3)
2- groups) is of an importance, as carotenoids possess 

a similar band near this wavenumber. However, another sharp and equally intense 

band at ca. 1524 cm-1 is present exclusively in carotenoid spectra and lacking in the 

spectra of polyphosphate. It should be noted that a band located at around 1160 cm-1, 

most probably coming from polyphosphate, can be found in Raman spectra published 

by other authors.64, 78 However, this band was misinterpreted as belonging to 

carotenoids,78 or its significance has not been recognized64 in these studies. To the best 

of our knowledge, we have correctly assigned the Raman signal of polyphosphate in 

microalgae for the first time. For further discussion of polyphosphate significance and 

its possible role in future algal wastewater treatment, see Chapter 1.2.3. 

3.1.2 Discovery of guanine microcrystals in several microalgal species 

In this paper,82 the discovery of previously unknown guanine microcrystals in the 

cells of freshwater microalgae Desmodesmus quadricauda and Trachydiscus minutus 

was reported. During the studies on microalgae, we have sporadically observed 

intracellular regions with a strong Raman signal, in some cells accompanied with 

a strong non-Raman background. We have unambiguously attributed this signal to 

anhydrous microcrystalline guanine. Due to the molecular specificity additionally 
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reinforced by the unique crystalline form, Raman spectrum of microcrystalline 

guanine is so specific that it cannot be misinterpreted as belonging to, for example, 

other purine bases (adenine, xanthine, hypoxanthine, uric acid), guanosine, or various 

phospohorylated and hyperphosphorylated guanosine nucleotides (5’GMP, 5’GDP, 

5’GTP, (p)ppGpp), which could be also expected in microalgal cells at considerable 

quantities.138 

In Desmodesmus quadricauda, the condition that lead to crystalline guanine 

formation in majority of the cells was a lack of aeration of the cell culture for at least 

6 hours. How exactly this condition contributes to guanine crystals formation remains 

to be elucidated. For example, the cells could be stressed by the lack of carbon supply, 

or by insufficient illumination caused by sedimentation of the cells. The guanine 

microcrystals occurred also if the cells were kept in ambient light and regularly 

manually shaken, however, such illumination is still relatively low and a low-light 

stress of the cells cannot be excluded. Guanine microcrystals were also often observed 

during a specific phase of D. quadricauda cell cycle between 5–8 hours after the dark-

to-light transition, see Chapter 3.2. 

Similar crystalline bodies, putatively composed of uric acid, have been observed 

in marine symbiotic dinoflagellate of the genus Symbiodinium that live inside diverse 

corals; their composition was determined by analytical electron microscopy, electron 

energy loss spectroscopy, and mass spectrometry.139 According to the almost forgotten 

paper of DeSa and Hastings from 1968,140 bioluminiscent particles from a free-living 

marine dinoflagellate Gonyaulax polyedra were shown to be composed of 

microcrystalline guanine. Apart from this species, to our best knowledge, guanine 

microcrystals have not yet been reported in microalgae prior to our work, nor in any 

other organisms of the plant kingdom. 

We have published the observation of such microcrystalline guanine bodies in 

two evolutionary distant freshwater microalgal species, Desmodesmus quandricauda 

and Trachydiscus minutus. Since the publication, we have observed such guanine 

bodies in other microalgal species, including a free-living marine dinoflagellate 

Amphidinium carterae, a dinoflagellate coral symbiont of the genus Symbiodinium, as 

well as a newly described freshwater eustigmatophyte Vacuoliviride crystalliferum. 

Interestingly, we have observed guanine microcrystals in yeast cells of Candida 

albicans as well, although their presence was very scarce. A map of such a cell is 



 

63 

 

shown in Fig. 5; typically, such crystals have been observed in nitrogen-limited, 

declining cultures.  

These so far unpublished observations imply that occurrence of microcrystalline 

guanine could be much more prevalent among microalgae and other microorganisms 

than previously thought. Indeed, the presence of crystalline guanine could be so far 

overseen due to the fact that common microscopic methods such as fluorescence 

microscopy typically illustrate structures that are previously known to be present. 

Here, the strength of Raman microscopy to visualize intrinsic composition of the 

sample without the need for any a priori knowledge is exemplified. It should be noted, 

however, that biological role of such guanine microcrystalline bodies remains to be 

elucidated.  

 

Figure 5. Yeast Candida albicans cell grown in nitrogen-limited medium. Optical 

image (A); Raman image (B, red—carbon-hydrogen intensity, yellow—lipids, blue—

guanine); spectra from red, yellow and blue regions (C). 

 

3.1.3 Quantification of polyphosphate in Chlorella vulgaris 

In this paper,81 the possibility to quantify algal polyphosphate via 2D Raman 

mapping was investigated. Chlorella vulgaris cells were grown in a phosphate-

depleted medium and then transferred to a phosphate-rich medium to induce 

phosphorus accumulation. The cells grown in a full medium to a late exponential or 

stationary phase were sampled as well. Altogether, twelve samples containing different 
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amounts of accumulated polyphosphate were used for Raman analysis, and they were 

simultaneously sampled for bulk biochemical polyphosphate determination. 

Typically, around 50 cells of each sample were mapped in an equatorial plane 

with a 220-nm step in both x and y direction; a 532-nm excitation laser with 

approximately 20 mW at the sample was used. The cells were photobleached prior to 

the mapping, as described in Chapter 2.4. Automatic cosmic ray removal was 

performed on the maps, and the pixels were partitioned automatically to those 

belonging to the cell and those of the surrounding medium based on the C-H stretching 

band’s intensity. Then, the spectra were intensity-normalized based on the O-H 

stretching band of water in the medium. Four different quantification methods, denoted 

as A–D, were performed on the same Raman maps. In A, the integral intensity of 

polyphosphate band at around 1160 cm-1 after background subtraction was summed in 

all the cell’s pixels. In B and C, the individual pixels’ spectra were deconvolved via 

constrained ordinary least squares to in vitro measured spectra of a model protein, 

starch, lipid mixture, β-carotene, polyphosphate, water and quartz (for spectral 

contribution of quartz slide and coverslip), with coefficients constrained to be non-

negative, and a cubic polynomial which modelled background. As the exact position 

of the polyphosphate PO2
– band is sensitive to concentration of divalent cations, mean 

spectrum of each cell was deconvolved to the above base and the model polyphosphate 

spectrum was allowed to shift on the wavenumber scale; the shift that produced 

minimal error in the deconvolution was used for the individual pixels’ spectra. The 

polyphosphate contribution was summed up for all cell’s pixels (in method B), or for 

pixels above a noise level (in C). In D, the deconvolution was performed on a mean 

cell’s spectrum, and multiplied by the number of the cell’s pixels. 

The resulting relative values of polyphosphate content obtained by methods A–D 

were compared to values obtained by a bulk enzymatic assay. As there is no “golden 

standard” method for polyphosphate quantification in algae, the enzymatic assay had 

to be proven and verified prior to the comparison. Four different assay protocols were 

used, with different polyphosphate extraction and purification methods 

(extraction/purification being aqueous/silica column, methanol-chloroform/silica 

column, methanol-chloroform/ethanol precipitation, and phenol-chloroform/ethanol 

precipitation). Subsequently, polyphosphate was digested by Saccharomyces 

cerevisiae exopolyphosphatase and the released phosphate was quantified via 

absorption at 620 nm using a malachite green assay and divided by sample’s dry 
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weight. From the probed protocols, the phenol-chloroform extraction followed by 

ethanol precipitation proved to be the most effective. To verify this protocol, a known 

amount of inorganic polyphosphate was added to an algal sample and assayed 

experimentally. The observed amount of the added polyphosphate agreed well with 

the expected value. 

The two methods, Raman microscopy and enzymatic assay using phenol-

chloroform extraction and ethanol precipitation, correlated well with each other, with 

R2 between 0.791 (method A) and 0.956 (method D). The multivariate methods B–D 

proved to be more accurate than the univariate method A, although similar univariate 

methods were used previously for starch and lipid quantification.100-101, 105, 107 The 

methods B and C (R2 = 0.932 and 0,941, respectively) have the advantage that the 

pixels’ coefficients might be used to construct maps of polyphosphate as well as 

protein, lipid and starch distributions inside of the cells. Their disadvantage is a longer 

computation time needed when compared to D. 

3.2 Raman mapping of Desmodesmus quadricauda during its cell cycle 

3.2.1 Introduction 

Cell cycle is a progression of events during which a cell replicates its DNA and 

divides to produce daughter cells. Microscopic algae serve as model organisms for 

studies of the cell cycle and its regulation, as algal cell cultures can be easily 

synchronized, i.e., brought to a state where all the cells in the culture are approximately 

in the same phase of their cell cycle, by alternating light and dark cultivation periods 

that mimic natural alternation of day and night. Indeed, the first studies on algal cell 

cycle have been performed since 1950s, at the same time that the cell cycle concept 

have been defined.37, 141 

Generally, algae divide by multiple fission, in which one mother cell produces 2n 

daughter cells, where n is an integer between 1 and 15. The exact n depends on algal 

species and growth conditions and is typically stable in some interval for each species. 

Most microalgae divide by binary fission with n = 1. High values of n are observed in 

some species of the family Hydrodictyaceae and Volvocaceae, these algae may 

produce up to several thousands of daughter cells during one cell cycle. Multiple 

fission presents presumably an evolutionary trait, as cell division slows down 
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photosynthetic activity, and so the algae that are able to postpone cell division to night 

possess an advantage of using more daylight for energy accumulation and growth.141 

A crucial point in the cell cycle is a so called commitment point, equivalent to the 

restriction point in animal cells or “Start” in yeast cells. After reaching this point, the 

algal cell starts its reproduction sequence, and is able to divide even without carbon 

supply and in darkness, i.e., without external energy source. The commitment point is 

attained after the cell has accumulated enough energy and material reserves, typically 

after the cell volume has approximately doubled. It is not yet clear, which cellular 

component serves as a “sizer” that indicates the readiness to reach the commitment 

point, starch granules are one of the candidates.141 The cell cycle progression and 

number of attained commitment points in each cell cycle are affected by growth 

conditions, such as light intensity and duration, temperature, and nutrient availability. 

The chlorococcal alga Desmodesmus quadricauda (formerly known as 

Scenedesmus quadricauda) serves as a model organism for cell cycle studies.142 

According to growth conditions, mother cells may divide to 2, 4, or 8 daughters (n = 

1–3) that stay connected, sharing a common cell wall, in a structure called coenobium. 

The species follows a so called Scenedesmus-type multiple fission, where the cells 

become multi-nuclear during the cell cycle, as opposed to Chlamydomonas-type 

multiple fission, where nuclear division happens at the end of the cycle and is 

immediately followed by cell division. The cell cycle progress is schematically 

illustrated in Fig. 6 for the case of n = 3 (eight daughter cells).  

After a growth phase, when a cell attains a critical cell size, the first commitment 

point (CP) is reached, and the cell switches on its reproductive sequence, replicates its 

DNA (S-phase in the classical binary cell cycle description) and divides its nucleus 

(mitosis), becoming bi-nuclear. In favorable conditions, the cell continues to grow and 

accumulate energy and volume during these processes, eventually reaching a second 

and third commitment point. After each of the commitment points, DNA is again 

replicated after a pre-replication phase, and nuclei are divided; thus, the cell becomes 

tetra- and octa-nuclear. Cell division is performed at the end of the whole cycle and 

the released daughter cells stay connected in a coenobium. 

We have used Raman microscopy to study distributions of storage biomolecules, 

such as starch, lipids and polyphosphate, during the cell cycle of D. quadricauda. 

Traditionally, the evolution of biomolecular content during the cell cycle is studied on 

a cellular level via fluorescent staining, and quantitatively via bulk analytical methods 
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on the level of the whole cellular culture. However, in both of these methodologies, 

each cellular component must be analyzed individually, as each biochemical 

compound is stained by a special fluorescent probe or quantified using a different 

protocol. Raman microscopy presents a unique tool to study the storage biochemical 

in the spatio-temporal context of each other. As Raman signal is linearly proportional 

to concentration, the measurement is also semi-quantitative, giving accurate 

information about the measured two-dimensional equatorial plane of the algae. 

 

 

Figure 6. Cell cycle of Desmodesmus quadricauda with eight daughter cells. G1, G2, 

G3—gap phases; CP—commitment point; pS—pre-replication phase; S—replication 

phase; M—nuclear division phase; C—cell division. The figure is adapted from 

Zachleder et al., The cell cycle of microalgae, in Borowitzka et al., 2016.142 

 

3.2.2 Materials and methods 

Algae cultivation. Chlorococcal alga Desmodesmus quadricauda was obtained 

from the Culture Collection of Autotrophic Organisms, Institute of Botany (CCALA, 

Czech Academy of Sciences, Třeboň, Czech Republic). The culture collection also 

describes the earlier taxonomic classification as Scenedesmus quadricauda (Turpin) 

Brébisson (strain Greifswald 15), under which the organism was identified in 

numerous publications. The genus Desmodesmus (Chlorophyta, Chlorococcales, 

Scenedesmus) was later separated from genus Scenedesmus.143 A phylogenetic 

analysis based on plastid genomics has further distinguished D. quadricauda from the 

closely related Desmodesmus communis.144 

The microalgae were inoculated from a liquid culture and cultivated in a glass 

tube (3 cm diameter) placed in a thermostated water bath (30–32°C). Cultivation 

medium according to Zachleder and Šetlík145 was used; this medium is based on the 

algae composition and provides nutrients for up to 6 g dry weight of algae per liter. 

The culture was aerated with air enriched to 2% CO2 (flow rate 350 mL min-1). The 
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glass tube was exposed to 150 μmol (photons) m−2 s−1 from a panel of warm-white 

light-emitting diodes in a 15/9 h light/dark cycle. The cells were cultivated in this 

light/dark regime for five days prior to the experiment to ensure synchronization of the 

culture. At the beginning of the third and fifth light period, the culture was diluted to 

about 106 cells per mL with a fresh medium to prevent light-limitation. On the day of 

the experiment, the cells were diluted again just before the start of the cycle. On this 

day, the culture contained both eight- and four-celled coenobia, only the two innermost 

cells of eight-celled coenobia were used for Raman mapping. The first sample was 

taken 15 min after the start of the light phase. 

Cell size and number. The cell suspension for Coulter counter measurement was 

stored frozen (-20 °C). Prior to the measurement, it was let to thaw in room temperature 

and vortexed thoroughly for several minutes. According to the cell cycle stage, 0.4 or 

0.8 mL of the cell culture was diluted appropriately with ISOTON II solution to total 

volume of 10 mL. Two mL of the sample (approximately 104–105 cells per mL in the 

final solution, in accordance to the Coulter counter instructions) were measured using 

Multisizer 3 (Beckman Coulter, U.S.A.), aperture size was 100 µm. Cell number was 

also determined in a Bürker counting chamber (Meopta, Czech Republic). 

Measurement of light intensity. A quantum/radiometer-photometer (LI-COR, 

U.S.A.) was used. In the culture unit, dimmable fluorescent tubes were used for 

adjustment of irradiance. To obtain a measure of light energy absorbed by a layer of 

cell suspension grown at different incident light intensities and different optical 

densities (concentrations of cells), the mean light intensity (I) was calculated according 

to the Lambert-Beer formula: I=(Ii–It)/ln(Ii/It), where Ii is the incident light intensity 

measured at the surface of the culture vessel, and It is the transmitted light intensity 

measured at the rear side of the culture vessel. 

Sample preparation. For Raman measurement, 0.5 mL of the cell suspension 

was centrifuged (2000×g for ca. 15 s), supernatant was discarded and a part of the 

pellet was mixed with ca. 20 µL of low-gelling agarose (Sigma Aldrich, 2% w/v 

solution, Tmelting = 39 °C). A few µL of the agar mixture were placed between a quartz 

slide and a quartz coverslip, these were sealed with Covergrip sealant (Biotium, USA). 

The sample preparation took about 13 minutes to the beginning of Raman mapping. 

Raman measurement. Raman maps of D. quadricauda cells were acquired with 

a confocal Raman microscope WITec alpha300 RSA (WITec, Germany) equipped 

with an oil-immersion objective UPlanFLN 100×, NA 1.30 (Olympus, Japan). The 
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spectra were excited with a 532 nm laser (excitation power of ca. 20 mW at the 

sample). A theoretical diffraction-limited lateral resolution of the Raman microscope 

is ca. 250 nm, experimentally verified axial resolution is ca. 850 nm. Scanning step of 

125 nm in both x and y direction (thus below the diffraction limit of the experimental 

setup) was used, with a 0.1 s acquisition time per pixel. The spectra were measured in 

the range of 220–3850 cm-1 at once. This range covers characteristic (< 1800 cm-1) as 

well as stretching (> 2800 cm-1) vibrations of biomolecules and water. Prior to Raman 

mapping, a wide-area photobleaching of the entire algal coenobium by a defocused 

532-nm laser beam was applied as described in Chapter 2.4 to get rid of the strong 

autofluorescence of chlorophyll. At each sampling point, a two-dimensional Raman 

map of the two innermost cells of a selected eight-celled coenobium was acquired. 

Data treatment. Raman maps were treated with Project Four Plus (WITec, 

Germany) and our own scripts for GNU Octave135 and Matlab (MathWorks, USA).134, 

136 Firstly, signals of cosmic rays were removed by using automated and manual 

functions of Project Four Plus. Next, to compensate eventual variations of laser power 

and efficiency of signal collection, Raman maps of different cells have been 

normalized to a common intensity scale based on the O-H stretching band of the 

surrounding water, as described in Chapter 2.5. Next, spectral regions with 

characteristic Raman bands of respective biomolecules were selected for starch (457–

507 cm-1, band maximum at 479 cm-1), lipids (2836–2869 cm-1, band maximum at 

2854 cm-1), polyphosphate (1143–1190 cm-1
, band maximum at around 1159 cm-1), 

guanine (613–684 cm-1, band maximum at 651 cm-1) and the region of carbon-

hydrogen stretching vibrations of all biomolecules containing C-H bonds (2795–

3060 cm-1, band maximum at around 2935 cm-1). A non-Raman background was 

subtracted as a bisector connecting mean intensities at the last 4–10 spectral points 

delimiting the upper and lower ends of these regions. Spectra with high content of the 

respective biomolecules and the appropriate wavenumber regions are shown in Fig.7. 
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Figure 7. Raman spectra of selected pixels with prevalent contribution of starch 

(upper left), lipids (upper right), polyphosphate (lower left) and guanine (lower right). 

Regions with specific bands that were used for visualization and quantification of the 

given biochemical are highlighted in blue. The region of carbon-hydrogen (C-H) 

groups is the same for all the biochemical, it is highlighted in red 

 

 

To create Raman maps, Raman intensity of an appropriate band (after background 

correction) was calculated by integrating the band’s area. The integral intensities in 

Raman maps are expressed in a color scale. For a given biomolecule, the same scale 

was used in all maps. Darkest color shade corresponds to mean intensity found in the 

surrounding medium and the lightest one to the maximum value. The only exception 

is the intensity of carbon-hydrogen stretching vibrations, where the darkest shade 

corresponds to zero. 

To estimate content of the respective biomolecules in the cells, the pixels 

corresponding to both of the two cells on each Raman map were identified using 

manual functions of Project Four Plus. The signal from every 2×2 pixels was merged 

together to reduce noise, and the background-corrected bands of biomolecules were 

integrated. For each Raman map i, mean value mi and standard error si of the integral 

intensity in the merged pixels of the surrounding medium were calculated. For each 

pair of cells, the integral intensities were summed for pixels where the signal was 

greater than mi + 7si.  

The indicated time values are rounded to a quarter-hour. 
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3.2.3 Results  

Number of coenobia per mL of the cell suspension and their median volumes 

determined by Coulter counter at selected time-points of the cell cycle are shown in 

Fig. 8A, B. The cellular volumes have been compared with Raman estimates of volume 

of the two innermost cells of the coenobium that was used for Raman mapping. To 

obtain these estimates, pixels belonging to the cells were identified according to 

carbon-hydrogen stretching bands as described in Chapter 3.2.2 (Materials and 

methods). Since the number of pixels is directly proportional to area of the mapped 

cell cross-section, a volume of the cell was estimated as this area raised to the power 

of 1.5, and renormalized to fit the range of Coulter counter values in a least square 

sense. As can be seen in Fig. 8B, both volumes correlate satisfactorily, in spite of 

different physical principles of the methods and the used simplifications. Although 

only two cells of a randomly selected coenobium were used to estimate the volume by 

Raman microscopy, this estimate fits well to the median volume determined for 

hundreds of thousands of cells by Coulter counter, indicating a good synchronization 

of the culture and justifying the simplifications. 

Overall, 36 samples for Raman measurement were taken during the 24-hour cell 

cycle. The distribution of starch, lipids and polyphosphate (polyP) in Raman maps 

were obtained by integrating the intensity of a Raman band characteristic for the given 

biomolecular species in each pixel spectrum, as described in Chapter 3.2.2., see also 

Fig. 7. Additionally, the band of carbon-hydrogen (C-H) stretching vibrations was 

used to visualize the concentration of the total organic matter (proteins, carbohydrates, 

lipids, RNA, DNA, etc.) in the cells. 

The distributions of carbon-hydrogen stretching vibrations, starch, lipids, 

polyphosphate, and guanine are shown in Fig. 8C for selected time-points when the 

cells exhibited some characteristic features. Those particular time-points are indicated 

in Fig. 8A, B by red crosses on the horizontal axes and their cell volumes are indicated 

by filled circles in Fig. 8B. For all the 36 measured samples, the biomolecular 

distributions are shown in Attachment 4. 

As can be seen in Fig. 8C and Attachment 4, the cells already contained some 

starch reserves and a few lipid and polyphosphate bodies just after the dark phase of 

the previous cycle. The starch content was growing from the beginning of the light 

phase, reaching its first maximum at around T = 2:15 h after the light onset 

(Attachment 4), and then declining again. Lipid bodies, localized at a cellular 
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periphery, grew in number and in lipid content with a ca. 45 min delay behind the 

starch growth. At last, polyphosphate content peaked at T = 6:00 h, when the cells 

contained multiple polyphosphate bodies but exhibited nearly no starch nor lipids 

identifiable by Raman microscopy. Coinciding with the high polyphosphate content, 

the cells exhibited guanine bodies between T = 4:45 h and T = 6:00 h. Small guanine 

bodies of a lower signal intensity—surely identifiable, however—were observed also 

at T = 7:45 h, 9:45 h and 16:00 h as well (Attachment 4). 

After T = 6:00 h, polyphosphate bodies slowly disappeared and nearly no starch 

and lipids were visible in the cells. Carbon-hydrogen vibrations in the cells thus come 

predominantly from proteins (Fig. 8 and Attachment 4). At around T = 10:30 h, the 

cells started to accumulate starch again. At this time-point, the third commitment point 

is expected. The starch content and cell volume grew until the end of the light period 

at T = 15:00 h, when some of the cells were already dividing. Some lipid bodies can 

be seen in the cells even during the cell division (Attachment 4). The released daughter 

cells contained some starch and a few polyphosphate bodies till the end of the cycle at 

T = 24:00 h. In some daughter cells, a few lipid bodies can be identified, but not 

guanine microcrystals (Attachment 4). 

To show a dynamics of the storage compounds in a semi-quantitative way, Raman 

estimates of starch, lipid and polyphosphate content per single cell of the coenobium 

were calculated by averaging contributions of both of the measured cells (for details, 

see Materials and methods in Chapter 3.2.2). These estimates are shown in Fig. 9. If 

we disregard the outlying points, the successive accumulation of starch, lipids end 

polyphosphate at the beginning of the cycle is visible, as well as the second 

accumulation of starch and lipids peaking at 15 and 16 h, respectively. 
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Figure 8. (A) Time course of number of coenobia per ml in the cell culture of 

D. quadricauda as determined by Coulter counter. (B) Time courses of volumes of the 

coenobia determined by Coulter counter (black, median volume) and Raman 

microscopy (red). For the time-point T = 18:00 h coinciding with cell division of 

a majority of the cells, the Coulter counter volume of daughter cells is shown. Raman 

microscopy volumes were estimated as a number of pixels belonging to both cells in 

a coenobium (identified by the carbon-hydrogen stretching band) raised to the power 

of 1.5 and renormalized to fit the Coulter counter curve. (C) Raman maps showing the 

distribution of carbon-hydrogen (CH) groups, starch, lipids, polyphosphate (polyP), 

and guanine in two innermost cells of eight-celled coenobia during the cell cycle. Time 

from start of the cycle is indicated in the top row. For a given biomolecule, the color 

scale is the same for all Raman maps. White bars correspond to 2 µm. The cells that 

are shown in panel (C) are indicated by filled circles and red crosses on the time axis 

in panels (A, B). The grey area in (A, B) indicates the dark period of the cell cycle  
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Figure 9. Time evolution of the relative content of starch (green), lipids (red) and 

polyphosphate (blue) during the cell cycle of D. quadricauda. The values are averages 

from the two cells that were measured at each time-point. The grey area indicates the 

dark part of the cycle 

 

To determine the reliability of the results, the first 8.5–9.5 hours of the cell cycle 

were measured three more times. In these supplementary experiments, whole eight-

celled coenobia were mapped with a lower spatial resolution to enhance the number of 

mapped cells (data not shown).  

The results were qualitatively similar to those presented above. Specifically, 

starch and lipid accumulation and depletion was observed in the first few hours of the 

cell cycle. Starch was accumulated in the first few hours of the cell cycle, and its 

content rapidly declined after 4–7 hours from the dark-to-light transition. In most 

cases, starch content was barely observable via Raman microscopy after the decline. 

Lipid bodies’ accumulation and depletion started with a delay after starch 

accumulation and depletion. Polyphosphate bodies were observed throughout the first 

8.5–9.5 hours of the cell cycle, in accordance with the whole cell cycle measurement, 

although their presence and concentration seemed to be stochastic and did not show 

an accumulation-depletion curve. Guanine microcrystals were observed in all the three 

supplementary experiments, although at different exact times, summarized in Table 6. 
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Note that the sampling interval was between 0.5 and 1 hour, and the samples were not 

taken at the same exact times for all the four measurements. Typically, guanine 

microcrystals were present between hour 5 and 8, although occasionally also earlier 

and later, once even at the start of the cell cycle. At each time-point, only some of the 

mapped cells possessed visible guanine microcrystals in the focal plane.  

 

Table 6. Observed occurrence of guanine microcrystals in the cells of D. quadricauda  

 

Experiment Time from light onset 

Full cell cycle 4:45, 5:15, 6:00, 7:45, 9:45, 16:00 

Supplementary 1 2:45, 5:15, 6:00, 6:45, 7:45, 8:30 

Supplementary 2 5:15, 7:15, 7:45 

Supplementary 3 0:00, 6:15, 7:15 

 

 

Next, to ensure that starch is really non-detectable by Raman microscopy in the 

cells after ca. 5 hours of the cell cycle, D. quadricauda cells were measured during the 

first few hours of the cycle in the lateral plane (xy) as well as in axial planes (xz and 

yz) passing through the middle of the cells. The axial pixel size was chosen to be 

500 nm, as the axial resolution is lower than the lateral resolution. The results for two 

time-points are shown in Figure 10. Whereas starch was visible in the lateral as well 

as axial maps at the beginning of the cell cycle (T = 2 h), it almost disappeared later 

(T = 6 h). A ring starch structure is visible in the Fig. 10 for T = 6 h, probably showing 

a pyrenoid of one of the cells, where carbon fixation occurs and starch is produced. 

Three-dimensional mapping was performed for one sample as well (not shown), 

providing the same results. 

 

 

Figure 10. Lateral (xy) and axial (xz and yz) starch distributions of two innermost 

cells of D. quadricauda coenobia at 2 and 6 hours after start of the cell cycle. The white 

bar corresponds to 4 µm 
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3.2.4 Discussion 

Above, the Raman mapping results of one full cell cycle (24 hours) and three 

supplementary mapping experiments of approximately the first third of the cell cycle 

are presented. It should be noted that only a limited number of cells has thus been 

mapped that is not high enough to derive quantitative, statistically sound information 

about the whole cellular culture. However, as the cells are synchronous, they should 

behave similarly, and qualitative information might be gained, which is supported by 

the qualitatively similar results of the four measurements in the first part of the cell 

cycle. The synchrony of the cellular culture was controlled by visual inspection and is 

supported by Coulter counter measurement (Fig. 8A and B). 

Apart from the distributions of starch, lipids and polyphosphate, Raman 

measurement also enables one to map proteins according to the sharp phenylalanine 

band at 1003 cm-1. However, this band is relatively weak, and so the Raman maps are 

noisy. A more prominent and broader protein Amide I band at around 1650 cm-1 

overlaps with bands of lipids and other structures, thus, it cannot be used reliably in 

such univariate approach.  

We have used the general carbon-hydrogen stretching band at around 2940 cm-1 

to highlight the overall distribution of carbonaceous biomolecules and the shape of the 

cells. This band is typically the strongest Raman feature in the cellular spectra, and 

such maps thus have a high signal-to-noise ratio. In cases where starch and lipids are 

missing in the spectra, the dominating contribution to this band is expected to be 

proteins. 

To our knowledge, guanine microcrystals have been observed in Desmodesmus 

quadricauda for the first time by our group,82 see also Chapter 3.1.2. The composition 

of these structures can be assessed unambiguously, as they possess a strong and 

specific Raman signal. In the time-points when guanine microcrystals have been 

observed, some of the cells seemingly lacked these structures. Guanine microcrystals 

could have been far above or below the focal plane or too small to be detected in those 

cells, or their presence is transitory and they get quickly dissolved. However, Raman 

signal of crystalline guanine is much stronger than the signal of the surrounding 

biomolecules, and so these structures should be detected at very low concentration 

and/or well away of the focal plane.  

Guanine microcrystals occurred in the cells at different exact time-points of the 

four measurements, however, they were regularly present between hour 5 and 8 of 
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each of the cell cycles. It remains to be elucidated whether these structures play a role 

in the cell cycle itself, or whether they are an artifact of how the cells react to sample 

preparation or Raman measurement at different time-points of the cycle. For example, 

the cells could be more sensitive to low light transition that occurs during the sample 

preparation, and could use the guanine microcrystals to cope with such kind of stress. 

Time evolution of starch, lipids and polyphosphate in the whole culture of 

synchronized D. quadricauda cells was measured by standard bulk analytical methods 

in a cooperating institute (Centre Algatech, Institute of Microbiology of the Czech 

Academy of Sciences, Kateřina Bišová and Vilém Zachleder). These results did not 

qualitatively agree with those obtained by Raman microscopy (data will be used in 

a further publication and are not shown in this thesis). This is particularly interesting 

for starch evolution, as lipids and polyphosphates occur in the cells in low quantities 

that are at around or below the detection limit of the bulk methods. In our case, starch 

disappeared below the detection limit of Raman measurement between ca. hour 5–7 

and 11, and was again accumulated at the end of the light phase (11–15 h). In contrast, 

starch content measured by a chemical extraction on the whole culture level kept 

growing during the whole light phase (until 15 h). To ensure that starch is not simply 

transferred to the cellular periphery, and hence undetectable in the equatorial plane of 

the cells by Raman microscopy, the cells were mapped in axial planes (xz and yz) as 

well, but no starch was observed (see Fig. 10). A 3D mapping was performed for one 

cell, providing the same result. 

A possible explanation of this discrepancy between Raman and bulk analytical 

measurements lies in different light conditions that were used for cultivation in the two 

workplaces. For Raman measurement, the culture was illuminated by 150 μmol 

(photons) m−2 s−1 white light, whereas for bulk methods, 500 μmol (photons) m−2 s−1 

was used. Preliminary experiments show that the results obtained by Raman 

microscopy agree to those obtained by standard bulk methods when the cells are 

cultivated in 500 μmol (photons) m−2 s−1 (not shown here). Specifically, starch is 

visible throughout the whole light phase of the cell cycle. Interestingly, no guanine or 

polyphosphate bodies could be detected under the high light conditions.  

The Coulter counter measurement revealed that there is approximately 7.4× more 

coenobia at the end of the cell cycle than at the start (see Fig. 8A). This indicates that 

most of the cells were able to divide to eight-celled coenobia, i.e., to the highest 

possible number of daughter cells for this strain, which is achieved under good growth 
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conditions. In light-limiting conditions, the cells are expected to form four- or two-

celled coenobia. However, under the relatively lower illumination of 150 μmol 

(photons) m−2 s−1, the cells might use all their reserves, stored in the form of starch and 

lipids, for cell-cycle related processes. This would explain the discrepancy between 

Raman and analytical results. The experiments to study cell cycle of Desmodesmus 

quadricauda in higher illumination conditions are in progress and the results will be 

published in an international peer-reviewed journal. 

3.2.5 Conclusion 

Intracellular distribution of storage biomolecules—starch, lipids and 

polyphosphates—in an equatorial plane of Desmodesmus quadricauda cells during the 

cell cycle were obtained via Raman spectroscopy. The compounds show an 

accumulation-depletion curve during the first few hours of the cell cycle, peaking at 

shifted times. The observed time evolution of the starch content differs from the 

expected one. Specifically, starch content, accumulated in the first hours of the cell 

cycle, nearly disappeared after five hours, whereas it is expected to rise steadily. This 

difference is probably caused by a lower light intensity that was used for cultivation 

of the cells for Raman measurement, and this assumption will be tested in future 

experiments. 

Interestingly, intracellular guanine microcrystals have been observed in some of 

the cells during a specific part of the cell cycle, their role remains to be elucidated.  
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4 Discussion 

4.1 Significance of the hereby presented work 

This Chapter aims to briefly summarize our work and put it in context of other 

published studies on resonantly non-enhanced Raman mapping of microalgae. For 

a thorough discussion of our results, the reader is referred to the full publications that 

are presented in the Attachments, or to section 3.2.4 Discussion of Chapter 3.2., which 

deals with Raman mapping during a cell cycle of Desmodesmus quadricauda. 

In this thesis, a simple, fast and reliable out-of-focus photobleaching technique 

was developed as the necessary first step, without which the presented work on 

resonantly non-enhanced biochemical species in microalgae would be impossible. As 

described earlier in this thesis, fluorescence signal of chlorophylls, which is in our 

experience typically omnipresent in algal cells, outshines spontaneous, non-enhanced 

Raman signal by several orders of magnitude. To obtain Raman signal of resonantly 

non-enhanced components, one is either limited to measure spectra of well-defined 

and large enough non-fluorescing structures—such as large lipid bodies—with a high 

confocality to exclude signal excited in out-of-focus layers, or the unwanted 

“background” signal must be suppressed. This is done by photobleaching—exposure 

to a bright light, typically the same laser light that is used for Raman measurement. 

For an effective in-focus photobleaching, one needs a high laser intensity, which is 

however dangerous to the studied sample, as it may cause burning of the sample via 

heat transformed from the absorbed light. Moreover, fresh fluorescing structures could 

be transported to the already photobleached spot. In our experience, a persistent 

fluorescence signal with a maximum at around 540 nm occurs after a prolonged or 

inconsiderate photobleaching and signalizes a decay of the sample. Last but not least, 

in-focus point-by-point photobleaching is very time-consuming. 

These are probably the reasons why, so far, there have only been a few works of 

Raman mapping studies visualizing resonantly non-enhanced biomolecules in 

microalgae.64, 66, 79, 106-107, 109-110 In 2010, Huang et al. mapped the distribution of lipids 

in Neochloris oleoabundans,64 and Weiss et al. mapped the distribution of 

botryococcenes in Botryococcus braunii colony.66 Huang et al. measured several 

consecutive spectra from each mapping spot, effectively using in-focus 

photobleaching of the sample, followed by a background subtraction.64 The authors 
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note a strange background behavior during the measurement, when the exponential 

background decay was intermitted by one or several sudden rises. One can hypothesize 

that intracellular fluorescing structures moved in the cell during the spectra acquisition, 

and fresh, non-bleached ones got into focus, giving a rise to the sudden background 

growth. Interestingly, Huang et al. probably observed a polyphosphate body in a non-

lipid region of Neochloris oleoabundans (Fig. 6 and 7 in their publication64), although 

they did not attribute the spectrum to polyphosphate nor recognize its significance. 

Weiss et al. reported on photobleaching of the B. braunii samples for at least 

20 minutes prior to Raman mapping, performed with a 785-nm laser.66 The authors do 

not specify whether in-focus or out-of-focus photobleaching was used. In our 

experience, the area of the scanned size (13×13 µm) would be photobleached in a few 

tens of seconds or a few minutes with our method, however, we are not acquainted 

with B. braunii cells and cannot thus exclude that they photobleach more slowly. 

Photobleaching a sample of this size for twenty minutes is, however, too long to 

perform any statistical analysis of a reasonable number of cells. 

In 2014, Hosokawa et al. visualized and quantified lipids in a diatom Fistulifera 

solaris, and the authors do not report any problems with fluorescence background.79 

The reason might be a relatively small chloroplast tightly positioned in the diatom cell 

(giving rise to protein Raman signal) that could be photobleached by scattered light 

from previously measured parts of the cell. In our experience, this is a rare situation 

among microalgae. 

Sharma et al. used Raman mapping to iteratively find a region with the highest 

lipid signal in a cell and used this signal to estimate the cellular storage lipids’ 

saturation level.106 Each cell was photobleached for 30–75 s prior to the Raman 

measurement with a 532-nm laser; presumably, out-of-focus photobleaching was used 

in a similar way to our method, although no details are given by the authors.  

After the work of Sharma et al.,106 our work on Chlorella vulgaris and 

Desmodesmus quadricauda from the year 20167 presents the second simultaneous 

mapping of more types of resonantly non-enhanced biomolecules at once, giving rise 

to Raman maps presenting these components in a structural context of each other. 

Obviously, this multiplexing capability is highly useful for studies of microalgal 

biology. Additionally, we have performed fluorescence mapping showing the 

distribution of chlorophyll and carotenoid species on the same cells and by the use of 

the same Raman microscope. Thus, energy-transducing as well as energy-storing 
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structures were mapped in a relatively simple and straightforward way. We have also 

identified polyphosphate Raman marker band at around 1160 cm-1; to the best of our 

knowledge, this band has been attributed to polyphosphate in a microalgal sample for 

the first time. 

In 2017, Chiu et al. used the multiplexing capability of two-dimensional Raman 

microscopy to simultaneously quantify starch and lipid content in microalgae during 

starch-to-lipid shift induced by high salinity.107 The authors do not report any 

photobleaching step, yet, a 0.5 to 1.5 h measurement time per cell is reported, which 

gives a calculated >1 s per pixel that could be enough to suppress the background. 

Probably due to such long measurement times, only three cells of five samples have 

been measured. In our experience, such low number is inadequate to cover the 

variability among individual cells even in a well-defined culture. Indeed, the authors 

report on a large variability among the three cells of each sample, although the 

presented correlation of their mean values with values obtained by gas 

chromatography-mass spectrometry is very high. 

We have completed the evidence for quantification capabilities of two-

dimensional Raman mapping for polyphosphate quantification in 2017.81 For each of 

the twelve measured samples, around 50 cells were mapped and mean polyphosphate 

content was compared to values obtained by a bulk enzymatic analysis. We have tested 

several Raman data treatments to obtain the relative polyphosphate content, with R2 of 

up to 0.956. This is noteworthy, since microalgal polyphosphate might play a role in 

phosphorus recycling from wastewaters to agricultural fertilizers,3 as described in 

more detail in Chapter 1.2.3., and current methods to visualize and quantify this 

polymer are prone to biases.37-38 

Yonamine et al. performed Raman mapping of a mixture of deuterated and non-

deuterated cells and showed that they can be discerned.110 Indeed, the exchange of 

hydrogen to deuterium doubles the mass of the bond atom, and so the vibrational 

properties of groups containing this atom are largely affected. For example, the Raman 

band of carbon-hydrogen stretching vibrations of biomolecules is shifted from ca. 

2930 cm-1 to ca. 2170 cm-1. The author participated on a review about production, use 

and detection of stable isotopes with the emphasis on deuterium,146 this review 

contains a section about the use of Raman microscopy to detect isotopically-labelled 

compounds. 
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In 2017, we have reported on observation of guanine microcrystals in two 

microalgal species.81 This is, to the best of our knowledge, a completely novel 

discovery. 

There are many known biological roles of guanine. Firstly, guanine is 

a component of nucleic acids, DNA and RNA. Guanosine tetra- and pentaphosphate 

serve as stress-signaling molecules in bacteria, however, they also accumulate in 

chloroplasts of plants and algae under abiotic stress and may play a role in their stress-

response.147 Since guanine is barely soluble in water, formation of solid particles is 

expected when guanine is released into the watery cellular environment. Guanine 

crystals are widely used among animal kingdom to manipulate light in biogenic 

devices such as diffuse scatterers, broad- and narrow-band reflectors and photonic 

crystals, as they possess an extremely high refractive index.148 Guanine crystals also 

affect the coloration of animals and fish, where they are deposited in specialized 

cells.149 Arachnids that live in arid climate secret excess nitrogen from protein 

metabolism in the form of guanine with minimal water loss.150-151  

Among microalgae, guanine microcrystals have been detected in a dinoflagellate 

Gonyaulax polyedra (kingdom Protozoa), where they form scintillons, bioluminescent 

particles.140, 152-153 Marine symbiotic dinoflagellate that live inside coral hosts possess 

intracellular crystalline structures that have been historically attributed to calcium 

oxalate, yet recently found by Clode et al. via transmission electron microscopy 

(TEM), electron energy loss spectroscopy (EELS) and mass spectrometry to be 

composed of uric acid in microalgal symbionts of coral Aiptasia species.139 According 

to the authors, guanine generates a very different EELS spectrum than uric acid, and 

thus the two, although chemically similar, cannot be interchanged.139 Since the 

publication of our work, we have observed microcrystals unambiguously attributed to 

guanine via Raman microscopy in a coral symbiotic dinoflagellate of the genus 

Symbiodinium, as well as in a free-living marine dinoflagellate Amphidinium carterae, 

and a newly discovered eustigmatophyte Vacuoliviride crystalliferum. In contrast, we 

have never encountered uric acid microcrystals in microalgae. Possibly, different 

marine symbiotic species possess microcrystals of a different composition, it would be 

nevertheless interesting to investigate such species with both of the techniques 

simultaneously. 

To our knowledge, apart from the dinoflagellate Gonyaulax polyedra, guanine 

microcrystals have not been observed in microalgae before our report, and our work is 
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the first to discover intracellular guanine microcrystals among the whole plant 

kingdom (Plantae).  

Interestingly, we have sporadically observed guanine microcrystals in vacuoles 

of the yeast Candida albicans (kingdom Fungi). UV-absorbing structures were 

observed earlier in C. albicans vacuoles when the cells were supplemented with 

guanine and other purines as a source of nitrogen.154   

Our results indicate that the presence of guanine microcrystals might be frequent 

among microalgae, and possibly among other microorganisms as well. However, 

further studies are needed to confirm this hypothesis. Also, biological roles of the 

microalgal guanine microcrystals remain to be elucidated. Possibly, the crystalline 

bodies serve as a simple nitrogen storage. Clode et al. demonstrated that the uric acid 

microcrystals are readily metabolized in marine dinoflagellate symbionts of Aiptasia 

corals.139 However, one can also hypothesize that the cells make advantage of the high 

refractive index and of interference effects on the guanine microcrystals and use them, 

e.g., for shielding of photosynthetic structures from excess light, or contrariwise for 

guiding light to appropriate structures in light-limited conditions. Our observations on 

occurrence of guanine microcrystals during a specific phase of the cell cycle of 

Desmodesmus quadricauda indicate also a possible role in cell cycle-related 

processes. Further experiments are, however, needed to confirm these hypotheses.  

4.2 Spontaneous Raman microscopy of microalgae—an outlook 

This chapter aims to hypothesize possible uses of spontaneous confocal Raman 

microscopy in applied as well as basic research of microalgae in the near future. 

Raman microscopy or spectroscopy is able to measure lipid, starch and/or 

polyphosphate content and distribution in algal cultures, a property that might be 

useful in applied research aimed at, e.g., biodiesel production or wastewater treatment. 

Indeed, our approach of Raman mapping measurement and data evaluation might be 

in principle fully automated. A sample of cells immobilized in low-melt agarose 

between a quartz microscopy slide and coverslip, prepared manually and inserted into 

a Raman setup, could be inspected with an image-processing software installed within 

the controlling program of the Raman microscope. The cells may be recognized from 

their surroundings, either visually or via a specific Raman marker band(s), and Raman 

maps of the needed number of cells may be acquired in an automatic way. Next, the 



 

84 

 

obtained Raman data might be used to gain quantitative information on the studied 

biomolecule(s) among the cellular culture, this process is again fully algorithmizable.  

In principle, one can thus obtain information on intracellular content of the studied 

biomolecule, as well as on its distribution among the cells, with minimum human 

intervention and in a timescale of tens of minutes to a few hours. The needed time 

depends on a number of measured cells, their size, and used experimental parameters. 

The speed and simplicity of such Raman approach surpasses standard bulk methods, 

with an additional advantage of Raman multiplexing capabilities that enable one to 

measure more cellular components at once. On the other hand, bulk analyses might be 

run in parallel, effectively reducing time needed per sample. Such parallelization is 

impossible with Raman measurement, unless one employs several Raman 

microscopes. Also, a quantitative analysis performed via Raman microscopy works 

well, in our experience, only for biochemical compounds that are accumulated to 

relatively high quantities in the cells.  

A microfluidic device has been used for starch quantification in a microalgal 

culture by Ji et al.; the authors measured Raman spectra of whole optically trapped 

cells.101 Such approach might be easier for instrumentation and data evaluation than 

our mapping approach, especially if Raman-activated cell sorting systems are 

developed that can also sort the investigated cells and store them for further analyses 

in a similar way to fluorescence-activated cell sorting systems. However, a possibility 

to obtain information on intracellular distributions of the investigated biomolecules is 

thus lost. 

 

The use of Raman microscopy for basic research is limited by a relatively low, 

diffraction-limited spatial resolution, and also a relatively unspecific signal, given the 

amount of different molecules in each measurement voxel. For example, different 

proteins cannot be discerned from their mixtures under normal conditions, nor fatty 

acid composition of lipids, unless in a very specific situation. Raman microscopy is 

thus best suitable for studies of structures that possess a strong Raman signal (e.g., 

carotenoids, crystals), or where large enough quantities are accumulated in the cells 

(lipids, starch, polyphosphate). On the other hand, Raman spectra and maps of these 

structures can be obtained in a multiplex way from a single measurement, in 

a structural context of each other, and, in our experience, often with a lower detection 

limit than standard bulk or fluorescence methods.  
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Especially, Raman microscopy is very promising for detection and investigation 

of intracellular crystalline bodies in marine symbiotic microalgae as well as in other 

algal species, as such crystals possess a strong, sharp and highly specific Raman signal. 

Until now, the composition of such bodies has been elucidated chemically after their 

laborious extraction, and in many cases might be assigned erroneously.139 In view of 

the ongoing global warming and acidification of the Earth’s oceans, deep information 

on all aspects of biology of marine microalgae, which produce a large part of the 

oxygen we breathe, are highly necessary.  

Deuterated compounds are easily detectable with Raman microscopy.146 Algae 

have been used to produce deuterated compounds,146 and the author currently 

participates on a project that investigates deuterium incorporation into algal biomass. 

Finally, Raman microscopy is a technique that visualizes intrinsic composition of 

the studied sample, without the need of a priori knowledge of its content. Thus, one 

cannot exclude surprising discoveries of previously unknown or misidentified 

structures, in a similar way that the authors discovered guanine microcrystals. 

One would expect that simple and cheaper Raman microscopes, specifically 

designed for the needed applications and equipped with a simple and user-friendly 

software, would be helpful to promote the use of Raman spectroscopy in applied as 

well as basic research of microalgae. We have to wait for the future to see whether 

Raman microscopy becomes a widely accepted and standard biology method one day. 
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5 Conclusion 

The aim of this thesis was to investigate, critically evaluate and improve the 

possibilities of conventional confocal Raman microscopy to study microalgal cells. 

Within this dissertation, a fast and reliable method for photobleaching of microalgal 

chlorophyll autofluorescence was developed. Thanks to the efficient photobleaching, 

distributions of biomolecules whose Raman signal is not resonantly enhanced could 

be mapped in cells of two model microalgal species, Chlorella vulgaris and 

Desmodesmus quadricauda.  

To our knowledge, we have for the first time identified polyphosphate Raman 

features in microalgal cells. Moreover, we have proven that cellular polyphosphate 

content in an algal culture can be measured quantitatively via Raman microscopy. 

Additionally, polyphosphate distribution in each cell as well as among the cells can be 

obtained simultaneously in the context of other important biomolecules, such as starch 

or lipids. This is particularly important, since traditional methods to visualize and 

quantify polyphosphate in microalgae are laborious and/or non-reliable, and Raman 

microscopy might thus play a key role in investigating cellular roles and metabolism 

of this enigmatic and biotechnologically relevant polymer.  

Thanks to the fact that Raman microscopy visualizes intrinsic cellular content 

without the need for any a priori knowledge, we have observed and identified so far 

unknown intracellular bodies composed of crystalline guanine in several species of 

microalgae, as well as in a yeast species. To the best of our knowledge, such bodies 

have not yet been reported in any organism among the whole plant kingdom prior to 

our work. Biological significance of these structures is yet to be elucidated, as well as 

the spread of such bodies among different microalgal species, and microorganisms in 

general. However, our results indicate that such guanine bodies might be frequent, 

although so far overseen. 

At last, we have investigated the distribution and amount of storage biomolecules, 

such as starch, lipids and polyphosphate, during a cell cycle of Desmodesmus 

quadricauda. An accumulation and depletion of starch granules, lipid and 

polyphosphate bodies was observed during the first few hours of the cell cycle, peaking 

at shifted times. Guanine microcrystals were regularly observed during a specific time 

period of the cell cycle.  
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Overall, this thesis proved that confocal Raman microscopy is a relevant and 

valuable method for microalgal research. 
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Chlorophylls and carotenoids are core components of photosynthetic energy transduction in algal cells, whereas
starch, lipids, and polyphosphates represent energy reserves. All these biomolecules exhibit characteristic
molecular vibrations that were sensed and localized in individual cells ofDesmodesmus quadricauda and Chlorella
vulgaris by confocal Ramanmicroscopy. In the same cells, fluorescence of chlorophylls and of lipid bodies stained
with Nile Red was mapped using the same instrument. In the first of the three consecutive scans, a low-power
and short-exposure excitation by a green 532 nm laser was used to map chlorophyll fluorescence. In the second
scan, the full power of a 785 nm laserwas used for Ramanmapping of carotenoids. The third scanwas performed
again with the 532 nm laser to map non-fluorescent biomolecules such as lipids, proteins, starch, and
polyphosphates. Before the third scan, chlorophyll fluorescence was suppressed by photobleaching a wide area
using a strongly defocused 532 nm laser beam. Raman microscopy was used for the first time to localize
polyphosphate granules within a single algal cell in the context of other relevant bio-energetic structures.
The new information represents an opportunity for algal cell phenotyping.

© 2016 Published by Elsevier B.V.
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1. Introduction

Phytoplankton are responsible for net photosynthesis of the same
magnitude as terrestrial plants [1]. It is on this enormous scale that
microalgae and other photosynthetic microorganisms have used
sunlight since early in the evolution to produce energy-rich bio-
chemical compounds from CO2, H2O and inorganic nutrients [2].
This process remains a vital energetic driver of the entire biosphere,
including humankind, for which it serves as an origin of food, feed,
and multiple biomaterials and ecological services [3]. Microalgae
also significantly contributed to the petroleum reserves that fuel
modern transportation and provide essential raw materials for
industry [4].

Eukaryotic microalgae perform photosynthetic energy transduction
in chloroplasts, specialized organelles with thylakoid membranes [5].
Thylakoids contain chlorophyll and carotenoid pigment molecules that
serve to capture photosynthetically active radiation, providing energy
ular value decomposition.

oudříková),
om (V. Zachleder),
. Behrendt),
to oxidize H2O to O2 and to reduce CO2. Reserves of free energy that
are accumulated in this way are stored in the form of starch, lipids,
and polyphosphates.

Analytical methods such as mass spectroscopy [6], gas, and high-
pressure liquid chromatography or nuclear magnetic resonance [7] are
used to determine molecular structure and abundance of pigments,
starch, lipids, and polyphosphates in algal biomass, but are limited in
localizing these biomolecules in individual cells. Mapping of single
cells is currently mostly done by the optical microimaging of autofluo-
rescence and the emission of compound-specific fluorescent labels or
by element-sensitive scanning electron microscopy [8]. These methods
are typically used selectively to identify only one cellular structure.

Significantly, more demanding studies of energy transduction
and energy storage in microalgae require rapid and simultaneous
imaging of pigments and energy-storing molecules in a single cell.
Confocal Raman microscopy is a contactless, non-invasive and often
non-destructive method suitable for discrimination between cellular
structures of contrasting chemical compositions [9]. The method com-
bines advantages of Raman spectroscopy [10], a scattering variant of
vibrational spectroscopy, with confocal optical microscopy. Photons
that are inelastically scattered onmolecular vibrations provide valuable
information about molecular structures, conformations, interactions,
and the local environment of the molecules in focus, with a spatial
resolution of a few μm3. Raman microanalysis can be performed in situ

http://crossmark.crossref.org/dialog/?doi=10.1016/j.algal.2016.03.016&domain=pdf
http://dx.doi.org/10.1016/j.algal.2016.03.016
mailto:l.nedbal@fz-juelich.de
http://dx.doi.org/10.1016/j.algal.2016.03.016
http://www.sciencedirect.com/science/journal/
www.elsevier.com/locate/algal


1 The culture collection also describes the earlier taxonomic classification Scenedesmus
quadricauda (Turpin) Brébisson, (strain Greifswald) under which the organism was iden-
tified in numerous publications. The genus Desmodesmus (Chlorophyta, Chlorococcales,
Scenedesmaceae) was separated from Scenedesmus by An et al. in 1999 [39]. A later phy-
logenetic analysis based on plastid genomics has further distinguished D. quadricauda
from the closely related Desmodesmus communis [40].
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and does not require staining of the specimen. When an appropriate
experimental setup is used, Raman microspectroscopy can be used
inside living cells. This was shown for the first time on the yeast
Schizosaccharomyces pombe [11]. Although the Raman spectrum of
each chemical species bears a wealth of structural information, it can
also be taken simply as a spectral signature, a specific fingerprint of
the given chemical compound, and used for its identification and spatial
localization. Due to the linear relationship between Raman intensity
andmolecular concentration, Raman spectroscopy is particularly suited
for quantitative analysis. If confocal Raman spectra are scanned point-
by-point over the specimen, 2D or 3D Raman images can be constructed
to visualize the chemical composition of the scanned object.

Due to recent revolutionary advances in instrument technology and
signal/image-processing [9,10], confocal Raman microscopy and imag-
ing are increasingly being applied to biological samples including single
cells [12]. The application of Raman microscopy and imaging to photo-
synthetic organisms lags behind research of other biological systems
in which detection of Raman scattering is not hampered by the strong
autofluorescence of pigments [9]. Nevertheless, the technique was
used soon after construction of the first Raman microscope [13] to in-
vestigate hydrocarbons in Botryococcus braunii [14] and for an in situ
study of carotenoids in a single cell of Pyrocystis lunula [15]. The limita-
tion of the technique caused by strong autofluorescence of photosyn-
thetic pigments remains a major hurdle because the spontaneous
Raman scattering of the Stokes type can bemuch smaller than the fluo-
rescence background. New opportunities for reducing this problem
[16–19] are offered by non-linear coherent anti-Stokes Raman scatter-
ing (CARS) and stimulated Raman scattering (SRS) that detect signals
outside of the fluorescence emission range and increase Raman scatter-
ing signals, respectively. In spite of the progress in these emerging
techniques, conventional Raman microscopy remains an attractive op-
tion because of its robustness, affordable cost, and because it requires
only simple operator training. In particular, conventional Raman
microscopy remains widely used for the robust and relatively inexpen-
sive localization of pigments and lipids (for reviews see [20,21]). Raman
bands of carotenoids are relatively easy to detect because they are
resonantly enhanced in the visible part of the spectrum, typically
by 488, 514.5, and 532 nm laser excitations, as well as in the near infra-
red range, such as the frequently used 785 nm laser line [22]. Similarly,
a pre-resonance enhancement allows detection of chlorophylls by
Raman scattering of the near infrared 785 nm excitation [22]. Conse-
quently, Raman microscopy of pigments was successfully exploited,
for example, to investigate β-carotene and lipid accumulation in
nitrogen-starved Dunaliella tertiolecta [23]. Co-registration of the
resonance Raman signal from lipid-solubilized carotenoids, along
with endogenous autofluorescence of chlorophylls that visualizes
chloroplasts, was recently suggested as a label-free, diffraction-limited
method to localize lipid bodies and to quantify the lipid yield on a
single-cell basis in various microalgal strains instead of conventional
staining by Nile Red [24]. The current state of Raman spectroscopy of
microbial pigments with more examples can be found in a recent
review [25].

Another opportunity is offered by specific molecular vibrations that
are sensitive to the number of double bonds in fatty acid chains of lipids
[26]. This opportunity was exploited to determine the saturation degree
(iodine number) of neutral lipids in living algal cells [27]. Wider per-
spectives of the conventional Raman approach in algal lipidomics
were further explored in [28]. Recently, time-gated CARS microscopy
was used for the quantitative monitoring of lipid content and fluidity
at the subcellular level in the living microalgae Phaeodactylum
tricornutum, probing the inherent molecular vibrations of lipids [16].
Both spontaneous Raman and CARS spectra of triacylglycerols have
been used for imaging lipid droplets in themodel green alga Coccomyxa
under nitrogen depletion [18]. Accumulation of triacylglycerol lipids in
nitrogen-starved algal cells was studied by conventional Ramanmicros-
copy of whole cells in Huang et al. [29] and Wang et al. [30]. Another
type of lipid, triterpenes of B. braunii, were analyzed in Weiss et al.
[31]. Raman spectroscopy was also used to quantify macroscopic sam-
ples of algal biomass [32].

Starch serves in most microalgae as the primary, easy-to-mobilize
energy storage. The capacity of Raman microspectroscopy to quantify
cellular starchwas recently demonstrated in Chlamydomonas reinhardtii
and in Chlorella pyrenoidosa [33] and was suggested as an attractive
alternative to conventional analytical methods used in research and
industry. In an interesting application, the algal organelle, the pyrenoid,
which is surrounded by starch granules, was identified by Raman
microscopy as a carbonaceous kerogen in petrified Precambrian
microorganisms [34].

Polyphosphates are still largely enigmatic polymers that played a
significant role in biological evolution [35]. Quantification and localiza-
tion of polyphosphates within a single living cell remain a significant
challenge that limits a better understanding of these vital molecules
[36]. Confocal Raman microscopy was used for an in vivo study of
polyphosphate accumulation in vacuoles of the yeast Candida albicans
[37]. The potential of Raman microscopy in polyphosphate monitoring
was demonstrated with polyphosphate-accumulating bacteria that
are used in enhanced phosphorus removal from waste water [38].
Microalgae are also considered to be of enormous practical potential
in this process [61]. However, to the best of our knowledge,
polyphosphates in microalgae have not yet been studied by Raman
microscopy.

Here, we use conventional confocal Raman and fluorescencemicros-
copy for simultaneous detection and visualization of pigments, lipids,
starch, and polyphosphates in a single algal cell. For the first time,
we demonstrate that polyphosphate bodies can be localizedmicroscop-
ically in an algal cell by Raman spectroscopy. The sharp Raman peak
of polyphosphate at around 1158 cm−1 allows quantitation of the
polymer content in the structural and functional contexts of starch,
lipid, and pigment distributions.
2. Experimental section

2.1. Microalgae cultivation and sample preparation

The chlorococcal algaDesmodesmus quadricauda1was obtained from
the Culture Collection of Autotrophic Organisms, Institute of Botany
(CCALA, Czech Acad. Sci., Třeboň). This species is a well-studied model
organism with an interesting cell cycle during which a significant
accumulation of starch reserves occurs [41–43]. Its cells are also large
enough to allow good resolution of different cellular compartments.
D. quadricauda was cultivated in a glass tube with air bubbling as the
sole source of carbon and in a nutrient medium based on the chemical
composition of microalgal biomass as in Doucha and Lívanský [44], ex-
cept for nitrate as a source of nitrogen. The glass tubes with the algal
suspension were immersed in a thermostated waterbath (30 °C) and
exposed constantly to 200 μmol(photons) m−2 s−1 from a panel of
warm-white, light-emitting diodes.

Chlorella vulgaris, strain CCALA 256, was also obtained from
the culture collection in Třeboň and cultivated in a plastic V-bag
photobioreactor (NOVAgreen, Vechta-Langförden, Germany) in the
medium prepared according to Doucha and Lívanský [44] with urea
as a source of nitrogen. This species was selected for the Raman
experiments because it is used in the Forschungszentrum Jülich for
mass production of algal neutral lipids.
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To visualize lipid bodies, the cells were stained with Nile Red dye
[45], and 1 μl of 1 μM Nile Red (Polyscience Inc.) solution in dimethyl
sulfoxide was added to 100 μl of the cell suspension. The mixture
was incubated for 10 min at room temperature and afterwards
washed 3 times with deionized water to remove residual Nile Red and
dimethyl sulfoxide.

For Raman and fluorescence measurements, a fewmilliliter aliquots
of the culture suspension were taken and algae were harvested by
centrifugation. Excess medium was discarded, and the cells were
resuspended in a small amount of deionized water to acquire the
desired cell density (around 108–109 cells ml−1). We spread 3 μl of
this dense suspension as a thin layer between a quartz slide and a quartz
coverslip (diameter 20 mm, thickness 180 μm). Wet edges were dried
with blotting paper and sealed with a CoverGrip sealant (Biotium).
Such an immobilization was satisfactory for the large cells of
D. quadricauda. In the case of smaller and spherical C. vulgaris cells,
the slide was pre-coated with a thin layer of 2% agar gel to ensure
that the cells did not move during measurement.

2.2. Raman and fluorescence measurements

Raman and fluorescence spectra were acquired by a confocal Raman
spectrograph LabRam Evolution (Horiba Scientific) based on an inverted
microscope Eclipse Ti–U (Nikon) equipped with a water-immersion ob-
jective Plan Apo VC 60×, NA 1.20 (Nikon). The spectra were excited by
532 and 785 nm lasers and detected by a thermoelectrically-cooled,
open-electrode CCD detector (Symphony, Horiba Scientific). The excita-
tion power was adjusted by a set of neutral density filters, not exceeding
10 mW at the sample for both wavelengths (photon flux densities of
approximately 1011 μmol(photons)m−2 s−1 in the focus). 3D positioning
of the sample was assured by a high-precision, computer-controlled,
motorized microscope stage. A confocal pinhole of 50–100 μmwas used
to obtain spatially resolved Raman and fluorescence images. Due to the
combination of the LabRam spectrograph's 800 mm focal length with a
grating of 150 grooves mm−1, spectral ranges as wide as 5640 cm−1

and 2580 cm−1 were covered with 532 nm and 785 nm excitation,
respectively. The extra-wide spectral range was important, especially
for the 532 nm excitation, because we were able to acquire in one
shot at a fixed spectrograph position Raman spectra of characteristic
(200–1800 cm−1) as well as C–H/O–H stretching vibrations
(2700–3900 cm−1). For spectral calibration, an embedded automated
procedure (LabSpec6, Horiba Scientific) exploiting Rayleigh scattering
and the silicon Raman band at 520.7 cm−1 was used. The Raman spec-
trum of a polished silicon surface depending on defocusing of the laser
beam was used to assess the axial resolution of the apparatus. The full
width at half maximum of the integral 520.7 cm−1 silicon band signal
was estimated as 6 μmand 10 μm for the 532 nmexcitation and pinhole
sizes 50 μm and 100 μm, respectively; and 8 μm and 11 μm for the
785 nm excitation.

Three different measurement protocols were used to gain infor-
mation about the spatial distribution of different molecular species
in the cells:

(i) For themapping of chlorophyll fluorescence, a 532 nmexcitation
at 1 μWpower (i.e. 0.01% of themaximumpower available at the
sample) was used with an acquisition time of 2 × 0.1 s per point.

(ii) The785 nm laserwasused for Ramanmapping at full power, that
is, 10 mW, with an acquisition time of 2 × 0.1 s per point.

(iii) For the 532 nmmapping of non-fluorescent and non-resonantly
enhanced biomolecules, for example lipids, proteins, nucleic
acids, starch, and polyphosphates, chlorophyll fluorescence was
suppressed by wide-area photobleaching. The measured area
was exposed to a strongly defocused 10 mW 532 nm laser
beam (approximately 106–107 μmol(photons) m−2 s−1 at the
sample) until the fluorescence of chlorophyll was no longer
detectable. This took typically several seconds to 1 min. After
photobleaching, Raman mapping was performed using the
532 nm laser with 10 mW (100% of the full power available at
the sample; approximately 1011 μmol(photons) m−2 s−1) with
an acquisition time of 2 × 0.5 s per point. The wide-area
photobleaching of the entire cell by a defocused laser beam was
found to be more effective and much faster than the commonly
used full-power, in-focus photobleaching at each point prior
to measurement. Although photobleaching probably stops all
biochemical processes definitively, the life status of the cell is of
limited importance for Raman imaging of energy-storing biomol-
ecules because decomposition of respective intracellular struc-
tures is significantly slower than the acquisition time. It should
be emphasized that wide-area photobleaching at low photon
flux densities was found to be of prime importance for conven-
tional Raman imaging and a prerequisite for routine identifica-
tion and localization of non-fluorescent and non-resonantly
enhanced biomolecules within single algal cells.

2.3. Data treatment

All data processing was done using our own [46] Matlab codes
(Mathworks) based on singular value decomposition (SVD) [47]. The
SVD is amathematical procedure projecting a dataset ofN experimental
spectra measured at wavenumbers ν [Yi(ν)] into an orthonormal set of
functions [Sj(ν)] (denoted here as subspectra) according to Eq. (1),
where wj, so called singular values, are statistical weights of the
corresponding Sj(ν), and the elements Vij (denoted here as coefficients)
represent contributions of respective Sj(ν) to the given experimental
spectrum Yi(ν). Subspectra Sj(ν) are ordered according to gradually
decreasing values of wj so that each subsequent subspectrum covers
less significant variability within the original dataset. The minimum
number of subspectra that have to be linearly combined (Eq. (1)) to
retain original spectral information within the noise level determines
the dimensionality of the original dataset (denoted here as factor
dimension K). In the case of datasets coming from Raman mapping,
the factor dimension K is by orders smaller than the number N of
experimental spectra in datasets and this value can be guessed from
the plot of singular values wj versus their order j, and ideally its value
corresponds to the maximum number of spectrally distinguishable
structures present in the Raman image.

Yi νð Þ ¼
XN

j¼1
VijwjS j νð Þ: ð1Þ

Because only the first few subspectra [Sj(ν) for j ≤ K] bearmeaningful
spectral information, de-noised spectra can be obtained by neglecting
higher-order subspectra [Sj(ν) for j N K] in the linear combination
(Eq. (1)) [47]. Furthermore, subspectra provided by SVD of the raw
datasets consist of orthogonal contributions from Raman scattering as
well as from fluorescence emission, which presents in this case an
unwanted background to Raman features. Raman and fluorescence
contributions can be separated more easily and more consistently in
the space of subspectra than by treating each experimental spectrum
separately because time-consuming operations requiring supervision
must be carried out only on a limited number of subspectra. The
Raman and fluorescence images of the cells were constructed as fol-
lows: the SVD was performed on each dataset separately; the Raman
and fluorescence spectral contributions were separated in the space of
orthogonal subspectra by manually indicating points without Raman
signal and fitting them with polynomials or cubic splines. Separate
datasets of background corrected Raman and fluorescence spectra
were reconstructed as a linear combination of respective orthogonal
contributions. Afterwards, the SVD analysis was performed once more
on the separate datasets of background corrected Raman spectra [46].
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When only a specific part of the spectra was considered for analysis, the
background correction and SVD analysis were performed on this region
only.

The Raman images expressing spatial distribution of particular
biomolecules were constructed either from integral intensities of the
corresponding Raman markers or the corresponding coefficients Vij
provided by SVD analysis of particular spectral intervals of properly
background-corrected and normalized spectra to suppress false
variability caused by factors other than real spectral differences.

Chlorophyll and Nile Red contributions to the fluorescence spectra
were analyzed in the spectral regions restricted to their respective
emissions. For a precise assessment of the position of the chlorophyll
fluorescence band, the top part of the band (676–695 nm) was fitted
with a Lorentzian curve.

3. Results and discussion

3.1. Distribution of biochemical species inside a D. quadricauda coenobium

Coenobia ofD. quadricauda cells typically consist of four or eight cells
that can be inspected by optical bright-field microscopy (Fig. S1;
Supplementary material). Corresponding images can also be obtained
with the Raman microscope (Fig. 1A) that is, however, optically
optimized for Raman scattering — a feature that often leads to lower
quality optical images. Nevertheless, chloroplasts (green regions of
the cells) or pyrenoids (large circular structures located inside the
chloroplasts, indicated by blue arrows in Fig. 1A) are still visible. The
pyrenoids that serve to concentrate CO2 in the vicinity of ribulose-
1,5-bisphosphate carboxylase/oxygenase [48] were, in our experi-
ments, particularly well developed because the culture was grown
in air that was not enriched with CO2.

Three consecutive mapping measurements according to protocols
presented in the Experimental section (i–iii) were performed on the
coenobium as shown in Fig. 1A. Consequently, three sets of spectra
were obtained from the same cell using the same apparatus. The three
spectra from one specific point, indicated in Fig. 1A by a red arrow, are
shown in Fig. 1B–D. This particular pointwas selected for illustration be-
cause it contained contributions from multiple relevant biomolecules.
The chlorophyll fluorescence emission spectrum shown in Fig. 1B was
excited by the 532 nm laser attenuated to 1 μW. In spite of strong
attenuation, the photosynthetic photon flux density during the
measurement was approximately 3 orders of magnitude larger than
the actinic irradiance used to elicit a transient chlorophyll fluorescence
in an earlier microscopic application [49]. Considering, however, that
the in-point exposure was for only 0.2 s and that the highly
Fig. 1. (A) A brightfieldmicroscopic image of aD. quadricauda coenobium. Green regions contai
The red arrow indicates the spot from which fluorescence and Raman spectra in panels B–D w
emission spectrum excited by the 532 nm laser, 1 μW power; (C) Raman spectrum of caroten
spectrum, excitation laser 532 nm, 10 mW power. Spectra C and D were background-cor
subtraction are shown in Supplementary Fig. S2). All three measurements were perform
fluorescence spectrum (A) is shown conventionally on the wavelength scale (nm), wherea
spectral interval shown in (B) corresponds to 2668–6749 cm−1. The wavenumber interval sho
detector size when using a longer excitation wavelength and because the region of C–H/O–
limited sensitivity of the silicon CCD detectors above 1000 nm.
monochromatic laser light was green rather than white, one could an-
ticipate that the exposure during the short fluorescence measurement
would not lead to irreversible photoinhibition or bleaching. This was
further supported by reproducing the result in several sequentially re-
peated measurements (not shown).

Aftermeasuring chlorophyll fluorescence,we probed the exact same
area with the 785 nm laser at 10mWpower to localize carotenoids and
chlorophylls within the coenobium bymeans of their Raman scattering.
A typical in-point Raman spectrum excited by 785 nm, exhibiting
chlorophyll and carotenoid contributions [22,25], is shown in
Fig. 1C. The Raman features were resonantly enhanced probably by
a π-electron/phonon coupling and excitonic interactions [22,50,51]
and superimposed at the low-energy edge of chlorophyll fluores-
cence. The result is consistent with Raman spectra obtained from
whole microalgal cells using the same excitation wavelength [22].

Further, pigment autofluorescence was eliminated by photobleaching
using a wide-field mode of illumination with a strongly defocused
532 nm laser as described in the Experimental section.With the pigments
bleached, Raman spectra of non-pigmented molecules excited by the
532 nm laser of 10 mW power emerged from the background (Fig. 1D).

A crude interpretation of such complex Raman spectra can be
qualitatively performed by comparison with spectra of pure chemical
species. Typical Raman spectra of selected model biomolecules, namely
of proteins (bovine serum albumin), a lipid mixture (vegetable oil),
DNA (calf thymus), RNA (polyA–polyU), potato starch, β-carotene,
and sodium hexametaphosphate, are shown in Fig. S3 (Supplementary
material). For instance, two strong Raman bands at ~1153 and
~1523 cm−1 observed in the 785 nm-excited spectrum (Fig. 1C) can
be attributed to carotenoids, since the same pair of bands dominates
Raman spectrum of pure β-carotene in solution [22] (see also Fig. S3;
Supplementary material). The bands around 743, 913, 1326 and
1439 cm−1 in Fig. 1C belong to chlorophylls since the band positions
and relative intensities correspond well to those of 785 nm-excited
Raman spectra of chlorophyll a in solution, as reported previously by
Wood et al. [22].

The small band at 795 cm−1 in the 532 nm-excited Raman spectra in
Fig. 1D can be roughly attributed to mixed scattering by nucleic acids
and the quartz slide/coverslip. The bands at 1447 and 1651 cm−1

predominantly represent scattering by lipids and proteins, since the
respective Raman features can be found in the spectra of the pure
species (Fig. S3; Supplementary material). Minor contributions to
the broad maximum at 1651 cm−1 are also expected from water
(~1640 cm−1) and nucleic acids (1665 and 1689 cm−1). The Raman
band centered at ~2936 cm−1 (Fig. 1D) can be attributed to various
C–H stretching vibrations in all biomolecules with CH, CH2 and CH3
n chloroplastswhereas the large circular structures indicated by blue arrows are pyrenoids.
ere taken. The scale bar at the bottom corresponds to 15 μm. (B) Chlorophyll fluorescence
oids and chlorophylls, excitation laser 785 nm, 10 mW power; (D) multispecies Raman
rected and de-noised using a SVD-based treatment (the spectra prior to background
ed using 50 μm pinhole size. The spectra are shown in arbitrary units. Note that the
s the Raman spectra in (B and C) are presented on the wavenumber scale (cm−1). The
wn in Fig. 1C is smaller than in Fig. 1D because of a smaller spectral interval that fits the
H stretching vibrations above 2700 cm−1 was omitted from data treatment due to the
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groups, albeit in different quantities. Finally, the broad and intense
Raman band centered at 3417 cm−1 belongs mainly to the O–H
stretching vibrations of water molecules. Other biomolecules
have a much larger intensity ratio between their Raman bands in
the characteristic (200–1800 cm−1) and the stretching regions
(2700–3900 cm−1) and, thus, one can conclude that their contribution
to the 3417 cm−1 band is negligible (Fig. S3; Supplementary material).

The in-point Raman spectra introduced in Fig. 1B–D were subse-
quently collected over the entire area of the coenobium. Raman contri-
butions from individual points can be averaged to yield a mean “whole
cell” spectrum consisting of contributions from all biomolecules present
in the cell (Fig. S4; Supplementary material). Similar “whole cell”
spectra of microalgae can be also collected experimentally by using a
Raman microscope with a low-magnification objective. Reduced light-
collection efficiency of these objectives, however, often implies a poor
signal-to-noise ratio allowing identification of only the most abundant
[28] or of resonantly enhanced chemical species [22].

More importantly, the scanningmode of Ramanmeasurement using
high-resolution objectives can easily reveal cellular regions that are
dominated by a particular compound. Fig. 2A shows a map of total
Raman intensity integrated over the entire fingerprint spectral region
(620–1800 cm−1). By scrolling through the spectra of individual points,
one can identify cellular regions where Raman spectra show primarily
the contribution of starch (Fig. 2B). The red trace at the top of Fig. 2B
shows such a spectrum as compared to the pure starch spectrum
shown by the grey line below. The point at which the starch spectrum
was found was in the proximity of the pyrenoid (see Fig. 1A, where
pyrenoids are indicated by blue arrows). Similarly, this approach can
identify regions containing predominantly proteins (middle trace in
Fig. 2B), and polyphosphates (bottom trace in Fig. 2B). For spectra
from more locations on the map, see Fig. S5, Supplementary material.
The dark area around the coenobium is dominated by Raman
signals of quartz and water from the microscope slide/coverslip
and surroundings, respectively (Fig. S5).

Clear spectral signatures shown in Fig. 2B are relatively rare. Cellular
structures typically contain multiple chemical species in the excitation
volume. This can be illustrated by the fact that the prominent band of
the protein Amide I vibration at around 1650 cm−1 [52] is present
even in cell volumes where the Raman spectra indicate the prevailing
presence of, e.g., starch or polyphosphate (Fig. 2B). The intuitively
most straightforward method to identify and visualize contributing
components is by using characteristic spectral bands of particular chem-
ical species. However, this could lead to a wrong interpretation when
two or more species have some of their prominent spectral bands at
Fig. 2. (A) Raman image of D. quadricauda coenobium showing spatial distribution of integral R
(red lines) of cellular regions that are indicated by the blue dots in the panel A. The spectra a
albumin as a model for proteins (middle), and sodium hexametaphosphate as a model for pol
similar or even identical positions. For example, the 1160 cm−1

Raman band was assigned in [28] to C–H stretching vibrations of
algal carotenoids without noticing that the other characteristic
carotenoid band at 1521 cm−1 (CC stretching) was absent (see also
Supplementary Fig. S3 for the spectrum of β-carotene). More likely,
one can assume that the single dominant peak at around 1160 cm−1

in [28] indicates presence of polyphosphates rather than carotenoids
(Fig. S3).

Another important issue regarding the separation of spectral contri-
butions from chemically different species is that reference spectra of
chemically pure substances may be spectrally altered due to mutual
interactions and different molecular environments in the cell [9]. Last
but not the least, deconvolution into spectral contributions of pure
chemical species by various methods based on least-square fitting [53]
may lead to over-interpretation because the total number of compo-
nents present in a particular pixel is not a priori known, and thus,
a better fit may be obtained by adding an extra spectral component
in spite of the fact that the corresponding chemical species is absent.
Imaging methods relying on deconvolution into an arbitrarily
specified number of a priori known pure components often provide
unrealistic Raman images of the cells and tissues, revealing spectral
and morphological differences beyond plausibility limits [54].

These are the reasons why we prefer to determine the number
of spectrally distinguishable Raman components contributing to the
dataset using an unsupervisedmultivariate method based on a singular
value decomposition (SVD) [47,55]. The method identifies a set of
independent spectral components that can be linearly combined to
generate a close fit of each measured Raman spectrum [47]. These
basic spectral components, here further called subspectra, cannot be
directly linked to particular chemical species but have an advantage
of being orthonormal, that is, their amplitude is 1 (the condition of
normality) and mutually independent (the condition of orthogonality).
The first SVD subspectrum S1(ν) is usually indistinguishable from the
mean spectrum of a given dataset that is characterizing Raman signals
over all pixels in the image [47]. The coefficients Vi1 in Eq. (1) represent
relative amplitude by which this first subspectrum S1(ν) contributes to
the spectrum Yi(ν) from the pixel i. If, for example, two chemical species
would be dominating Raman scattering of the investigated cell, both
their spectrawould be represented in thefirst subspectrumwith contri-
butions proportional to the respective concentrations and Raman
scattering strength. The second subspectrum S2(ν) represents a first
order correction to the mean spectrum that can be applied linearly in
all pixels of the image. With two dominant chemical species in the
cell, the second subspectrum would have high amplitudes at the
aman intensity over the fingerprint spectral region (620–1800 cm−1). (B) Raman spectra
re compared with typical spectra of reference biomolecules: starch (top), bovine serum
yphosphate (bottom).
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wavenumbers where the Raman spectra of the two substances differ
strongly, and its amplitudes would have different+/− signs for charac-
teristic bands of each of the substances. Higher order SVD subspectra
identify spectral regions where Raman differences due to more bio-
chemical species occur. Discrimination between contributions of C–H
vibrations in different chemical species is illustrated in Fig. S6 of the
Supplementary material. Once the high order subspectrum becomes
dominated by noise rather than by varying concentrations of chemical
species, the SVD singular value wi sharply drops and decomposition
can be stopped. This feature also offers a good opportunity to rationally
eliminate noise without applying the conventional smoothing filters
(Savitsky-Golay, FFT) that deform the shape of Raman bands.

Distribution of carotenoids, polyphosphates, and starch within the
D. quadricauda coenobium shown in Fig. 1A was investigated by the
SVD analysis and is presented in Raman maps in Fig. 3A–C. We con-
structed these maps from the first SVD coefficients, applying
the deconvolution to different spectral regions. For the Raman map
of carotenoids (Fig. 3A), we took into account the spectral intervals
covering two major carotenoid bands (1121–1165 cm−1 and
1493–1542 cm−1) in Raman spectra excited with the 785 nm laser.
These two major carotenoid bands can also be found in the chlorophyll
fluorescencemeasurementwith low power 532 nmexcitation (Fig. 1B).
However, in this measurement, the carotenoid resonance Raman signal
Fig. 3. Raman maps of carotenoid (A), starch (B), and polyphosphate (C) distribution accord
integrated between 676 and 695 nm. (E) Variability of the exact position of the fluorescence m
was relatively weak due to the low laser power, and thus the signal-to-
noise ratio was inadequate, and the Raman signal is not apparent in
Fig. 1B. Interestingly, as seen in Fig. 3A, carotenoids were found to be
non-uniformly distributed in the coenobium under investigation. The
two cells in the lower part of the coenobium image in Fig. 3A exhibit
more carotenoid Raman scattering than the other two cells. We have
consistently observed this type of variability in multiple coenobia, re-
gardless of the direction in which the cells were scanned by the laser.
Therefore, we conclude that this variability in the carotenoid Raman sig-
nal cannot be an artefact caused by photobleaching or other
illumination- and scanning-related artifacts.

For starch distribution (Fig. 3B), we analyzed the Raman signal
of the 532 nm excited spectra of the photobleached cells, using the
SVD analysis in the range of 803–977 cm−1, where the two starch
bands with maximums at 864 and 939 cm−1 are visible [33]. Consis-
tent with our expectations, starch accumulated mainly around the
pyrenoids, which assimilate CO2 (Fig. 3B) [56]. For position of
pyrenoids inside the cells see Fig. S1 in the Supplementary material
and electron photomicroscopy in [57].

For polyphosphate localization, the same spectra were used as in the
case of starch, but the SVD analysis was applied selectively to the range
of 1127–1197 cm−1, where the sharp polyphosphate band at around
1158 cm−1 is expected [37,38] (see also Fig. S3 in the Supplementary
ing to the SVD analysis of Raman spectra. (D) Intensity map of chlorophyll fluorescence
aximum.
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material). Carotenoids also possess a sharp Ramanmarker in this region
[25], but in the case of the coenobium under investigation, their signal
was completely eliminated by photobleaching. This was confirmed
by the absence of the other sharp carotenoid Raman marker at
1524 cm−1. In the coenobium, we found polyphosphates in the form
of several small bodies in each cell (Fig. 3C). This finding agrees
with the earlier localization that was done with 4′,6-diamidino-2-
phenylindole staining [58]. In contrast to this fluorescence-basedmeth-
od, Raman microscopy does not require staining, and the measured
signal is proportional to the amount of vibrating atoms and thus to
polyphosphate quantity.

Fig. 3D–E reports on the chlorophyll fluorescence thatwasmeasured
by the same instrument on the same coenobium. Chlorophylls (Fig. 3D)
and carotenoids (Fig. 3A) cooperate on harvesting the light energy for
photosynthetic energy conversion [59]. We investigated chlorophyll
distribution using fluorescence emission excited by a strongly attenuat-
ed 532 nm laser scanning over the entire coenobium area. The map in
Fig. 3D shows the intensity of the emission that was integrated in
the range 676–695 nm (4000–4400 cm−1). One may expect that the
signal is proportional to chlorophyll concentration and modulated
by re-absorption of the pigment molecules in densely packed thyla-
koids. The chlorophyll distribution has the expected concave shape
representing a chloroplast. Interestingly, the position of the chlorophyll
emissionmaximum slightly varied (Fig. 3E), which we tentatively attri-
bute to reabsorption of the emitted fluorescence light. The reabsorption
together with emission amplitudemay provide an insight into the third
dimension of chlorophyll distribution. Fig. 3D and E illustrate the possi-
bility to co-register confocal fluorescence spectra of pigments along
Fig. 4. (A) A bright field microscopic image of a single cell of C. vulgaris, strain CCALA 256. The b
532 nm laser (1 μW power) and detected by integrating the fluorescence signal between 5
fluorescence and evaluated from the same dataset as in (C), see the Experimental section
695 nm. (D) The first two SVD subspectra S1(ν) and S2(ν) of the C–H stretching vibrational
respectively. (E) Raman map according to the coefficient Vi1 of the first subspectrum S1(
discriminating presumably between the C–H stretching vibrations of neutral lipids (blue) and
image constructed by SVD methods simply from C–H signal of thylakoid membranes is perfect
with confocal Raman spectra of other biomolecules from the same cell
and using the same device.

3.2. Distribution of lipids inside a C. vulgaris cell

In D. quadricauda, energy is stored primarily in the form of starch,
as documented in Fig. 3B. In C. vulgaris, strain CCALA 256, energy can
be also stored in neutral lipids, which are routinely visualized by Nile
Redfluorescent dye [45]. Fig. 4 shows that the same confocal Ramanmi-
croscope can be used for convenient detection of Nile Red fluorescence
localizing neutral lipids and that this signal is perfectly co-localizedwith
the correspondingRaman signal fromneutral lipids. Themaps in Fig. 4B,
C, E, and F were acquired with a step of 0.5 μm, otherwise the experi-
mental conditions were the same as for D. quadricauda cells above, see
the Experimental section for details.

According to Fig. 4B, Nile Redfluorescencewas foundpredominantly
in the upper left quadrant of the cell image (Fig. 4A). Chlorophyll was
localized by its fluorescence emission in the lower right quadrant of
the image, to which the concavely shaped chloroplast was pressed.

We also visualized lipid distribution without any staining, by apply-
ing the SVD analysis to the 532 nm excited Raman dataset (Fig. 4D–F).
The first subspectrum S1(ν) of a SVD analysis of the C–H stretching
vibrations region (2700–3100 cm−1) multiplied by its corresponding
singular value is shown in red in Fig. 4D.

Although many types of biomolecules possess carbon–hydrogen
groups and thus exhibit prominent Raman bands in this region, it can
be deduced merely from the characteristic shape of the subspectrum
S1(ν) that, in this case, the region bearsmainly spectral features of lipids
ar corresponds to 7 μm. (B)Map of fluorescence of Nile Red of the same cell, excited by the
35 and 633 nm. Nile Red fluorescence was measured simultaneously with chlorophyll
for details. (C) Intensity map of chlorophyll fluorescence integrated between 676 and
region, 2700–3100 cm−1, multiplied by their corresponding singular values w1 and w2,
ν). (F) Raman map constructed from the coefficients Vi2 of the second subspectrum,
those of thylakoid membranes and proteins in chloroplasts (red). Note that the Raman
ly co-localized with the intensity map of chlorophyll fluorescence.
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(see also Supplementary Fig. S3). Correspondingly, the Raman image
according to coefficients Vi1 of the subspectrum S1(ν) exhibits maxima
in the upper left quadrant of Fig. 4E, where lipids have been localized
by Nile Red staining. The signal also stretches at a significantly lower
amplitude to the lower right quadrant of Fig. 4E where it presumably
originates in C–H vibrations of lipid and protein components of the
thylakoid membranes.

The SVD analysis also yields the second subspectrum S2(ν) (blue line
in Fig. 4D) that reveals a difference between C–H vibrations in lipid
bodies (deep blue in the upper left quadrant of Fig. 4F) and the same
vibration of membrane lipids and proteins in thylakoids (dark red in
the lower right quadrant of Fig. 4F). This unique capacity to identify
and localize cellular regions with slightly different vibrational signa-
tures further documents the potential of the technique in lipidomics
and in algal phenotyping.

4. Conclusions/outlook

The results presented here demonstrate that hyperspectral imag-
ing combining conventional Raman scattering and fluorescence
emission with a multivariate SVD analysis represents a powerful
tool to localize simultaneously chlorophylls and carotenoids of the
photosynthetic apparatus along with the main energy-storing struc-
tures: starch granules, polyphosphate, and lipid bodies. We achieved
this on a single-cell level without staining using conventional Raman
microscopy. Characterization of individual algal cells will enable
routine Raman- and autofluorescence-based phenotyping of algae.
Besides research towards enhanced production of lipids, proteins
and starch, the method paves a way for spectroscopic investigation
of the algal luxury uptake of phosphorus and of the accumulation
of polyphosphates. Our understanding of these crucially important
processes has been hampered by a lack of more powerful methods
[36]. The relevance of this aspect is further enhanced by growing
interest in utilizing luxury phosphorus uptake by algae [60] to
sequester phosphate from waste streams [61].

Supplementary data to this article can be found online at http://dx.
doi.org/10.1016/j.algal.2016.03.016.
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Figure S1. A bright field microscopic image of a D. quadricauda coenobium cultivated under 
the same conditions as the coenobia in figures 1-3 and S2, S4-S6 (see Experimental section 
for details of the cultivation protocol). Pyrenoids are seen as large spherical bodies in the 
middle of chloroplasts near to the external side of the cell wall, as indicated by an arrow in the 
upper cell. Samples were observed with an Olympus BX 51 microscope. Photomicrographs 
were taken with a digital camera DP72. 

  



 

Figure S2. Raman spectra from a spot in a D. quadricauda coenobium that is indicated by a red arrow 
in Fig. 1A. The spectra correspond to the spectra in Fig. 1C and 1D, respectively, and are shown 
before background subtraction. (Left) Raman spectrum of carotenoids and chlorophylls, excitation 
laser 785 nm, 10 mW power; (Right) multispecies Raman spectrum, excitation laser 532 nm, 10 mW 
power. Spectra were de-noised using a SVD-based treatment, see Experimental Section for details. 



 

Figure S3. Typical Raman spectra of pure substances excited by a 532 nm laser, 10 mW power. These 
spectra were acquired using the same experimental conditions as for Raman spectra of cells, except for 
sometimes a longer acquisition period to reduce noise. The spectra were measured from a drop of an 
aqueous solution of the respective biomolecule on a quartz coverslip that was let to dry. However, the 
broad band of water OH stretching vibrations at approximately 3400 cm-1 is still visible in the spectra. 
Vegetable oil was measured as a drop on a quartz coverslip. β-carotene was dissolved in vegetable oil 
and measured as a drop on a quartz coverslip, and the oil spectrum was subtracted. Spectra of pure 
water and quartz are also shown in the figure to highlight expected spectral contributions from the 
quartz microscopic slides and coverslips, and the surrounding aqueous medium. The spectra were 
normalized to their respective maxima. 



 

Figure S4. Mean Raman spectrum (excitation 532 nm) in the fingerprint region (620 – 1800 cm-1) 
averaged over the entire coenobium shown in Fig. 1A. 

  



 

Figure S5. (A) A bright field image of the D. quadricauda coenobium shown also in Fig. 1A. Red 
circles indicate spots in which Raman spectra shown in panel B were taken. (B) Raman spectra from 
different locations in the coenobium of D. quadricauda (red lines 1-16). Different contributions of 
starch (bands at 865, 940, 1128 and 1341 cm-1), proteins (1003, 1450 and 1657 cm-1) and 
polyphosphates (1165 cm-1) are clearly visible even in the raw spectra. Outside of the cells (spectra 1, 
2, 15 and 16), only the contribution of water and quartz from the slide/coverslip is visible. A linear 
combination of in vitro acquired water and quartz spectra is shown in grey. 



 

 

Figure S6. The C-H bonds (e.g. as a part of CH3 and CH2 groups) are ubiquitous among biomolecules 
and the corresponding Raman band of the C-H stretching vibration in the 2700–3100 cm-1 region is 
spread over the cell volume. However, for different molecular species, this band has a somewhat 
different position, shape, and intensity (see also Fig. S3). This could be demonstrated by a SVD 
analysis of this band. A map constructed from Vi1 coefficients belonging to the first SVD subspectrum 
S1(ν) that represents the mean of all C-H contributions is shown in (B), and the subspectrum S1(ν) 
(multiplied by a corresponding singular value w1 to better illustrate different statistical weights) is 
shown by the red line in (A). The second SVD subspectrum S2(ν) that is shown by the blue line in (A) 
identifies the major spectral difference in the shape of this band. The map according to Vi2 coefficients, 
belonging to the second subspectrum S2(ν), clearly differentiates between two cellular regions, one 
predominantly in and around pyrenoids and one filling the cellular space outside of pyrenoids. The 
underlying biomolecular species mostly contributing to these observed differences can be identified by 
the shape of the second subspectrum as compared to Raman spectra of biomolecules, and by the 
Raman map (C), as starch (red regions) and proteins (dark blue regions). 



 

 

Figure S7. C. vulgaris cells cultivated under the same conditions as the cell in Fig. 4 (see 
Experimental section for details of the cultivation protocols and staining). The cells were stained with 
Nile red, intracellular lipid droplets are shown in yellow. Briefly, 1mL of the cell suspension was fixed 
with glutaraldehyde at a final concentration of 0.25% (v/v) and stained with 4 µL of Nile Red (Sigma-
Aldrich, N3013) stock solution (0.5 mg/mL of acetone) that was stored in the dark at 4°C. Samples 
were observed after 5 minutes using an epifluorescence Olympus BX 51 microscope equipped with a 
filter combination U-MNU2 (360–370 nm excitation and > 420nm emission). Photomicrographs were 
taken with a digital camera DP72. 
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Microalgal cells possess a vast diversity of subcellular structures and cytoplasmic inclusions differing in their

morphology, functionality, and composition, some of them giving rise to distinct Raman spectral signatures

allowing their identification, localization, and visualizationin situ. Here, we show that certain Raman features ob-

served in Raman spectra of microalgae can be unambiguously attributed to guanine microcrystals because they

are clearly distinct from Ramanfingerprints of closely related purine species. Using confocal Raman microscopy,

we have localized crystalline guanine as a part of cellular inclusions in the chlorophyteDesmodesmus quadricauda

and in the eustigmatophyteTrachydiscus minutus. We propose that thisfinding also explains the chemical nature

of similar nitrogen-rich crystalline structures recently documented in a number of other chlorophyte species by

energy-dispersive X-ray spectroscopy. To the best of our knowledge, this is thefirst Raman microscopy-based di-

rect evidence of the presence of guanine microcrystalline inclusions within microalgal cells. We tentatively pro-

pose that the crystalline guanine serves as a very compact, long-term depot of nitrogen in microalgae. Simplicity

of specimen preparation requiring nofixation, labeling, or staining of the cells predetermines Raman microscopy

as a method of choice for more advanced studies of the physiological role of guanine particles, as well as other

crystalline inclusionsin situwithin intact cells.

© 2017 Elsevier B.V. All rights reserved.
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1. Introduction

Microalgae use sunlight to produce depots of high free energy con-

tent such, as lipid, starch, or polyphosphate bodies, as well as to accu-

mulate reserves of nutrients, such as carbon, phosphorus, sulfur, or

nitrogen. Tapping these depots offers a great biotechnological potential

[1–3]. Their assessment currently relies largely on extraction and chem-

ical analysis of bulk algal biomass by gravimetry[4,5], spectrophotome-

try and colorimetry[6], mass spectrometry[7,8], gas and high-pressure

liquid chromatography[8,9], or nuclear magnetic resonance[9,10].Ona

more refined level, these methods can be targeted to a certain com-

pound and/or cellular compartment to track down the origin of the in-

vestigated chemical within the cell[11–13].
copy; FWHM, full width at half

SIMS, nanoscale secondary ion

ission electron microscopy.

y of Mathematics and Physics,

h Republic.

.

Further improvement is available from methods allowing rapid,

and simultaneous, identification and quantification of various bio-

molecules at the single-cell or even subcellular level. This is particu-

larly important when working with heterogeneous cultures

composed by cells in different physiological states and/or in different

phases of their cell cycle. For imaging morphology and elemental/

molecular composition of individual cells, microfluorescence[14,

15]and analytical electron microscopy[14]are the most exploited

methods. Recently, analytical capabilities of (electron) microscopy

complemented by energy-dispersive X-ray spectroscopy (EDX)[14,

16], secondary ion mass spectrometry (SIMS)[17], confocal Raman

microscopy (micro-RS)[18], or combinations thereof, started to be

used in algal studies because of their rich information content. Each

method has its advantages, limitations, and information costs.

Nanoscale SIMS (nano-SIMS) is an extremely sensitive mass spectro-

metric technique for determining the elemental, isotopic, or even

molecular composition of a solid sample surface with a lateral reso-

lutionb50 nm[19]. Similarly, analytical electron microscopy, includ-

ing EDX, provides invaluable information on morphology and

elemental composition. However, for imaging by nano-SIMS or

EDX, the cells must be laboriouslyfixed, dried, and immobilized on

http://crossmark.crossref.org/dialog/?doi=10.1016/j.algal.2017.02.009&domain=pdf
http://dx.doi.org/10.1016/j.algal.2017.02.009
mailto:mojzes@karlov.mff.cuni.cz
http://dx.doi.org/10.1016/j.algal.2017.02.009
http://www.sciencedirect.com/science/journal/
www.elsevier.com/locate/algal
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a conducting surface or embedded in conducting resin. The complex

sample preparation makes these low-throughput methods prone to

artifacts arising from cellfixation,washing,stainingand/orsection

preparation. Finally, elemental analysisper seis often insufficient

for molecular identification.

Raman microscopy is a contactless, rapid, non-invasive, and often

non-destructive method combining the advantage ofmolecularspec-

ificity of vibrational spectroscopy with a spatial resolution reaching

the diffraction limit provided by confocal optical microscopy[20].

The application of micro-RS in biology is rapidly increasing[21]be-

cause it can provide biochemical and structural information without

extensive sample preparation (e.g.,fixation, staining, drying, cut-

ting) and, in some cases, even on living cells[22]. Regarding

microalgae, micro-RS was recently shown to be particularly interest-

ing for the simultaneous detection and imaging of dense sub-cellular

structures with a relatively homogenous chemical composition, such

as starch grains, lipid bodies, or polyphosphate (polyP) granules

[18], avoiding their staining or extraction.

In a similar way, confocal micro-RS might be useful forin situex-

press identification and imaging of crystal-like inclusions, profiting

from the high local concentration and highly ordered structure of

the molecular species of interest in such crystalline inclusions

resulting in strong, sharp, and distinct Ramanfingerprints facilitat-

ing spectral assignment. The crystal-like structures suitable for iden-

tification with micro-RS are exemplified by the vacuolar inclusions in

a symbiotic dinoflagellate,Symbiodinium microadriaticum, which

were long misidentified as calcium oxalate[23]. Only recently,

using advanced imaging and analytical techniques (energy-filtered

TEM analysis and mass spectrometry), these crystals have been

shown to be composed of uric acid[24]. The microcrystals laborious-

ly isolated from the cells of a free-living dinoflagellateGonyaulax

polyedrahave been identified as guanine[25]according to the ultra-

violet absorption spectra of their solution in hydrochloric acid, while

vacuolar crystal-like particles found in calcareous dinophyte cells

have been assumed to be calcite based simply on their solubility in

acids[26]. In spite of a long research history, precise molecular com-

position of diverse crystalline inclusions was rarely investigated by

analytical methods. It is possible that some of them have been

assigned erroneously, and that re-examination of their true nature

is warranted[24].

The physiological significance of crystalline inclusions consisting

ofpurine derivatives also remains elusive although a number of their

potential functions were suggested, including phototaxis[27],de-

toxification[28], bioluminescence[25], and nitrogen storage

[29–31]. Insight into their physiological role is obviously limited by

the lack of rapid and reliable high-throughput methods for their un-

ambiguous identification and documentationin situ,whichwould

not require extraction or complicated sample preparation.

Here, we demonstrate the simplicity and straightforwardness of

micro-RS-based identification of guanine as a principal component

of the crystal-like inclusions in the cells of the chlorophyte

Desmodesmus quadricaudaand the eustigmatophyteTrachydiscus

minutus. We also compare our results with recent independent

observations of nitrogen-rich crystalline vacuolar inclusions by ana-

lytical electron microscopy in a number of other chlorophyte species

[16].

2. Experimental section

2.1. Chemicals

All chemicals used for the preparation of cultivation media, prox-

ies of biomolecules used as references of pure species (mixture of

neutral lipids,β-carotene, starch, bovine albumin, RNA, DNA, sodium

hexamethaphosphate), purine bases (guanine, adenine, xanthine,

hypoxanthine, uric acid), and a related nucleoside, guanosine, have
been obtained from Sigma-Aldrich in the highest purity grades. For

cell immobilization, 1% aqueous solution of low-gelling agarose

(Type VII, meltingT= 65 °C, gellingT= 28 °C, Sigma-Aldrich) was

used.

2.2. Algal cultivation

Algal cultures of a chlorophyte D. quadricauda and a

eustigmatophyteT. minutuswere obtained from the Culture Collection

of Autotrophic Organisms, Institute of Botany (CCALA, Czech Academy

of Sciences, Třeboň, Czech Republic). Both species have been studied

as model organisms with an interesting cell cycle during which a signif-

icant accumulation of starch or lipid reserves occurs[32–36]. Their cells

are also large enough to allow good resolution of different cellular

compartments.

D. quadricaudawas cultivated in 100-mL glass tubes bubbled with

air enriched to 2% CO2(flow rate 350 mL·min
−1) as the sole source of

carbon, at 30 °C. The nutrient medium, according to Zachleder andŠetlík

[37], contained KNO3as the sole source of nitrogen. The glass tubes with

the algal suspension were exposed to 200μmol (photons)·m−2·s−1

from a panel of warm-white light-emitting diodes in a 15 h/9 h light/

dark cycle. Optionally, an aliquot of the cell culture was kept without

aeration at room temperature either in darkness or in light for up to sev-

eral hours prior to the Raman measurement with regular manual

shaking.

T. minutuswas batch-cultivated in 50-mL BBM medium[38]buff-

ered to pH 7.5 with 15 mM HEPES and modified to contain 1 mg·L−1

molybdenum at 22 °C and air bubbling in a 12 h/12 h light/dark cycle

under irradiance of 400μmol (photons)·m−2·s−1from white light-

emitting diodes. The cells were harvested in the early stationary phase.

2.3. Raman microscopy

For Raman measurements, 1 mL aliquots of the culture suspension

were taken and algal cells were harvested by centrifugation (2000 ×g

for 30 s). Excess medium was discarded and the cell pellet was re-

suspended in an appropriate amount of 1% solution of low-gelling aga-

rose (T= 35 °C) to obtain cell density of around 108–109cells·mL−1.

ThreeμL of this dense suspension were spread as a thin layer between

a quartz slide and a round quartz coverslip (diameter 20 mm, thickness

180μm). Wet edges were dried with blotting paper and sealed with a

CoverGrip sealant (Biotium). Such an immobilization ensures that the

cells do not move during the measurement. The contribution of 1% aga-

rose to the Raman spectra of the immobilized cells was negligible

(Fig. 4).

Raman spectra ofD. quadricaudawere acquired with a confocal

Raman microscope WITec alpha300 RSA (WITec) equipped with an oil-

immersion objective UPlanFLN 100×, NA 1.30 (Olympus). The spectra

were excited by a 532 nm laser, typically with excitation power of ap-

proximately 20 mW at the sample (photon flux densities of

4.5 × 1011μmol (photons)·m−2·s−1in the focus) with an integration

time of 80 ms per point. Thanks to the high confocality of the WITec

Raman microscope (FWHM 0.86μm of a standard depth scan test on sil-

icon as a conventional measure of confocality of Raman microscopes) and

125 nm scanning step (inxandydirections), the Raman images were

spatially resolved up to the diffraction limit. Spectral dispersion of the

spectrograph allowed coverage of both characteristic (200–1850 cm−1)

as well as C\\H/O\\H stretching (2700–3900 cm−1) regions simulta-

neously. Prior to the mapping, a wide-area photobleaching of the entire

algal cell by a defocused laser beam (wavelength 532 nm, photonflux

densities of 4.1 × 106μmol (photons)·m−2·s−1) was applied as de-

scribed previously[18],to remove the strong autofluorescence of chloro-

phyll. Raman maps of several dozens of algal cells have been acquired and

treated with the program WITec ProjectPlus(WITec) and our own Matlab

(MathWorks) codes that are based on singular value decomposition, as

described elsewhere[18,39]. The reference spectra of the pure chemical
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species presented here have been acquired using the same apparatus and

conditions as the spectra of theD. quadricaudacoenobium.

In certain experiments, LabRam Evolution (Horiba Scientific), a con-

focal Raman spectrograph based on an inverted microscope Eclipse Ti–U

(Nikon), was used with a water-immersion objective Plan Apo VC 60×,

NA 1.20 (Nikon) and 532 nm excitation, as described in detail previous-

ly[18].

The experiments withT. minutushave been conducted on a confocal

Raman microscope LabRam HR800 (Horiba Scientific), using an oil-

immersion objective UPlanFLN 100 ×, NA 1.30 (Olympus) and

514.5 nm (6 mW power at the sample) excitation from Ar+ laser,

with a 1μm step inxandydirections.

3. Results and discussion

In the course of our recent micro-RS studies of lipid, polyP, starch,

protein, and carotenoid distribution withinD. quadricauda[18],we

have sporadically encountered cells that provided remarkably strong,

distinct and highly localized Raman signal different from the Raman

spectra of the major known constituents of the algal cells. Using a

Raman microscope with a high spatial resolution (WITec alpha300

RSA, see Experimental Procedures), we revisited this problem by aiming

at the chemical identification of the signal source. From high-resolution

Raman maps, where the amplitude of this unknown signal locally
Fig. 1.Mean Raman spectra integrated from the colored spots shown inFig. 2,panelsA–D:

guanine in algae (b), polyP (c), starch (d) and all biomolecules containing significant

amount of CH bonds (e) in their structures and contributing to the band centered at

approximately 2934 cm−1. Raman spectra of microcrystalline guanine embedded in 1%

low-gelling agarose (a) and an integral spectrum of the entire cell (f) are shown for

comparison. The spectra were corrected for non-Raman background. Symbolν(H2O)

means stretching vibrations of water molecules.
exceeded spectral contributions of other biomolecules, we derived a

single-component Raman spectrum of a quality sufficient for assign-

ment (Fig. 1b). Searching in Raman databases and comparing with the

spectra of pure reference species, the signal was unambiguously attrib-

uted to crystalline guanine (Fig. 1a). Notably, the unique spectralfinger-

print of crystalline guanine (consisting of the Raman bands centered at

649, 938, 1235, 1264, 1390, and 1550 cm−1) can be confused with nei-

ther solid-state guanosine or adenosine nor chemically related purine

nucleobases,e.g.,adenine, uric acid, xanthine, or hypoxanthine (see

spectra in Figs. S1 and S2 in the Supplementary data). The subtle differ-

ences between the guanine inclusions in algal cells (Fig. 1b) and the

pure microcrystalline guanine preparation (Fig. 1a), namely, the bands

at 1004, 1660 and 2934 cm−1, can be ascribed to proteins co-localized

with the guanine inclusions. The protein signals cannot be separated

due to the limited spatial resolution of the confocal Raman

spectroscopy.

A typical Raman image of two cells from aD. quadricaudacoenobium

illustrating the intracellular distribution of the guanine microcrystals in

structural context with starch grains and polyP granules is shown in

Fig. 2. The superposition of the guanine distribution with the bright-

field image of the mapped cells is presented inFig. 3. Starch and

polyP, as the most abundant biomolecules found in the studied

D. quadricaudacells, have been visualized by means of their characteris-

tic Raman signatures at 478 and 1164 cm−1, respectively[18]. Their

mean Raman spectra derived from the Raman maps are depicted in

Fig. 1(for a detail of the characteristic region, see also Fig. S3, Supple-

mentary data). For comparison, reference Raman spectra of pure neutral

lipids, starch, proteins, RNA, DNA, and polyP are shown inFig. 4,along

with the Raman signal of the omnipresent water and resonantly en-

hanced contribution of carotenoids (for details on the characteristic re-

gion, see also Fig. S4, Supplementary data).

In principle, each chemical compound mentioned above can be un-

ambiguously identified by a spectral decompositionviaadvanced mul-

tivariate methods[18,40], although only selected specificRaman

markers are often used for univariate Raman imaging[41]. For instance,

presence of microcrystalline guanine can be presumed from its strong

and sharp band at 649 cm−1, which has no overlap with Raman signa-

tures of other biomolecules that are abundant in algal cells (Fig. 4). Nev-

ertheless, its unambiguous identification requires the presence of a

specific spectral pattern composed of intense bands at 398, 938, 1236,

1264, 1390, and 1550 cm−1(Fig. 1). The polyP granules can be identi-

fied by the Raman band appearing in the range 1150–1168 cm−1

(exact position is sensitive to the presence of divalent metals). The

1154 cm−1Raman band of carotenoids (Fig. 4) can also contribute in

this range and, with pigments not completely eliminated by

photobleaching, the carotenoid signal contribution must be detected

and eliminated by using its other characteristic band at 1520 cm−1

[18](Fig. 4). This signal separation is possible because neither polyP

nor other biomolecules contribute around 1520 cm−1. An additional

Ramanfingerprint marker of polyP is the broad band at 697 cm−1

(Fig. 4). Starch granules possess a unique Raman signature at approxi-

mately 478 cm−1, where no other biomolecules contribute significantly

(Fig. 4); however, its unambiguous identification requires Ramanfin-

gerprint comprising of bands at 863, 942, 1130, and 1341 cm−1as

well. It is important to note that huge numbers of limited-quality spec-

tra constituting a Raman map can still provide exquisite spectral details,

if multivariate approaches are used for their analysis[21]. The Raman

fingerprint of guanine microcrystals derived by means of multivariate

methods[18]have been also demonstrated in the Raman maps of the

cells of a eustigmatophyteT. minutus(Figs. 5 and 6), albeit with a

Raman microscope of a lower spatial resolution and a larger scanning

step (1μm).

We did not search systematically for conditions facilitating the for-

mation of the guanine microcrystals in microalgal cells, but we noted

that limiting CO2supply by interrupted aeration induced formation of

guanine inclusions in 90% - 100% ofD. quadricaudacells within 6 h.



Fig. 2.Raman images of the intracellular distribution of guanine (A, red), polyP (B, green), starch (C, blue), and all biomolecules containing significant amount of CH bonds (D, grey) in their

structures (e.g., lipids, proteins, carbohydrates) and thus contributing significantly to the broad CH stretching band centered at approximately 2934 cm−1. Panel (E) shows the

superposition of the images A–D. Raman images of two cells of eight-cell coenobium ofD. quadricaudaare shown.

Fig. 3.Raman image of guanine distribution (red) superimposed over the bright-field

image of the mapped cells ofD. quadricaudacoenobium.
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Otherwise,D. quadricaudacells contained guanine inclusions only spo-

radically. We are currently investigating the conditions under which

the algae cells produce guanine inclusions systematically.

As can be seen fromFig. 2a, e, andFig. 3, the guanine inclusions are

predominantly localized outside the compartments harboring the sub-

stances that exhibit significant contribution of CH bond stretching vi-

brations (predominantly proteins, lipids, and starch) and outlining the

shape of chloroplasts. It is likely that these intracellular compartments

containing lower amounts of organic matter are vacuoles. It also

seems that guanine microcrystals are often (but not exclusively) local-

ized in close proximity to polyP inclusions.

Remarkably, the guanine microcrystals revealed in our microalgal

cells are very similar to the nitrogen-rich Type II inclusions recently

documented by means of EDX-based analytical electron microscopy in

the vacuoles of a number of chlorophytes[16]closely related to

Desmodesmus. In particular, the elemental composition of the Type II

inclusions revealed by EDX[16]and the estimated ratio between nitro-

gen and oxygen (approximately 5:1) correspond to the N:O stoichiom-

etry of guanine. Furthermore, the Type II inclusions have been reported

to contain mica-like crystalloid regions that tend to peel off during the

sample cutting[16], mimicking closely a well-known property of

crystalline guanine.



Fig. 4.Typical Raman spectra of the most abundant biomolecules expected in microalgae:

neutral lipids, carotenoids, starch, proteins, RNA, DNA, polyP, and water. Spectrum of 1%

low-gelling agarose is shown to demonstrate its negligible contribution to the spectra of

agarose-immobilize algae cells. Spectra of the biomolecules were corrected for non-

Raman background and water contribution and are normalized to their maxima.

Characteristic region is shown in detail in Fig. S4 (Supplementary data). Symbolsν(H2O)

andδ(H2O) mean stretching and deformation vibrations of water molecules, respectively.

Fig. 5.Pure spectral component corresponding to guanine microcrystals (a) derived by

means of multivariate methods[18]from the Raman map ofT. minutusshown inFig. 6.

Complementary spectral component (b) characterizing mean chemical composition of

theT. minutuscells with the exception of the guanine signal. Spectra were corrected for

non-Raman background.

Fig. 6.Bright-field image ofT. minutus(a). Raman images of intracellular distribution of

guanine crystals (b) and all biomolecules contributing to the band centered at

1666 cm−1(c), seeFig. 5.Scanningstep1μm. Scale bar 5μm.
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To the best of our knowledge, with the exception of the marine dino-

flagellateG. polyedra[25,42,43], guanine microcrystals have not yet

been identified in microalgae and only scarcely described in other mi-

croorganisms[29,44,45]. Similar microcrystalline inclusions present in

vacuoles of symbiotic marine algae have been identified as uric acid

[24], which is chemically related to guanine, and suggested to serve as

stores of nitrogen in the nitrogen-poor environment of tropical sea

water.

It should be noted that crystalline guanine is not a rare compound in

theanimalkingdom. Guanine could be a product of ammonia metabo-

lism, similar to ammonia sequestering in the course of protein

metabolism of some arachnids (in particular spiders and scorpions)

living in arid regions, which can—in the form of microcrystalline

guanine—excrete the terminal product of their nitrogen metabolism

with minimal loss of water[46,47]. Crystalline plates of guanine have

been found in specialized animal cells referred in the literature as

iridophores, iridocytes, leucophores, guanocytes, or guanophores[48],

where they influence animal coloration, based on light interference on

the guanine layers. The eyes of certain deep-seafish contain layered

guanine crystals that focus light to the photoreceptors and serve as pho-

tonic crystals[49]. Due to a high refractive index, guanine crystals can

serve as specific spectral mirrors affecting distribution of light intensity

and color in some aquatic animals[49].Inthiscontext,itisinteresting
that water suspensions of guanine crystals have been suggested recent-

ly as a means to control photosynthesis in microalgae[50,51]. However,

there is an obvious lack of information on the potential role of guanine

(and other nitrogen-rich purine) crystals in plants, including

microalgae.

Guanine (as well as other purine bases) is practically insoluble in

water throughout a broad pH range (3.3–9.2), where its molecule re-

mains uncharged[52]. This low solubility of crystalline guanine may

allow the microalgae to use it as a depot for storing large quantities of

nitrogen. High concentration of inorganic nitrogen (such as ammonium

or nitrate) can be toxic[53]and/or metabolically active. Thus, the

stockpiling of this nutrient in the form of its inorganic ions is hardly pos-

sible. Assuming a spherical shape and the compact nature of the gua-

nine inclusions, the average volume of crystalline guanine per cell,
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such as those inFig. 2, can be estimated as approximately 0.25μm3.Tak-

ing into account the density (2.2 g·cm−3) and molecular weight

(151.13 g·mol−1) of guanine, each algal cell inFig. 2may contain ap-

proximately 3.6 fmol of guanine (i.e.,2.2 × 109molecules). Estimating

the average volume of theD. quadricaudacell shown inFig. 2as

210μm3, the mean guanine concentration in the cell can attain the

level of 17 mM, if transformed into soluble guanine derivatives,e.g.,

5′-GMP.

Desmodesmus quadricaudaandT. minutusare phylogenetically dis-

tant from dinoflagellates, the only microalgae in which, to the best of

our knowledge, guanine inclusions have been explicitly reported so far

[25]. Nonetheless, the physiological demand to store nitrogen in the

form of guanine may be a more widespread feature among diverse

microalgae although it is not yet recognized and very rarely studied.

The storage role of crystalline guanine seems to be supported by the

fact that a period of stationary cultivation (without aeration) stimulated

the formation of guanine inclusions inD. quadricaudaregardless of illu-

mination. Because the cells without aeration are deprived of the previ-

ously easily accessible source of dissolved inorganic carbon, they may

encounter a carbon-nitrogen imbalance under these conditions. Thus,

they may be forced to store the superfluous water-soluble nitrogen in-

termediates in a form of water-insoluble guanine inclusions.

The role of nitrogen storage tentatively assigned to the guanine crys-

tals in microalgal cells will require rigorous experimental proof. Never-

theless, it is very intriguing because“long-term”and/or high-capacity

nitrogen depots in chlorophyte cells, analogous to polyP serving the

storage/turnover of phosphorus, is not known as of yet. An exception

is the nitrogen of proteins, which can be sacrificed, for example, by au-

tophagy[54], to salvage the nutrient[55]under nitrogen shortage. To

clarify this, it would be crucial to record the dynamics of the guanine in-

clusions in the cells as a function of their nitrogen nutrition status,

where micro-RS could be of great help. Finding answers to these ques-

tions as well as the study of conditions under which guanine inclusions

are formed or catabolized in various microalgae will be the subject of

further research.

Finally, it should be emphasized that a wide-area photobleaching at

low photonflux densities[18]and adequate spatial resolution were of

prime importance for the spectroscopic identification of guanine crys-

tals within algae. It needs to be admitted that even the low photon-

density photobleaching employed in this work severely impairs func-

tioning of the measured cell. At the same time, the life status of the

cell is of limited importance for Raman identification and imaging of

crystalline inclusions (as well as of other non-absorbing massive bodies

and structures) because a Raman map of the entire cell can be acquired

within a few minutes after photobleaching.

Although crystalline guanine provides a relatively strong Raman sig-

nal, without photobleaching of thefluorescence background, one can

hardly acquire spectra of the quality allowing recognition of guanine

features. Furthermore, because crystalline inclusions in some algal

cells may be relatively small and few in number, guanine contribution

to the overall spectrum of the entire cell may be overlooked without a

prior hint of its presence. This may be a reason why guanine microcrys-

tals have not been observed in earlier Raman studies.

4. Conclusions/outlook

Due to the coincidence of a high local concentration of guanine in

crystalline inclusions, the high spatial resolution of a confocal Raman

microscope, and an unambiguous Raman spectrum, the nitrogen-rich

inclusions, similar to those recently documented in the vacuoles of

different chlorophytes by EDX, have been now identifiedin situby

means of micro-RS as guanine microcrystals. The relatively simple and

practical methodology of the guanine crystal inclusion identification, lo-

calization, and monitoring by means of micro-RS paves the way for

more detailed studies of their potential involvement in storing nitrogen

in the microalgal cell.
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Figure S1. Raman  spectra  of  guanine  (G)  and  structurally  related  purine  bases  (adenine –  A; uric  acid; 
xanthine – X; hypoxanthine – hX) and nucleoside (guanosine – Gua). Spectra have been taken by Raman 
microscope  WITec  alpha300  RSA  (λexc 532  nm)  from  the  microcrystals  embedded  in  1%  low-gelling 
agarose under identical conditions as Raman spectra of algal cells. Characteristic (230 – 1850 cm-1) and 
CH/OH  (2400 – 3850  cm-1)  stretching  vibration  regions  are  show  along  with  structures  of  the  studied 
molecules. Spectra were corrected for non-Raman background and normalized to their respective maxima. 
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Figure S2. Raman  spectra  of  guanine  (G)  and  structurally  related  purine bases  (adenine –  A; uric  acid; 
xanthine – X; hypoxanthine – hX)  and  nucleosides  (guanosine – Gua). The  spectra  have been  taken  by 
Raman  microscope WITec  alpha300  RSA  (λexc 532  nm)  from the microcrystals  embedded  in  1%  low-
gelling agarose under identical conditions as Raman spectra of algal cells. Only characteristic region (230 
– 1850 cm-1) is shown for clarity.  
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Figure S3. Details  of  characteristic  regions  of  mean  Raman  spectra  integrated  from  the  colored  spots 
shown  in  Fig.  2,  panel A–D:  guanine  (red; b),  polyP  (green; c),  starch  (blue; d)  and  all  biomolecules 
containing  significant  amount  of  CH  bonds  (grey; e)  in  their  structures  and  contributing  to  the  band 
centered at ~ 2934 cm-1. Raman spectra of microcrystalline guanine embedded in 1% low-gelling agarose 
(dark  blue; a) and  integral  spectrum  of  the  entire  cell  (black; f)  are  shown  for  comparison.  The  spectra 
were corrected for non-Raman background.  
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Figure S4. Detail  of  characteristic  region  of  typical  Raman  spectra  of  the  most  abundant  biomolecules: 
neutral  lipids  (a),  carotenoids  (b),  starch  (c),  proteins  (d),  RNA  (e),  DNA  (f),  polyP  (g)  and  water  (i). 
Spectrum of 1% low-gelling agarose (h) is shown to demonstrate its negligible contribution to the spectra 
of agarose-immobilize algae cells. Spectra a) – g) were corrected for non-Raman background and water 
contribution. 
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ABSTRACT: Polyphosphates have occurred in living cells early in
evolution and microalgae contain these important polymers in
their cells. Progress in research of polyphosphate metabolism of
these ecologically as well as biotechnologically important micro-
organisms is hampered by the lack of rapid quantification methods.
Experiments with the green alga Chlorella vulgaris presented here
compared polyphosphate extraction in water, methanol-chloro-
form, and phenol-chloroform followed by polyphosphate purifica-
tion by binding to silica columns or ethanol precipitation. The
phenol-chloroform extraction of C. vulgaris followed by ethanol
precipitation of polyphosphate was shown to be superior to the
other tested method variants. Recovery test of added poly-
phosphate standard to algal biomass showed that the method is accurate. Using this biochemical assay as a validated reference, we
show that 2-dimensional, confocal Raman microscopy can serve as a linear proxy for polyphosphate in C. vulgaris with R2 up to
0.956. With this, polyphosphate quantification can be shortened by use of Raman microscopy from days to hours and,
additionally, information about intracellular distribution of polyphosphate and heterogeneity among individual cells in algal
culture can be obtained. This offers new insights into the dynamics and role of these polymers crucial for phosphorus uptake and
storage. This analytical capability is of particular practical importance because algae aid phosphorus sequestration from
wastewater and the thus enriched biomass may serve as organic fertilizer. Both these applications have a strong potential in a
future sustainable, circular bioeconomy.

Inorganic polyphosphate (polyP) is a polymer consisting of
tens to hundreds of phosphate residues linked by high-

energy bonds of the same nature as those in adenosine
triphosphate (ATP).1 Both polyP and ATP are ubiquitous in all
forms of life,2 conserved since the early phase of evolution and
perhaps extending to its prebiotic origins.2−4 Since the first
observation of metachromatic volutin granules in yeasts5 later
identified as polyP,6 this enigmatic polymer was shown to play
multiple roles in basic metabolism of prokaryotic and
eukaryotic cells.7−9 Emerging functions of this multifaceted
biopolymer in the microbial world have been reviewed
recently.8 PolyP was shown to serve as a reservoir of
phosphorus,9 divalent cations,10 and energy11 and to play a
role in pH buffering,12 detoxification,13 and as an antioxidative
agent.14 Recently, polyP was proposed to play an important
role in the proliferation cycle of various organisms,15 pathogen
virulence,16 cell signaling,17 and response to stress.14 For

example, degradation of polyP in Saccharomyces cerevisiae seems
to be correlated with nucleotide formation and may therefore
support cell duplication even under conditions of low P-
availability.18,19

Microalgae and their phosphorus metabolism are in focus of
intense research because these microorganisms have played an
important role in the shaping of the Earth biosphere and
contribute significantly to its stability until modern times.
About half of the global carbon cycle is driven by
phytoplankton photosynthesis, maintaining our atmosphere
oxygenic and stabilizing levels of atmospheric CO2, one of the
major greenhouse gases.20,21 Since microalgal growth is often
governed by phosphorus availability,22,23 it is important to
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understand how the microalgae deal with its fluctuating
concentration in the surrounding environment. Excessive
accumulation of polyP in microalgae was encountered under
conditions generally unfavorable to growth [e.g., when deprived
of some macronutrient elements (nitrogen, sulfur) in the
medium containing inorganic phosphate (Pi)] or when cells
prestarved of P were subsequently transferred to Pi-rich
medium.9 This phenomenon is known as overshoot uptake
and is accompanied by polyP accumulation.24 Contrasting
intracellular distribution of polyP granules was found in
different species of microalgae,25,26 where these structures
represent the most abundant phosphorus reserve.27

The relationship between phosphorus availability in the
medium, enhanced uptake of Pi and its temporary storage in the
form of polyP was studied in several algal strains (e.g., Chlorella
vulgaris,28 Scenedesmus quadricauda,25 Dunaliella salina,29 and
Chlamydomonas reinhardtii30). For example, accelerated accu-
mulation of Pi by P-starved algae and its storage in
metabolically inactive polyP bodies together with calcium was
thoroughly studied in Chlamydomonas eugametos.10 Distinct
polyP dynamics has been identified during the cell cycle in
Chlamydomonas reinhardtii.15,18,19 In addition to phosphate
starvation, extensive accumulation of polyP in Parachlorella
kessleri was recently studied under sulfur-depleted conditions.31

The potential of microalgae to sequester phosphorus from
waste streams and to return it to agriculture in the form of a
slow-release fertilizer32 has even more emphasized the
requirement to study polyP metabolism in detail. In spite of
the recent progress and long research history,5,33 our
knowledge about various roles of polyP in microalgae remains
limited. The slow progress is, among other factors, caused by
lack of adequate methodology for polyphosphate quantitation
in vivo and in situ.3

Recently, Raman microscopy was shown34 to identify in situ
simultaneously all essential energy-transducing and energy-
storing structures of microalgal cells, including polyP. Unlike
Raman studies of nonphotosynthetic microbes and yeasts, the
progress in algal research came relatively late because of the
strong autofluorescence of photosynthetic pigments hindering
routine acquisition of Raman maps. In the present work, we
aim to show that Raman quantitation of polyP is possible and
relatively rapid. Acquisition of Raman maps from larger sets of
cells was enabled especially by an efficient method of fast
photobleaching published earlier.34

The Raman signal of polyP is clearly recognizable even in the
presence of other biomolecules in the same region of the
investigated algal cell. As Raman intensity is proportional to
concentration, it is conceivable to expect that the intensity of
the characteristic Raman bands is proportional to the amount
of polyP in the detection voxel. Similar proportionality was
already found earlier with algal starch and lipid reserves.35−38

Raman signal may thus be a significantly more potent optical
proxy than the fluorescence emission of 4′,6-diamidino-2-
phenylindole (DAPI) that is currently used for in situ detection
and quantification of polyP by staining.39 The DAPI
fluorescence is often not proportional to polyP content because
the uptake of the label may vary in different cells, nonlinear
absorption and reabsorption effects occur, fluorescence signal
can fade during the measurement, or RNA associated label may
interfere with polyP detection.39,40

Proving that Raman signal can be used for polyP
quantification in algae is complicated by the absence of a
reliable, accurate, and precise biochemical assay that would

serve as a reference. PolyP amount in a cellular culture can be
determined by an enzymatic assay that must be proven to be
effective in model microalgae used for Raman measurements
(e.g., Chlorella vulgaris). Werner et al.41 developed a method for
polyP enzymatic determination in yeast using an aqueous
extraction combined with sonication steps, polyP purification
by a silica column and subsequent digestion, and a photometric
measurement. The same authors applied this method for polyP
quantification in cell walls of the green alga Chlamydomonas
reinhardtii.15 Recently, Bru et al.42 showed that this method is
not perfectly quantitative to cellular yeast polyP content
because shorter polyP molecules do not bind to the column
efficiently and are therefore lost during the polyP purification
step. These authors improved the method by extracting polyP
with phenol-chloroform and by purifying the extract through
ethanol precipitation. The subsequent polyP digestion and
photometric measurement remained the same as applied by
Werner et al.41 This improved method quantified polyP in yeast
precisely. Here, we choose to probe four assay variants with C.
vulgaris and selected the method based on Bru et al.42 to serve
as a reference for Raman microscopic quantification of polyP in
this organism.

■ EXPERIMENTAL SECTION
Algal Strain and Cultivation. Chlorella vulgaris CCALA

256 was obtained from the collection of Institute of Botany,
Czech Academy of Sciences, in Trěboň. The cultures were
grown photoautotrophically in a closed photobioreactor system
FMT 150 (PSI, Brno, Czech Republic) at 30 °C and irradiance
of 300 to 900 μmol PAR quanta·m−2·s−1, bubbling with 2.5%
CO2 in a full medium composed according to Doucha and
Liv́ansky.́43 The full medium contained 1741 μM phosphate.
Optionally, phosphate-deficient medium (0 μM phosphate) or
medium with 400 μM phosphate were used. To obtain cultures
with different amounts of polyP, samples were collected from
late exponential or stationary phases in full medium or
resuspended in a medium with 400 μM phosphate after max.
eight days of phosphate starvation in a medium with no
phosphate. Samples were always collected simultaneously for
the biochemical analysis of polyP and Raman microscopy.

Biochemical Analysis of Polyphosphate. Aliquots of 30
mL of the culture suspension were sampled and immediately
centrifuged at 3000g for 5 min in a centrifuge precooled to 4
°C. The supernatant was discarded, and the cells collected in
the pellet were cooled rapidly in liquid nitrogen and stored at
−20 °C.
For the analysis, the pellets were defrosted and resuspended

in 6 mL of ultrapure water. Four 400 μL aliquots of this
suspension were taken for polyP extraction and 1 mL was taken
for dry weight determination.
The cell suspension was centrifuged again to remove water

and the remaining medium salts. For the extraction and polyP
purification after Bru et al.,42 the cells were then resuspended in
400 μL AE buffer (50 mM sodium acetate, 10 mM EDTA, pH
5.3) on ice. For the recovery experiment, sodium hexameta-
phosphate (NaPO3)n of 96% purity was used as a chemical
polyP standard (Sigma-Aldrich) and added to the sample prior
to the polyP extraction. Under a fume hood, the suspension
was mixed with 300 μL phenol and 40 μL 10% SDS and then
heated (65 °C) for 5 min and chilled on ice for 1 min. Three-
hundred microliters of chloroform were added to the mixture,
the aqueous phase was separated by centrifugation (2 min,
13000g) and transferred to 350 μL chloroform. After mixing
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and centrifugation, the top aqueous phase containing polyP was
transferred to a new microcentrifuge tube containing 2 μL
RNase A 10 mg/mL (Sigma-Aldrich, R6513) and 2 μL DNase I
10 mg/mL (AppliChem, A3778).
The nuclease reaction mix was incubated for 1 h at 37 °C

then transferred to a precooled (−20 °C) microcentrifuge tube
containing 1 mL of ethanol and 40 μL of 3 M sodium acetate
(pH 5.3). The mix was stored for at least 3 h at −20 °C to
precipitate polyP. After centrifugation (20 min, 13000g, 4 °C),
the pellet containing polyP was washed with 500 μL 70%
ethanol. The dried pellet was dissolved in 1 mL of ultrapure
water.
For method comparison, two alternative extraction protocols

were applied. Using aqueous solvent, polyP was extracted after
Werner et al.41 Lyophilized cells were sonicated in 20 mM Tris
buffer (pH 7), boiled for 10 min and sonicated again, followed
by 1 h incubation with proteinase K at 37 °C. Cell debris was
removed by centrifugation.
Using methanol/chloroform extraction after Mettler et al.,44

1.4 mL cell suspension was taken up in 2 volumes of cold
methanol. 525 μL of this quenching mix was transferred to cold
tubes containing 5 metal beads (1 mm diameter) and 105 μL
chloroform. The samples were vortexed and then stored at −20
°C and subsequently −80 °C for 1 h each. The frozen mixture
was defrosted on ice, vortexed, and refrozen three times. After
the last defrosting, samples were frozen in liquid nitrogen, then
again defrosted on ice, after which 280 μL ice cold water was
added, followed by vortexing. The methanol/water phase
containing polyP was obtained by centrifugation at 4 °C, and
the residual chloroform and interphase was washed twice with
cold, ultrapure water. The three aqueous phases containing
polyP were combined, lyophilized, and then redissolved in 50
μL ultrapure water and filtered.
For polyP purification over silica columns (PCR purification

columns, QIAGEN, Germany) after Werner et al.,41 600 μL
NaI was added to the polyP extracts, and the mixture was
transferred to a column. PolyP bound to the membrane after
centrifugation was washed twice (50% EtOH, 100 mM NaCl,
10 mM Tris pH7, 1 mM EDTA) and subsequently eluted with
100 μL ultrapure water.
PolyP was quantified via orthophosphate release by

recombinant Saccharomyces cerevisiae exopolyphosphatase
(ScPpx1).41 Per 100 μL polyP solution, 100 μL ScPpx1-master
mix was added. The master mix contained 20 μL of 10×
reaction buffer (50 mM TRIS, 5 mM MgCl2, pH 7), 0.2 μL of
0.01 μg/μL ScPpx1, and 79.8 μL of ultrapure water per sample.
Digestion was performed overnight at 37 °C. Released
phosphate was determined by absorption at 620 nm in a
commercial malachite green assay (BioAssay Systems, U.S.A.)
on a microplate reader (BioTek, U.S.A.) relative to a standard
curve. Samples were diluted in an enzyme-free 1× reaction
buffer, if necessary.
Dry weight was determined by freeze-drying the washed cell

pellet in a lyophilizer from 1 mL of cell suspension and
weighing the tube on a microbalance before adding the algal
suspension and after freeze-drying. PolyP content was
calculated as micrograms phosphorus in polyP per mg dry
weight [μg(P in polyP) × mg(DW)−1].
Total phosphorus was performed with an Agilent 7700 ICP-

MS (Agilent, U.S.A.) following the manufacturer’s instructions.
Recovery (%) of polyP standard was calculated as

= ×recovery (%) 100%
observed amount
expected amount

where the expected amount of polyP was equivalent to the
polyP determined in the pure chemical standard. The observed
amount of polyP is the polyP determined in a mixture of the
same amount of chemical standard and algal material minus the
polyP solely found in algal material.

Raman Microscopy and Data Analysis. At each sampling
point, 1 mL of the culture was centrifuged (2000g for 30 s),
excess medium was discarded, and the cell pellet was
resuspended in approximately 40 μL of 1% w/v solution of
low-gelling agarose (T = 39 °C). The agarose solution was used
to prevent movements of the cells during the measurement.
Several microliters of the suspension were spread as a thin layer
between a quartz slide and a quartz coverslip; wet edges were
dried with blotting paper and sealed with a CoverGrip sealant
(Biotium).
Raman maps were acquired using a confocal Raman

microscope WITec alpha300 RSA (WITec, Germany)
equipped with an oil-immersion objective UPlanFLN 100×,
NA 1.30 (Olympus, Japan). The scattered light was directed to
the spectrometer via an endlessly single-mode photonic crystal
fiber of 8 μm core diameter (NKT Photonics, U.S.A.) also
acting as a pinhole providing high confocality. Wavenumber
scale calibration was performed using an Ar/Hg spectral lamp
via an embedded procedure of the controlling program of the
microscope. The spectra were excited by a 532 nm laser, with
excitation power of approximately 20 mW at the sample. The
spectral resolution of all Raman measurements was ca. 6 cm−1

(full width at half-maximum of Ar/Hg emission lines).
Scanning step in x and y direction was 220 nm, with an
integration time of 0.1 s per pixel. Acquisition of the Raman
map of a typical single cell lasted approximately 150 s. To
remove the strong autofluorescence of chlorophyll, a wide-area,
low-power photobleaching of the entire algal cell by a
defocused 532 nm laser beam was applied prior to the
mapping, as described previously.34 Typically, around 50 cells
were mapped for each sample, and the minimum was 24.
Raman maps were treated with the program WITec Project

FOUR plus (WITec, Germany) and our own codes for GNU
Octave.45 Four methods of data treatment (A−D) were used to
obtain information on the biomolecular content of each cell.
For all of them, the treatment includes: (i) automated cosmic
rays removal in WITec Project FOUR plus; (ii) automated
partition of individual spectra in Raman data set to those
originating from the cell and those coming from the
surrounding medium according to integral intensity of CH
stretching vibrations (negligible in the medium), after
automated subtraction of the background; and (iii) automated
intensity normalization of Raman maps of different cells
according to integral intensity of the OH stretching band of
water calculated from the mean spectrum of the medium
surrounding the cell.46 In method A, the integral intensity of
the characteristic polyP band located at around 1160 cm−1 after
background correction is then calculated in each cell pixel, and
the values for all pixels of a cell are summed up to obtain the
polyP content of the entire cell. Similar procedure was used to
quantify starch and lipid content in Chlamydomonas sp. by Chiu
et al.36 For method B, after step (iii), the treatment follows by
(iv) linear interpolation of all the spectra to obtain uniform
spacing equidistant in wavenumbers needed for further
automated analysis; (v) calculation of the mean spectrum for
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each cell; (vi) linear deconvolution of this mean spectrum in
the range from 400 to 1800 cm−1. The deconvolution base
includes seven in vitro spectra of biomolecules and other
compounds/materials expected to contribute significantly to in
vivo Raman spectra of algae, namely those of proteins
(approximated by bovine serum albumin dissolved in water),
starch grains from wheat (dispersed in water), neutral lipid
mixture (approximated by a vegetable oil), β-carotene
(dissolved in neutral lipids, the lipid contribution was
subtracted), polyP (sodium hexametaphosphate dissolved in
water, NaHMP), distilled water, quartz (for residual Raman
signal of the quartz coverslip), and a cubic polynomial to model
remaining non-Raman background. The in vitro spectra of
biomolecules were acquired under the same conditions as the
Raman maps except for longer acquisition times and/or more
data points to improve their signal-to-noise ratio (see Figure
S1). The deconvolution coefficients of the in vitro spectra were
constrained to be non-negative, as the concentrations of
biomolecules should be non-negative. To improve the fit, the
NaHMP spectrum was allowed to move for up to 15 cm−1 to
higher wavenumbers with a step of 0.1 cm−1 because the
position of the dominant PO2

− Raman band of NaHMP
(located at 1148 cm−1 for pure NaHMP but observed at around
1160 cm−1 in the algae) was shown to be sensitive to the
interaction with divalent counterions.47 The shift that produced
the least residual error of the fit was used for a final
deconvolution. Examples of the fit are given in Figure S2.
DNA and RNA spectrum added to the deconvolution base do
not enhance the quality of the fit. (vii) Linear deconvolution of
the individual pixel spectra into the same deconvolution base as
in the previous step. To minimize the computation time, the
polyP spectrum was not allowed to move on the wavenumber
scale in this step. Instead, the polyP shift determined in step
(vi) for mean spectrum was used for each pixel spectrum of the
given cell, followed by (viii) summing up the contributions of
polyP from all the cell’s pixels.
Method C is the same as method B, except that only the

pixels with a Raman signal exceeding a noise level are summed
up in step (viii). The noise level for each biochemical
compound was estimated by a deconvolution of 100 randomly
chosen Raman spectra from the pixels of surrounding water for
each cell. The second-highest value was used as the estimated
noise level for the given cell.
Method D uses deconvolution of the mean spectra of the

cells [i.e., steps (i) to (vi) are performed, but steps (vii) to (viii)
are omitted]. Biochemical content of each cell is obtained by
multiplying the deconvolution coefficients by the total number
of pixels of the cell.

■ RESULTS AND DISCUSSION
Cell cultures of C. vulgaris with different polyP levels were
obtained by first depleting phosphorus reserves in the absence
of orthophosphate in the medium, followed by addition of
excess of the nutrient. Samples were taken at different times
after the orthophosphate addition, yielding cell cultures with
highly diverse levels of polyP reserves (see Experimental
Section and Powell et al.27). In addition, cultures in stationary
phase, batch-grown in a full medium, were also sampled to
represent other physiological state of algae. Samples from all
these cultures were analyzed simultaneously by the biochemical
enzymatic assay and by Raman microscopy.
Biochemical Analysis. The biochemical determination of

polyP was performed using a four-step protocol: (i) polyP

extraction; (ii) polyP purification; (iii) polyP enzymatic
digestion by an exopolyphosphatase to phosphate; and (iv)
spectrophotometric quantification of phosphate by malachite
green assay, as described in the original41 and modified42

protocols, and in the Introduction. The two previously
published methods41,42 for absolute polyP quantification in
yeast differed in the aqueous versus phenol-chloroform polyP
extraction and in the column-based versus ethanol-precipitation
purification. Additionally, a third extraction method (chloro-
form−water−methanol extraction) established for extracting
water-soluble compounds from green algae44 was applied
because the extraction step was expected to be the main
difference between treating yeast and green alga.
The comparison of the results is shown in Figure 1.

Extracting polyP in methanol-chloroform led to a significant

increase (unpaired two-sided Student’s t-test, α = 0.05) in yield
of >5 fold compared to the aqueous extraction according to
Werner et al.41 Combining chloroform−water−methanol
extraction with the ethanol precipitation instead of the column
purification did not lead to a further significant increase in
polyP yield. However, combining the phenol-chloroform
extraction with ethanol precipitation, as applied by Bru et
al.42 for yeast, led to a significant increase and the highest yield
of polyP from algal material of all methods compared here. This
method detected 5.66 ± 0.42 μg P mg(DW)−1, which
corresponded to 40.94% of phosphorus found in the algal
cells by absolute determination using ICP-MS (for details see
the Experimental Section). This value is in the expected
physiological range, similar to the green alga Chlorella
ellipsoidea, where 29% of all phosphorus was found in polyP
by 32P-incorporation.48

To validate accuracy of the measurement, a spike-and-
recovery experiment was performed, in which known amount
of a chemical polyP standard was added to algae samples prior
to extraction. The spiked amount of polyP standard

Figure 1. Comparison of the efficiencies of polyP extraction and
purification protocols applied to C. vulgaris. The aqueous extraction
plus column purification41 is represented by the low left column. The
yields of the methanol-chloroform extraction plus column or
precipitation purification (both from ref 44) are shown by the two
columns in the middle, and the phenol-chloroform extraction plus
precipitation purification42 is represented by the right column. Values
are presented as average ± SE (n = 4), average polyP content is
numerically shown above columns. Asterisks indicate significant
differences (Student’s t-test, *p < 0.05, **p < 0.01, ***p < 0.001)
of polyP levels compared to extraction after Werner et al.41 (left
column).
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corresponded approximately to 60% of the highest physio-
logical amount of polyP found in the algal samples. To assess
the recovery of polyP standard, algal material, pure chemical
standard, and the spiked algal sample have been measured
(Figure 2). A recovery of (106 ± 2)% indicates a good accuracy

and precision when applying the polyP determination by Bru et
al.42 established for yeast to C. vulgaris. More details and the
corresponding formula are given in the Experimental Section.
Raman Microscopy. Individual cells were scanned under

Raman microscope in x and y dimensions with a 220 nm pitch
in both directions. A representative cell of C. vulgaris rich in
polyP is shown in Figure 3 (panels a and b). Raman spectra of
neutral lipids, starch, and polyP acquired from the algal cell are
shown in Figure 3c and compared to in vitro spectra of lipid,
starch, and polyP models. Raman chemical images shown in
Figure 3 (panels a and b) were obtained by a deconvolution of
the Raman spectra taken in each individual pixel to a set of in
vitro measured spectra of chemical representatives of the key
groups of biomolecules (or materials) contributing to the
Raman signal (see Figure S1) and to a non-Raman background.
Further Raman images of the cells from cultivations with
different mean amounts of polyP are shown in Figures S3 and
S4. Details of the deconvolution procedure are given in the
Experimental Section.
The same Raman maps were used to compare four

quantification methods (A, B, C, and D) for determining the
polyP content in each measured cell. All the methods started
with automated image segmentation based on the identification
of pixels belonging to the particular cell according to a band of
stretching carbon−hydrogen vibrations (around 2930 cm−1)
and afterward by intensity normalization using an oxygen−
hydrogen stretching band of the surrounding water.
Method A determined the integral of the Raman band of

polyP with its maximum at around 1160 cm−1. This polyP band
integral was calculated after an automated baseline correction
for each pixel of the cell and summed up over the cell image.
This approach was similar to the method used by Chiu et al.36

for starch and lipid quantification.

As concerns methods B and C, normalized Raman spectra of
each individual cell pixel were deconvoluted using a base
consisting of in vitro spectra of key biomolecules (see
Experimental section and Figure S1). In method B, the polyP
content of each cell was quantified by summing up the
deconvolution coefficients representing the polyP contributions
in individual cell pixels. In method C, only the pixels with a
Raman signal exceeding a certain noise level were included to
the sum.
In method D, Raman spectra of all the cell’s pixels were

averaged and only the thus acquired mean Raman spectrum
was deconvoluted using the same base as in methods B and C
(see Figure S2 for examples of the deconvolution results). The
polyP content of each cell was then quantified by the
deconvolution coefficient representing the polyP contribution
in the mean spectrum that was further multiplied by the
number of pixels that belonged to the particular cell.
Typically, approximately 50 cells were measured for each

sample, and the mean polyP content was compared and
correlated with the value determined biochemically in the bulk
culture (Figure 4). The linear correlation between the polyP
detected by Raman microscopy and analyzed with methods A

Figure 2. Recovery test of phenol-chloroform polyP extraction
method combined with ethanol precipitation. Measured (colored
bars) polyP amounts are presented as average ± SE (n = 4). The
theoretical amount (gray) is equal to the sum of polyP amounts
measured separately in the polyP standard (blue) and algae sample
(green). It is shown to emphasize the small difference to the measured
mixture of polyP standard with algal material (blue and green). For
details see the Experimental Section.

Figure 3. Raman image of a C. vulgaris cell showing the distribution of
(a) proteins (gray), (b) lipids (red), starch (green), and polyP (blue).
The distributions were obtained by a deconvolution of Raman spectra
of individual pixels into the set of in vitro spectra of the main chemical
components. At the top of the panel (c), Raman spectrum (red)
obtained by averaging the signal from ten pixels with the strongest
lipid Raman signatures is compared with the in vitro spectrum of a
standard lipid mixture (dark red). The traces in the middle of the
panel (c) compare Raman spectrum of ten pixels with most starch
(green) along with the in vitro spectrum of pure starch (dark green).
The blue lines at the bottom show the mean Raman spectrum of ten
pixels with most polyP (blue) in comparison with in vitro spectrum of
polyP model (sodium hexametaphosphate, dark blue). The spectrum
was shifted on wavenumber scale to match the position of the cellular
polyP band at 1164 cm−1 (see Experimental section). The scale bar in
(a, b) corresponds to 2 μm.
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to D and the polyP quantification by biochemical assay is
shown in Figure 4. It is based on the results from 12 samples
taken from healthy C. vulgaris cultures, exhibiting no signs of
stress or damage. Eight of these samples were produced by the
P-starvation and P-replenishment process described in the
Experimental Section. Four other samples were from cultures in
the stationary phase of growth in a full medium. Method A
resulted in the worst correlation coefficient (R2 = 0.791) of all
tested approaches (Figure 4A). In the case of the methods B, C,
and D, the correlation coefficients were higher than for A and
quite similar (0.929, 0.934, and 0.956, respectively). A clear
advantage of methods B and C over method D is that they
determine the polyP amount in each cell pixel and, thus, can be
used to generate Raman images such as Figure 3 (panels a and
b) and Figures S3 and S4, which show polyP distributions in
several cells from six samples with differing mean polyP levels.
However, method D, which uses the average Raman signal of
each cell, provides the best correlation and is also much faster
computationally than methods B and C.
Advantages, Limitations, and Pitfalls. The enzymatic

assay previously established for yeasts42 was shown here to
perform well in determining polyP content in C. vulgaris cells.
Three modifications of the method tested in the present study
failed in quantitative extraction and purification of microalgal
polyP. Although biochemical methods are currently considered
to be the gold standard analytically, they consist of multiple
steps that cumulatively contribute to the final error. Because an
error, omission, or failure in one single step may cause
deterioration of the entire assay, the analysis should be
performed at least in triplicates, and ideally, each step should
be tested for its accuracy. Although conventional extraction-
based methods may be performed in parallel, they are still time
and labor consuming and do not allow real-time monitoring. In
addition to ad hoc optimizing standard biochemical methods,
rapid, straightforward and more universal spectroscopic
methods are sought. Here, identification and validation of the

reference biochemical method suitable for C. vulgaris was a
necessary step for testing the capacity of Raman microscopy in
quantifying polyP in this microalgal species.
Another reason why Raman microscopy can be considered as

a powerful complement to destructive biochemical assays stems
from the fact that it allows localization and quantification of
polyP pools in algal cells along with reserves of other important
biomolecules, such as neutral lipids, starch, proteins, and
pigments, using the same Raman data set.34 In the case of
conventional analyses, each compound must be extracted,
purified, and quantified separately. Raman microscopy thus
offers a substantial reduction of time and labor, especially in the
case of multicomponent analysis, preserving information on the
relative ratios of biochemical compounds at the level of
individual cells.
The main objective of the present paper was to test the

presumption that spectral information contained in 2D Raman
images obtained by a conventional confocal Raman microscope
is sufficient to quantify the amount of polyP in algal cells. This
presumption is by no means trivial because algal cells, even
though spherical as in the case of C. vulgaris, often have
unevenly spaced and irregularly shaped storage compart-
ments.31 Therefore, quantitative volumetric 3D Raman
imaging49 may be more accurate than 2D mapping. For
conventional Raman microscopy not profiting from signal-
enhancing mechanisms such as resonance Raman effect,
coherent anti-Stokes or stimulated Raman scattering, however,
3D Raman imaging would be extremely time-consuming.
Furthermore, the task was complicated by a limited spatial
resolution of confocal Raman microscopy that may fail to
detect those polyP grains that are significantly smaller than the
diffraction limit and that may be obscured by noise background
or by adjoining stronger Raman bands of greater structures,
such as starch granules or lipid bodies. Last but not least, it is
known that polyP in algal cells exists in multiple pools that
differ both in size and location. One should also take into
consideration the unfavorable circumstance that the Raman
signal of polyP may be blurred by spectral shifts of its
characteristic band at approximately 1160 cm−1 caused by
interaction with divalent ions.47 Furthermore, intense Raman
band of carotenoids (approximately at 1154 cm−1) can also
contribute in this range and must be recognized and separated
from the signal of polyP.34,50

It is worthwhile to note that the wide-area, low-power
photobleaching of the entire algal cell by a defocused 532 nm
laser beam prior to mapping (see Experimental Section) mostly
resulted in a complete elimination of Raman features of
carotenoids in healthy algal cultures, as documented by the
absence of another, equally intense Raman marker of
carotenoids at around 1522 cm−1, coincidentally located in
the spectral interval where neither polyP nor other
biomolecules contribute spectrally (see Figure S2). It should
be noted that persistent carotenoid bands were occasionally
observed in Raman maps of old, highly stressed or dying
cultures, often accompanied by a high non-Raman background
due to incomplete photobleaching of the fluorescence. Even
though, the multivariate spectral deconvolution applied in
methods B−D has been found to be sufficiently robust and
effective in discriminating the carotenoid contribution.
However, being conscious of potential problems particularly
in the case of univariate method A, only healthy cellular
cultures where Raman data sets exhibited no or only minor

Figure 4. Relationship between the polyP content in different C.
vulgaris cultures as determined by Raman microscopy (ordinate) and
biochemical assay (abscissa). The circles indicate the averages of polyP
values ± SE (n = 4) for the enzymatic assay; however, the error bars of
normalized Raman intensities show the first and third quartile among
the cells. The line indicates the Pearson correlation. Raman values
were obtained by method A (upper left), B (upper right), C (lower
left), and D (lower right). See the Experimental Section for more
details.
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traces of the carotenoid band at 1522 cm−1 have been used in
this study for quantitative analysis of polyP.
If an inappropriate method of spectral analysis is applied that

does not take all of the above-mentioned effects into account,
the quantitative results may be distorted. Current state and
superiority of multivariate analysis over univariate approaches
in Raman microscopy of biological objects have been reviewed
recently.51

The present work, however, demonstrated that none of the
above-mentioned simplifications, artifacts, and unfavorable
circumstances were able to significantly disturb the linear
relationship between the Raman-based quantification and the
improved enzymatic essay. The linear relationship holds already
with analyzing as few as 50 cells, although the biochemical assay
characterized 100 μL of the suspension containing thousands of
cells. The correlation coefficients obtained by methods B−D
(R2 ∼ 0.93−0.96) are fully consistent with the coefficients
reported in similar Raman studies quantifying starch and lipids
content (R2 ∼ 0.94−0.99),35−38 which are based on the same
assumption that 2D Raman section in the equatorial plane of
the cell and sufficiently large statistical set of algal cells provide
reasonable linear correspondence between Raman estimates
and bulk analytical methods.
We identified two factors that may lead to a poorer

correlation between the Raman analysis and the biochemical
assay in highly stressed and/or damaged cells. One
complicating factor is a slow or incomplete photobleaching of
the autofluorescent background that can be ascribed to a less
efficient or an inactive photosynthetic apparatus of stressed or
dying cells, resulting in insufficient production of singlet oxygen
and reactive oxygen species responsible for bleaching.34 The
second factor that obviously leads to a poorer correlation of
Raman microscopy with biochemical assay is an increased
heterogeneity of the cells, an effect that is often observed in
declining, stressed, or damaged cultures, which nonetheless also
exist to some extent in the healthy cultures (Figure S3 and S4).
Raman estimates depend on averaging between the cells, and
when the culture is extremely heterogeneous, the number of
cells that must be taken into analysis should be greater than the
50 used here. Also, a cognitive bias is possible when the cells
included in the analysis are selected manually. Consequently,
larger number of cells may be needed for more reliable Raman
analysis, especially in the case of highly heterogeneous cultures.
In spite of the above-mentioned limitations and pitfalls,

Raman microscopy may represent a viable and complementary
perspective to biochemical assays, which are labor-intensive,
time-consuming, and require exopolyphosphatase that is yet
not readily available commercially. Using the commercially
available experimental equipment and methodology described
above, acquisition of Raman maps could be relatively fast
(about 2 to 3 min per cell scan of the size of C. vulgaris) and
can be easily automated. By means of automatic routines
offered by the control program of the Raman microscope used
in the present study, spectral images of 50 cells have been
routinely acquired within approximately 2.5 to 3 h, including
preparation of the specimen and photobleaching. Using a more
powerful computer and more sophisticated programs, the
automatic spectral analysis of Raman maps may take just a few
minutes and can be performed already in the course of the
measurement, thus providing virtually online monitoring of the
cell culture. In contrast, the enzymatic assay of, for example,
144 samples, replicates, and controls, such as the blanks and
samples needed for calibration curves (as was the case of the

present study), performed in 96-well format plates, requires 1.5
days.
Three of the tested approaches for analyzing Raman data sets

(A, B, and C) were also able to generate Raman images of
polyP, although they required higher computation capacity and
more time. The methods exploiting spectral deconvolution (B,
C, and D) simultaneously provided information about the
content (B and C also on spatial distribution) of other
biomolecular species. The simple linear proportionality
between the Raman signal averaged from a limited number of
the cells and biochemical analysis of the bulk biomass, although
in the present work tested only for polyP, might be expected to
be fulfilled also for other biochemical components as well
because it was recently reported for starch36,37 and lipids35,36

using an even smaller number of samples and fewer cells per
sample than used in the present study.
Another advantage of Raman microscopy is the possibility to

obtain information on the spatial distribution and relative (or
absolute) content of all storage biomolecules at a single-cell
level. Because Raman microscopy provides (even in a
quantitative way) information about the distribution of the
most important biochemical compounds within each cell and
among individual cells in a cell culture, it could be used for
understanding their spatial and temporal dynamics.

■ CONCLUSION
An enzymatic assay to quantify polyphosphate in microalgal
cells of Chlorella vulgaris was validated and used as a reference
method to prove 2-dimensional Raman microscopy as a
powerful optical proxy for rapid estimation of polyphosphate
content in this important green alga. Raman signal can be thus
used for quantification as well as for localization of
polyphosphate reserves within an algal cell.
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SUPPLEMENTARY FIGURES 
 

Figure S1. �������� Raman spectra of chemical species that were used for deconvolution of ������� Ra

man spectra of algal cells. 

Figure S2. Examples of deconvolution of the ������� Raman spectra of algal cells into the �������� spec

tra of pure chemical species. 

Figure S3. Raman images showing distribution of polyphosphate, starch and neutral lipids in five cells 

from six samples with differing mean amounts of polyphosphate. 

Figure S4. Protein contrast in Raman images of the same cells as in Figure S3. 
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Figure S1. �������� Raman spectra of pure chemical species (proteins, starch, neutral lipids, βcarotene 

and polyP) and other contributing materials (water, quartz) used for deconvolution of the ������� Raman 

spectra of algal cells. 

  



 
Figure S2. Examples of deconvolution of ������� Raman spectra of algal cells into the �������� spectra of 

pure chemical species and other contributing materials shown in Fig. S1. (a) Cell without starch, neutral 

lipids and polyP. (b) Cell containing nearly no starch neither neutral lipids, but containing polyP. (c) Cell 

containing both starch and neutral lipids, but no polyP. (d) Cell containing starch, neutral lipids and pol

yP. 
  



 
Figure S3. Raman images of five 	
���������cells from six samples with different mean amount of pol

yP (rows ���, the mean polyP amount declining from top to bottom) as determined by Raman measure

ments. Raman maps show the distribution and relative concentration of polyP (blue) in the context of 

other storage biomolecules, �
�
, neutral lipids (red) and starch (green). For each biochemical compound, 

the intensity (color) scale is the same for all of the images. The contours of the cells are shown in grey. 

The images of the cells were chosen deliberately to highlight variability among individual cells in each 

sample. �

, in the sample in �, the mean amount of polyP was strongly affected by several outliers, of 

which one is shown. The bars correspond to 2 µm. 



 
Figure S4. Protein contrast in Raman images of the same cells as shown in Figure S3. Intensity scale is 

the same for all of the images. The bars correspond to 2 µm. 

 



 

 

 

Attachment 4 

 

 
Raman maps showing distributions of carbon-hydrogen (C-H) groups, starch, lipids, 

polyphosphate, and guanine in two innermost cells of eight-celled coenobia of 

Desmodesmus quadricauda during its cell cycle. Time from start of the cell cycle is 

indicated in the top row. For a given biochemical species, the color scale is the same 

in all the maps. In Fig. 8C, a subset of the hereby presented Raman maps is shown, 

otherwise, the figures are the same. Due to a mechanical error of a microscope stage, 

only a part of the cells at T = 14:00 was measured. At T = 17:45 h, 20:30, and 21:15 h, 

two coenobia of the same sample were used for mapping. White bars correspond to 

2 µm.    

  



 

 

 

 

  



 

 

 

 



 

 

  



 

 

 

 


	Paper1CompleteA.pdf
	Paper1
	Paper1-Supplementary

	
	Moudříková-2017-Raman microscopy shows that ni
	Raman microscopy shows that nitrogen-�rich cellular inclusions in microalgae are microcrystalline guanine
	1. Introduction
	2. Experimental section
	2.1. Chemicals
	2.2. Algal cultivation
	2.3. Raman microscopy

	3. Results and discussion
	4. Conclusions/outlook
	Author contributions
	Conflict of interest
	Acknowledgements
	Appendix A. Supplementary data
	References


	Moudříková-2017-Raman microscopy shows that n1

	
	Moudříková-2017-Quantification of polyphospha1
	ac7b02393_si_001


